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Mechanoreciprocity in cell migration is an emerging concept describing the dynamic, bi-
directional interactions between migrating cells and the surrounding extracellular matrix (ECM) 
they negotiate. Migrating cells not only sense and adapt to biochemical and biophysical ECM cues, 
but also, exert forces, deposit matrix, and secrete chemokines, matrix metalloproteinases, and 
matrix crosslinking enzymes that dynamically alter the same ECM properties known to regulate 
cell migration. Due to limitations in standard cell migration assays, how matrix properties 
influence cell migration and in turn, how cells influence matrix properties, has previously been 
studied as separate processes. However, observations from development, wound healing, and a 
variety of disease processes highlight the interdependency and iterative relationship between cell 
migration and ECM. An improved understanding of the underlying mechanisms that orchestrate 
the coevolution of migrating cells and ECM will aid in tissue engineering and regenerative 
medicine efforts to guide repair fibroblasts to regenerate wound beds, direct collective endothelial 
cell migration to vascularize ischemic or engineered tissue grafts and confine otherwise metastatic 
cancer cells to the primary tumor. Thus, the focus of this dissertation is to design biomimetic 
microsystems that afford investigation of cell migration mechanoreciprocity with a focus on 
fibroblasts, endothelial cells, and cancer cells. 
First, this thesis investigated how single mesenchymal cells (fibroblasts and cancer cells) 
migrate in fibrous stromal tissue settings, such as in trans-stromal cancer cell migration during 
metastasis. To model fibrous stromal tissue, 3D fiber networks were electrospun over 
 xxvii 
microfabricated wells to define ECM mechanics. Independently tuning alignment and stiffness of 
these matrices resulted in two phenotypically distinct cell migration modes. In contrast to stiff 
matrices where cells migrated continuously in a traditional mesenchymal fashion, cells in 
deformable matrices stretched matrix fibers to store elastic energy; subsequent adhesion failure 
triggered sudden matrix recoil and rapid cell translocation (termed slingshot migration). Across a 
variety of cell types, traction force measurements revealed a relationship between cell contractility 
and the matrix stiffness where slingshot migration mode occurred optimally. 
Next, this thesis describes how microenvironmental cues influence collective endothelial 
cell migration during sprouting angiogenesis towards the design of pro-angiogenic biomaterials. 
This work employed a multiplexed angiogenesis-on-a-chip platform to assess the chemokine-
directed 3D invasion of endothelial cells from a lumenized parent vessel into user-defined ECM. 
By tuning soluble and physical cues of the ECM, this work identified how 1) functional 
angiogenesis requires microenvironmental cues that balance cell invasion speed and proliferation; 
2) dynamic interactions between sprout stalk cells and ECM regulates neovessel lumenization; and 
3) imbuing microporosity within synthetic hydrogels can enhance endothelial cell invasion and 
angiogenic sprout lumenization. 
Lastly, this thesis investigated how fibrous matrix cues activate quiescent vessel-lining 
endothelial cells into invasive tip cells in the context of fibrosis. Composite hydrogels (electrospun 
fiber segments suspended within 3D ECM) were integrated with the angiogenesis-on-a-chip 
platform. These studies establish that heightened matrix fiber density destabilizes cell-cell 
adherens junctions, reduces endothelium barrier function, and promotes the invasion of endothelial 
tip cells. Performing transcriptomic and secretomic analyses on fiber-induced tip endothelial cells 
revealed that fibrous ECM cues promote a fibrosis propagating phenotype.  
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Overall, the work presented in this dissertation integrates tunable biomaterials with 
microfabricated devices to investigate cell migration mechanoreciprocity of single mesenchymal 
cell migration, the collective migration of endothelial cells during angiogenesis, and endothelial-
mesenchymal transition of quiescent endothelial cells into a fibrosis propagating cell phenotype.
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Chapter 1:   Introduction 
  
The overarching goal of this thesis is to design biomimetic microsystems that afford careful 
investigation into the bi-directional interactions between migrating cells and their surrounding 
extracellular matrix (ECM). To do so, the following work employs a variety of matrix mimetics to 
model various properties of fibrous ECM, utilizes cell and ECM labelling techniques to 
dynamically assess cell and matrix states over time, and elucidates mechanisms of cell migration 
mechanoreciprocity by perturbing mediators of cell-matrix interactions. 
Chapter 2 provides broad background information on the history and progression of 
studying cell migration beginning with in vivo observations to early mechanistic studies on 2D 
substrates to tunable 3D hydrogel-based biomaterials. Additionally, the diverse and dynamically 
changing structure and composition of ECM during adult homeostasis, wound healing and fibrotic 
progression is described in detail to provide key matrix properties that cell migration models 
should strive to recapitulate, namely material platforms that recapitulate the 3D, fibrous and 
microporous structure of native tissues. Lastly, Chapter 2 provides currently known understanding 
of how cells sense, respond, and alter ECM properties during migration. To advance our 
knowledge, the remaining chapters focus on incorporating fibrous or microporous ECM within 
cell migration assays. 
Chapters 3 and 4 first focus on single, mesenchymal cell migration of fibroblasts and cancer 
cells in response to the fibrillar component of stromal tissues. Chapter 3 details a high content 
ECM screening array that affords the investigation of serial combinations of ECM line width, 
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density, and alignment on cell migration. This work identified that matrix alignment is the most 
critical parameter (of those tested) and promotes uniaxial cell migration by organizing focal 
adhesions, RAC1 activity, and cell protrusions. Building off Chapter 3’s findings that matrix 
alignment is a critical factor, Chapter 4 details cell migration in more complex 3D fibrillar matrices 
that afford independent control over alignment and stiffness. Through this work, a novel cell 
migration mode, termed slingshot migration, was identified whereby cells apply actomyosin driven 
contractile forces to stretch and store strain energy in matrix fibrils. When strain energy overcomes 
the forces focal adhesions can bear, a physical failure at rear adhesion sites resulted in matrix recoil 
and rapid cell translocation. 
Chapter 5 shifts in focus onto the migration of endothelial cells as single cells vs 
multicellular strands. This work establishes a multiplexed angiogenesis-on-a-chip platform that 
affords improved experimental throughput of studying how combinations of microenvironmental 
cues regulate the chemokine-directed, 3D invasion of endothelial cells from a lumenized parent 
vessel. This work identified that functional angiogenesis, endothelial cell invasion as multicellular, 
lumenized sprouts that are fluidically connected, requires microenvironmental cues that balance 
invasion speed and proliferation. In settings where invasion speed is not commensurately matched 
with proliferation, endothelial cell invasion occurs predominantly as single cells, and generates 
blunt ended neovessels with poor barrier function reminiscent of rapid tumor angiogenesis. 
Overall, this chapter provides a framework to tune microenvironmental cues to study angiogenesis 
in therapeutic or disease contexts. 
Chapters 6-7 focus on the therapeutic aspect of multicellular endothelial cell migration 
towards designing vascularized biomaterial implants. Chapter 6 investigates how 
microenvironmental cues control the lateral expansion of endothelial cell sprouts that precede 
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lumenization. This work identified that sprout stalk cells utilize a combination of cytoskeletal 
forces and proteolysis to physically compact and degrade the surrounding matrix, thus generating 
sufficient space to lumenize. Chapter 7 builds off Chapters 5-6’s findings by designing synthetic 
hydrogels imbued with microporosity that improves functional angiogenesis in vitro and through 
in vivo implantation to the murine fat pad.  
Chapter 8 focuses on endothelial cell migration in fibrotic disease contexts, specifically 
investigating how physical ECM properties activate quiescent vessel lining endothelial cells into 
invasive tip cells through mesenchymal transition pathways. To model fibrotic ECM, this work 
integrated a composite materials approach by combining synthetic fiber segments and 3D 
hydrogels within a tip cell formation assay. This chapter identified that increasing fiber density 
(recapitulating the excessive deposition of fibrillar proteins with fibrotic progression), led to the 
destabilization of adherens junctions, decrease in endothelium barrier function, and promoted the 
invasion of endothelial cells. With transcriptional and secretome analyses, these fiber-induced tip 
endothelial cells were observed to take on a fibrosis propagating phenotype, specifically secreting 
elevated levels of TGFβ2. Lastly, this chapter investigated how endothelium in fibrous vs control 
ECM respond to excessive TGFβ2 and identified a VE-cadherin dependent TGFβ2-induced 
apoptosis pathway that may underlie the common observation of microvasculature rarefaction in 
late-stage fibrosis. 
Finally, Chapter 9 provides a summary of the major findings from this thesis work and 
future directions to designing biomimetic microsystems. The integration of recently established 
technologies that afford careful assessment of cell and matrix states will improve our 
understanding of cell migration mechanoreciprocity for applications in health and disease.
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Chapter 2:   Background 
 
2.1 Cell migration diversity in health and disease 
2.1.1 Coevolution of migrating cells and extracellular matrix  
The migration of cells to their target destinations plays a fundamental role during 
development, wound healing, and disease processes. Microenvironmental cues, both biochemical 
and biophysical characteristics of the surrounding extracellular matrix (ECM), influence the 
mechanisms by which cells migrate (Lauffenburger and Horwitz, 1996). Additionally, these 
microenvironmental cues dynamically change over various time scales (Helvert et al., 2018). 
During developmental processes, cells migrate within a highly cellular and pliable ECM 
microenvironment that undergoes structural changes over hours to days (Loganathan et al., 2016). 
For example, observations of heart tube formation in quail embryo have revealed that endocardial 
precursor cells migrate as a collective sheet with simultaneous deformation and folding of a 
fibronectin and fibrillin-1 rich matrix (Aleksandrova et al., 2012, 2015). In wound healing 
processes, a variety of cell types (fibroblasts, endothelial, epithelial, and immune cells) migrate 
towards the wound bed to mediate tissue regeneration. Simultaneously, the wound 
microenvironment undergoes incremental changes in ECM composition over days to weeks from 
a fibronectin/fibrin rich provisional matrix towards a more mature collagen-rich matrix . In disease 
contexts, such as cancer, the surrounding tumor stroma is well-documented to progressively 
increase in stiffness, collagen fiber density and alignment occurring over months to years (Conklin 
et al., 2011; Levental et al., 2009; Paszek et al., 2005; Provenzano et al., 2006). Indeed, these 
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changes in matrix properties correspond to various cancer cell migration mechanisms as collective 
strands or single cells and are indicative of patient outcomes (Hiraki et al., 2021; Ilina et al., 2018; 
Khalil et al., 2017; Padmanaban et al., 2019). Specifically, the more fatal invasive lobular 
carcinomas are primarily composed of aligned collagen fibrils with single cancer cell metastases 
compared to less fatal invasive ductal carcinomas that are primarily composed of more irregular 
collagen organization and multicellular strand like metastases with (Ilina et al., 2020).  
Across these broad and distinct biological processes, an improved understanding of how 
dynamically changing matrix properties regulate cell migration will lead to major breakthroughs 
in designing cell migration-based therapies such as promoting fibroblasts to accelerate tissue 
regeneration at the wound bed, confining otherwise metastatic cancer cells to the primary tumor, 
or guiding the collective invasion of endothelial cells via angiogenesis to vascularize ischemic or 
engineered tissue grafts (Kim et al., 2021; Nourian Dehkordi et al., 2019; Novosel et al., 2011; 
Rosel et al., 2019). Towards the design of cell migration-based therapies first requires an 
appreciation of the diversity of migration modes cells employ and how they can be directed. 
 
2.1.2 Mesenchymal, epithelial, and amoeboid migration modes 
 Cells select from a diverse repertoire of migration modes to overcome the physical barriers 
presented by the ECM to reach their target destination (Charras and Sahai, 2014; Yamada and Sixt, 
2019). At the highest level, cell migration modes are broadly categorized by their migration 
phenotype as multicellular structures (epithelial) or as single cells (mesenchymal and amoeboid) 
and whether they employ proteolysis (epithelial and mesenchymal) or non-proteolytic cell 
squeezing (amoeboid) (Sabeh et al., 2009; Yamada and Sixt, 2019). Importantly, these are broad 
classifications with several exceptions in addition to newly identified migration mode subtypes 
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within epithelial, mesenchymal, and amoeboid cell migration (Figure 2.1).  
Within epithelial cell migration, cells migrate as a collective unit composed of individual 
cells that are rich in cell-cell adherens junctions (e.g. E-cadherin or VE-cadherin) (Friedl and 
Gilmour, 2009). Two subtypes of epithelial migration include migration as a collective sheet or 
collective strand. For example, endothelial cells (a specialized epithelial cell type that lines blood 
vessels) migrate as a collective sheet in large diameter blood vessels or to endothelialize an 
implanted stent (Kiosses et al., 1997; Rochon et al., 2016; Wei et al., 2013). Additionally, 
endothelial cells can undergo collective strand-like migration during angiogenesis to extend 
microvasculature from pre-existing blood vessels (Carmeliet, 2005; Michaelis, 2014). In contrast 
to collective epithelial cell migration, mesenchymal cell migration is characterized by the 
migration of single cells (low cell-cell adherens junctions) with high levels of cell-matrix 
adhesions, actomyosin contractility and proteolytic activity. However, mesenchymal cells can also 
migrate in non-proteolytic mechanisms depending on the matrix architecture (Wolf and Friedl, 
2011; Wolf et al., 2007). Fibroblasts for example can physically engage and deform the 
surrounding matrix to create sufficient space to push its cell body forward (Doyle et al., 2021; 
Wisdom et al., 2018) . Immune cells typically migrate using amoeboid migration characterized as 
single cells with low adherens junctions and matrix adhesions, and primarily migrate using non-
proteolytic means by squeezing through matrix pores (Lämmermann and Sixt, 2009; Liu et al., 
2015). 
Furthermore, cells can transition between these broad classifications of amoeboid, 
epithelial, and mesenchymal cell migration modes (Figure 2.1) (Friedl and Wolf, 2010). In the 
context of epithelial cancers such as invasive lobular carcinoma, breast cancer cells undergo 
epithelial-mesenchymal transition to migrate more efficiently through dense fibrillar tumor stroma 
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as single mesenchymal cells that are more proteolytically active (Kalluri and Weinberg, 2009). 
After intra- and extravasation, these metastatic cancer cells are hypothesized to undergo 
mesenchymal-epithelial transition to return to an epithelial cell phenotype and populate secondary 
metastatic tumor sites in distant organs from the primary tumor.  
Overall, migrating cells utilize a variety of cell migration strategies and can dynamically 
adopt or interconvert between cell migration modes based off the surrounding microenvironmental 
properties (Friedl and Wolf, 2010) (Figure 2.1). While these initial insights have been observed 
to occur in in vivo contexts, the inability to finely control and tune migration modes, in addition to 
the matrix properties that regulate migration diversity, limits mechanistic studies. Thus, many 
groups have turned towards developing in vitro models of cell migration to elucidate the 
underlying molecular machinery that orchestrate cell migration diversity. Towards designing 
physiologically representative in vitro models, we must first understand the diverse structures and 
compositions of native ECM that in vitro models strive to recapitulate. 
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Figure 2.1: Cells can employ a variety of cell migration modes that are broadly categorized by 
their migration morphology and can dynamically interconvert between each mode. Image 
reproduced from (Friedl and Wolf, 2010). 
 
2.2 Extracellular matrix structure and composition 
2.2.1 Stromal extracellular matrix during adult homeostasis 
The ECM is the non-cellular component of all tissues and provides both biophysical 
structure and biochemical signaling cues to resident cells. During adult tissue homeostasis, the 
majority of cell migration occurs within stromal tissue settings. Stromal ECM is composed of two 
main components: 1) networks of fibrillar proteins, primarily type I collagen fibrils, and 2) an 
amorphous, highly hydrated ground substance enriched with glycosaminoglycans (e.g. heparan 
sulfate and proteoglycan) (Figure 2.2). The organization of stromal tissues varies considerably 
across organ and tissue systems, due in part to support each tissue’s unique functions (Park et al., 
2019). Stromal ECM of skeletal muscle and cardiac tissue are dense and aligned which support 
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directional muscle contractions (Gillies and Lieber, 2011). In contrast, adipose tissue ECM 
contains more loose and irregularly organized collagen fibrils (Divoux and Clément, 2011; 
Weigelin et al., 2012). In tendon, collagen fibrils display an aligned and crimped morphology to 
aid in structural stability upon force loading (Pang et al., 2017). In the lung, stromal ECM contains 
a higher elastin content, to better support the more elastic expansion/contraction the tissue 
experiences with breathing (Burgstaller et al., 2017). On top of the vast diversity of ECM structure 
across tissues at homeostasis, upon tissue injury or disease, several matrix properties are 
dynamically altered over time and may lead to dysregulated tissue function. 
 
 
Figure 2.2: Cells reside within 3D extracellular matrix composed of protein fibers and space filling 




2.2.2 Wound healing extracellular matrix 
  During the wound healing process, the wound bed matrix undergoes considerable 
remodeling to repair the injury site (Schultz et al., 2011). After initial injury, the blood clotting 
cascade generates a fibrin rich plug at the site of injury. Inflammatory cytokines are secreted by 
resident cells of the wound bed to recruit the migration of surrounding fibroblasts. Additionally, 
the endothelium responds to inflammatory cytokines by increasing the expression of immune cell 
adhesion receptors on the luminal surface and decrease adherens junctions between endothelial 
cells to both bind circulating immune cells and promote diapedesis (Koh and DiPietro, 2011). 
Together with immune cells, fibroblasts begin to remodel the wound bed ECM by digesting 
damaged tissue and provisional matrix (Hinz, 2007). During this process, fibroblasts are activated 
into myofibroblasts via soluble and matrix bound TGFβ (i.e. latent TGFβ complexes that require 
cell forces to release from the matrix) and iteratively transition the provisional matrix towards 
granulation tissue – a fibronectin/collagen rich matrix (Hinz, 2016; Wipff et al., 2007).  In parallel, 
myofibroblasts and immune cells within the wound bed secrete pro-angiogenic factors that 
promote the collective migration of endothelial cells from nearby microvasculature to 
revascularize the wound matrix (Tonnesen et al., 2000). After granulation tissue is formed, the 
myofibroblast population undergoes programmed cell death, and the matrix transitions towards 
collagen-rich scar tissue with regression of microvasculature (Greenhalgh, 1998). Overall, the 
wound healing program involves a variety of migrating cell types to coordinate the regeneration 
of damaged tissues. However, when the wound healing program becomes dysregulated, or is 
subjected to chronic injury, wound resolution is never achieved resulting in a self-propagating 
myofibroblast population that can ultimately lead to fibrosis and organ failure (Diegelmann and 
Evans, 2004).  
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2.2.3 Extracellular matrix during fibrotic progression 
Fibrotic diseases are often considered as wounds that never heal. These chronic injuries 
hijack the wound healing program and prolong wound resolution resulting in a dysregulated 
myofibroblast population that are highly contractile and excessively deposit ECM (Hinz and 
Lagares, 2020). The combination of excessive matrix deposition and condensation leads to an 
increase of matrix density and stiffness over time, ultimately resulting in organ failure (Pakshir 
and Hinz, 2018). For example, in idiopathic pulmonary fibrosis, the elastin rich matrix that affords 
cyclic expansion/contraction of alveoli is replaced with mechanically incompliant, collagen rich 
fibrotic matrix that reduces alveoli function (Fernandez and Eickelberg, 2012). In liver cirrhosis, 
matrix is deposited as aligned collagen tracts that connect vessel structures, a pathology known as 
bridging fibrosis (Desai et al., 2016). Overtime, the fibrotic matrix leads to reduced diffusion rates 
and failure to efficiently process/filter toxins within blood.  
Although it is well accepted that the myofibroblast is the principal cell type that drives 
fibrosis, therapeutic targeting of myofibroblasts has been met with several challenges (Yazdani et 
al., 2017). As myofibroblasts also serve a critical role in normal wound healing program, global 
targeting of myofibroblast markers may reduce the capacity of physiologic tissue homeostasis and 
maintenance of stromal tissues (Chandler et al., 2019). Furthermore, single cell sequencing of 
myofibroblasts have demonstrated that they are transcriptomically heterogeneous (Adams et al., 
2020; Habermann et al., 2020; Valenzi et al., 2019). Due in part to this heterogeneity may be that 
there have been several reports that other cell types, besides fibroblasts, that can differentiate into 
a myofibroblasts and differ with each organ system (Figure 2.3) (Hinz et al., 2007). For example, 
in cardiac, lung, kidney, and liver fibrosis, lineage tracing studies, among other measures, have 
demonstrated endothelial cells can undergo endothelial-mesenchymal transition (akin to epithelial-
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mesenchymal transition) and contribute as much as 20% of the myofibroblast population in a 
mouse model of cardiac fibrosis (Aguiar et al., 2020; Hashimoto et al., 2010; Li et al., 2019; 
Zeisberg et al., 2007). 
Overall, native tissues are primarily composed of fibrillar collagen proteins intermingled 
within a highly hydrated ground substance. The organization and mechanics of these components 




Figure 2.3: In addition to fibroblasts, there are many other cellular sources that have been 
identified to differentiate into myofibroblasts. Image reproduced from (Hinz et al., 2007). 
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2.3 Engineered models of cell migration 
2.3.1 Traditional cell migration cycle 
Despite our understanding of the complex structure and composition of native tissues, early 
in vitro cell migration models utilized reductionist approaches in favor of improved control and 
assessment of the molecular signaling networks that underlie cell migration. At the simplest level, 
with the highest level of molecular control and analysis, early assays involved plating single 
fibroblasts onto glass coverslips or tissue culture plastic coated with isolated matrix proteins (e.g. 
fibronectin). These initial studies have provided foundational understanding of the mesenchymal 
cell migration cycle and regulation from the family of Rho GTPases (Ridley, 2001). Fibroblasts in 
these settings migrate in an iterative process cycling through the following steps: 1) 
protrusion/extension of the leading edge, 2) adhesion of the leading edge to the substrate, 3) 
contraction of the cell body towards the leading edge, 4) retraction/release of the trailing edge 
(Figure 2.4) (Hanna and El-Sibai, 2013). 
Among the large family of Rho GTPases, the Rho, Rac, and Cdc42 subfamilies are the 
most well characterized regulators of cell migration (Kutys and Yamada, 2014; Ridley, 2015). The 
polarization of cells is maintained by the position of the microtubule organizing center which 
directs directional growth of microtubules to define leading and trailing edges of the cell (Luxton 
and Gundersen, 2011). Protrusions of the leading edge are extended by active actin polymerization 
through the actin nucleating activity of actin-related protein (Arp) 2/3 complexes (Schaks et al., 
2019). Additionally, Cdc42 and Rac are preferentially activated (GTP-bound) at the leading edge 
to help mediate Arp 2/3 actin polymerization and their inhibition results in decreased leading edge 
extension and subsequent migration. Interestingly, the levels of Rac activity have been identified 
to control cell migration directionality in 2D settings (Pankov et al., 2005; Petrie et al., 2009). 
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While Rac inhibition reduces cell migration, highly activated Rac also reduces cell migration by 
generating several protrusions, each providing a conflicting directional migration cue resulting in 
less persistent migration. Intermediate levels of Rac activity promote select, defined protrusions 
that optimally guide directional (persistent) cell migration.  
Actomyosin-driven cell contractility provides the intercellular forces necessary to contract 
the cell body forward during migration and is regulated by Rho (Provenzano et al., 2008). Rho 
acts on ROCK (a Rho-kinase) to influence myosin light chain (MLC) phosphorylation by both 
inhibiting MLC phosphatase and promoting MLC phosphorylation thus, regulating actomyosin-
dependent cell contractility (Amano, 1997; Amano et al., 1996). Lastly, the release of the trailing 
edge is considered as the rate-limiting step of cell migration in these settings and is regulated by 
the rate of calpain-mediated proteases to disassemble focal adhesions (Cortesio et al., 2011; 
Huttenlocher et al., 1997). Interestingly, efficient cell migration in these settings is achieved when 
focal adhesion size and contractility are in balance (Bangasser et al., 2017; Chan and Odde, 2008; 
Peyton and Putnam, 2005). If focal adhesions are large, migration is limited by the disassembly of 
more stable trailing edge adhesions, however, when focal adhesions are small, this leads to reduced 




Figure 2.4: Mesenchymal cell migration in 2D settings is regulated by Rho GTPases. Image 
reproduced from (Hanna and El-Sibai, 2013). 
 
2.3.2 Methods to direct cell migration 
 While cell migration on 2D settings provided foundational insights to the molecular 
machinery that regulate cell migration, the native cellular microenvironment provides a plethora 
of biochemical and biophysical cues that direct cell migration (Rodriguez and Schneider, 2013). 
To recapitulate these guidance cues, the field has turned towards engineered models of cell 
migration. 
 Gradients of chemokines or growth factors can direct cell migration towards 
(chemoattractant) or away (chemorepellent) from a chemotactic source. To generate defined 
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chemokine gradients, the field has primarily turned towards microfluidic devices with a chemokine 
source channel and a cell loading region (Wu et al., 2013). Chemokines bind to their respective 
cell receptors, polarize, and define the cell’s leading edge to drive directional migration.  
 Led by Yu Li Wang’s group, polyacrylamide gels of varying stiffness have been shown to 
direct cell migration, a process known as durotaxis (Lo et al., 2000; Pelham and Wang, 1997). 
Cellular focal adhesions are larger and more stable with increasing substrate stiffness. Thus, when 
presented with a gradient of stiffness, cells preferentially migrate towards stiffer regions as the 
kinetics of focal adhesion turnover favor the direction of more stable, longer-lasting adhesions. 
Following a similar principal, haptotaxis defines the preferential migration of cells towards 
increasing ligand density where high ligand density promotes larger, more stable focal adhesions 
(Engler et al., 2004). Towards modeling the fibrous topography of native tissues, several groups 
have engineered substrates with surface topography and have demonstrates aligned topography 
can polarize cells and promote migration in the direction of alignment known as contact guidance 
(Ray et al., 2017a). 
Although engineered substrates, such as the examples provided above, improve our 
understanding of how biochemical and biophysical ECM cues direct migration, however many of 
these engineered models lack key aspects of cell migration in native tissue settings. Importantly, 
these engineered substrates do not afford cell-mediated matrix remodeling nor migration in 3D 
settings (Baker and Chen, 2012; Friedl et al., 2012; Helvert et al., 2018). 3D cell migration often 
requires proteolysis or cell-mediated reorganization of the surrounding matrix structure to generate 
sufficient space for the cell to migrate. Indeed, work utilizing 3D matrix settings have highlighted 
deviations from the traditional cell migration described on 2D settings to include the requirement 
of proteolysis (Friedl and Wolf, 2009).  
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2.4. Extracellular matrix determinants of 3D cell migration 
2.4.1 Natural-derived hydrogels 
 To study cell migration with increasingly more physiologic settings, groups have turned 
towards encapsulating cells within 3D hydrogel-based biomaterials.  These biomaterials can be 
largely categorized as natural (produced and/or isolated from cellular sources) or synthetic 
(synthesized polymers) (Tibbitt and Anseth, 2009). Commonly employed natural-derived 
biomaterials are collagen, fibrin, and matrigel. Collagen type I, most often purified from rat tail, 
is employed to model stromal ECM settings that are rich in collagen type I fibrils (Wolf et al., 
2009). Fibrin hydrogels are formed from fibrinogen and thrombin purified from either bovine or 
human blood, and most closely mimics provisional wound healing ECM settings (Ghajar et al., 
2008). Matrigel, isolated from Engelbrath-Holm-Swarm mouse sarcoma cells, is commonly used 
to model basement membrane matrix (Kleinman and Martin, 2005). Using these systems, groups 
have altered matrix properties to model the changes in ECM properties observed in native tissues 
to identify ECM determinants of cell migration. 
 These hydrogel systems can be processed to compare 2D migration (cells seeded on top of 
a hydrogel) with 3D migration (cells encapsulated within the hydrogel) (Baker and Chen, 2012; 
Fraley et al., 2010). Hakkinen et al. performed such studies directly comparing commonly used 
natural-derived biomaterials and identified several critical differences between 2D and 3D cell 
migration (Hakkinen et al., 2011). Fibroblast embedded in 3D were more polarized with less Rac 
activity, possessed smaller focal adhesions, and migrated more persistently than 2D settings. To 
tune matrix properties, a common perturbation is varying the protein concentration of these 
biomaterials. However, increasing matrix density results in a concurrent increase in matrix 
stiffness, ligand density, and decrease in porosity (Figure 2.5) (Vining and Mooney, 2017). 
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Overall, as matrix density increases, cell migration is observed to be reduced. Because these 
perturbations are not orthogonally tunable, it is challenging to pinpoint how specific matrix 
properties mediate the cell migration response. Thus, many groups have turned towards designing 
synthetic hydrogels with sets of orthogonally tunable properties to elucidate ECM determinants of 
3D cell migration. 
 
 
Figure 2.5: Increasing matrix density of natural-derived hydrogels results in a simultaneous 
decrease in porosity and increase in ligand density and stiffness. Image reproduced from (Vining 
and Mooney, 2017). 
 
2.4.2 Tunable synthetic hydrogels 
 As many ECM properties simultaneously change with perturbations to natural-derived 
hydrogels, crosslinking of synthetic polymers has provided a separate avenue to test for sets of 
orthogonally tunable properties on 3D cell migration (Li et al., 2017a). Commonly employed 
synthetic polymers include modified polyethylene glycol, hyaluronic acid, and dextran among 
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others. In general, these hydrogels utilize a comparatively higher weight percent of material (2-5 
wt%) compared to natural-derived hydrogels (0.1-2 wt%), are typically covalently crosslinked 
with cell degradable crosslinkers and further functionalized with cell adhesive peptides (e.g. 
RGD). Through this modular design, synthetic hydrogels can provide orthogonal control over 
crosslink density (stiffness), crosslinker susceptibility (degradability) and ligand density or 
identity (Beamish et al., 2019; Ehrbar et al., 2011; Gobin and West, 2002; Li et al., 2017b; Sokic 
and Papavasiliou, 2012; Trappmann et al., 2017). Additionally, recent advances in biomaterial 
crosslinking strategies have designed mechanisms to control the viscoelasticity of hydrogels by 
introducing non-covalent crosslinks to afford stress-relaxation properties (Chaudhuri et al., 2020; 
Loebel, C, Mauck, RL, Burdick, 2019; Wisdom et al., 2018). Using such material schemes, groups 
have identified how these various properties influence 3D cell migration (Figure 2.6) (Yamada 
and Sixt, 2019).  
While synthetic hydrogels are more tunable and afford mechanistic control compared to 
natural-derived materials, synthetic hydrogels are nanoporous and amorphous in structure (Chiu 
et al., 2011). Specifically, synthetic hydrogels lack the heterogeneously shaped microporosity and 
fibrillar architecture of native tissues (Weigelin et al., 2012). Thus, a major focus of this thesis 
work is to design tunable, synthetic materials imbued with microporosity or fibrous architecture 
to better understand how ECM determinants of more physiologic ECM environments influence 
cell migration. Furthermore, the inclusion of fibrillar ECM plays a critical role in how cells sense, 
polarize, exert forces and mechanically communicate to the matrix and to neighboring cells, and 
thus mediates the dynamic interactions between cell and matrix during cell migration (Baker et al., 





Figure 2.6: Natural and synthetic hydrogels have identified a variety of ECM properties that 
modulate mechanisms of cell migration. Image reproduced from (Yamada and Sixt, 2019). 
 
2.5 Cell migration mechanoreciprocity 
While several ECM properties influence cell migration, migrating cells can in turn remodel 
or physically reorganize ECM properties (Ford and Rajagopalan, 2018). With sufficient adhesion 
to the matrix, actomyosin-driven contractile forces can generate strain in the matrix, producing 
local fiber alignment and matrix condensation (Baker et al., 2015; Hall et al., 2016). If porosity is 
insufficient to allow the nucleus to bypass (a rate-limiting factor of 3D cell migration), cells can 
apply proteolytic activity and enzymatically degrade space in the matrix (McGregor et al., 2016; 
Wolf and Friedl, 2011). In combination, cells can also apply physical forces to push open spaces 
of proteolytically weakened ECM. Additionally,  migrating cells can deposit cell-derived matrix 
and secrete matrix crosslinking enzymes (e.g. lysl oxidase) thereby altering the matrix composition 
and stiffness as evident in myofibroblasts during wound healing and fibrosis (Kutys and Yamada, 
2014; Levental et al., 2009). 
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Theorized nearly 4 decades ago, Mina Bissell coined the concept of ‘Dynamic 
Reciprocity’, a process that defines the dynamic, and reciprocal interactions between cells and 
matrix (Bissell et al., 1982). Since that time, the inception and growth of the mechanobiology field 
has come to identify several key cellular regulators and mechanisms responsible for how cells 
sense matrix properties (mechanosensing), convert physical stimuli into transcriptional changes 
(mechanotransduction) and remodel matrix properties (mechanoresponse) (Figure 2.7) 
(Kanchanawong et al., 2010; Vogel and Sheetz, 2006). Indeed the extracellular matrix is physically 
linked to the cell nucleus from matrix to focal adhesions to cytoskeleton to LINC (linker of 
nucleoskeleton to cytoskeleton) and nuclear lamin proteins such that deformations from the 
matrix-adhesion interface can be applied directly onto the nucleus to induce morphologic and 
transcriptional changes (Figure 2.7) (Elosegui-Artola et al., 2017; Kirby and Lammerding, 2018; 




Figure 2.7: Cellular focal adhesions interface between extracellular matrix and intracellular 
signaling. Cells dynamically sense and respond to physical cues presented by the matrix. Image 
reproduced from (Vogel and Sheetz, 2006). 
 
 
More recently, the cell migration field has come to appreciate the concept of dynamic 
reciprocity between migrating cells and the physical ECM (cell mechanoreciprocity) (Helvert et 
al., 2018). Over the iterative cell migration cycle, both the cell and tissue states coevolve with 
mediators that act on each other. In order to study such dynamic phenomena requires engineering 
well-defined microenvironments to establish initial cell and tissue states. Then with live -cell and 
-matrix labelling, track and assess the coevolution of the two. Utilizing perturbations of mediators 
between cells and matrix will afford a mechanistic understanding of how cell-mediated changes to 
the matrix subsequently influence cell migration. The following thesis chapters focus on designing 
improved biomimetic microsystems that integrate tunable biomaterials with engineered substrates 
to elucidate how cell migration mechanoreciprocity influences single mesenchymal cell migration 
over short timescales (Chapters 3 and 4), collective endothelial cell migration via angiogenesis 
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over intermediate timescales (Chapters 5-7) and endothelial-mesenchymal transition during tip cell 
formation in the context of fibrosis occurring over long timescales (Chapter 8). Lastly, Chapter 9 
will provide a summary of the main findings from this thesis and future directions of studying cell 
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Physical features of the extracellular matrix (ECM) heavily influence cell migration 
strategies and efficiency. Migration in and on fibrous ECMs is of significant physiologic 
importance, but limitations in the ability to experimentally define the diameter, density, and 
alignment of native ECMs in vitro have hampered our understanding of how these properties affect 
this basic cell function. Here, we designed a high-throughput in vitro platform that models fibrous 
ECM as collections of lines of cell-adhesive fibronectin on a flat surface to eliminate effects of 
dimensionality and topography. Using a microcontact printing approach to orthogonally vary line 
alignment, density, and size, we determined each factor's individual influence on NIH3T3 
fibroblast migration. High content imaging and statistical analyses revealed that ECM alignment 




Specifically, increasing ECM alignment led cells to adopt an elongated uniaxial morphology and 
migrate with enhanced speed and persistence. Intriguingly, migration speeds were tightly 
correlated with the organization of focal adhesions, where cells with the most aligned adhesions 
migrated fastest. Highly organized focal adhesions and associated actin stress fibers appeared to 
define the number and location of protrusive fronts, suggesting that ECM alignment influences 
active Rac1 localization. Utilizing a novel microcontact-printing approach that lacks confounding 
influences of substrate dimensionality, mechanics, or differences in the adhesive area, this work 
highlights the effect of ECM alignment on orchestrating the cytoskeletal machinery that governs 
directed uniaxial cell migration. 
 
3.3 Introduction 
Directed cell migration plays a fundamental role in numerous physiologic and pathologic 
processes, where biochemical and physical cues from the extracellular matrix (ECM) guide cells 
to their target destinations (Moissoglu and Schwartz, 2006; Petrie et al., 2009; Rodriguez and 
Schneider, 2013). In wound healing, gradients of chemokines recruit macrophages to wound sites 
to initiate the tissue repair process (Gillitzer and Goebeler, 2001). Similarly, during the progression 
of most solid cancers, gradients of growth factors produced by the tumor mass direct the invasion 
of endothelial cells required for angiogenesis and subsequent tumor growth (Carmeliet and Jain, 
2000). While soluble cues clearly are important in mediating directed cell migration, physical 
features of the microenvironment have more recently been implicated in this process. For example, 
early work demonstrated that contact guidance produced by the orientation and spatial restriction 
of fibronectin fibrils during amphibian gastrulation direct mesodermal cell migration from the 




Provenzano et al. described how the collagenous stroma undergoes marked reorganization, 
resulting in radially aligned collagen tracts emanating from the tumor. This organization in turn 
appears to facilitate cancer cell escape from the primary tumor (Provenzano et al., 2006, 2008). In 
both of these rather diverse processes, directional cues influencing cell migration arise from the 
fibrous ECM that cells negotiate during migration. 
Given its ubiquity throughout the body, type I collagen gels have been widely used as a 
physiologically representative ECM model for in vitro cell migration studies (Dickinson et al., 
1994; Doyle et al., 2015; Hadjipanayi et al., 2009; Kutys and Yamada, 2014; Riching et al., 2015; 
Xie et al., 2017). These studies further implicate physical attributes of the ECM such as alignment, 
density, diameter, and stiffness as integral factors in directing cell migration. However, identifying 
the individual contribution of these factors proves to be quite challenging in natural materials such 
as collagen gels. For example, increasing the concentration of a collagen gel concurrently increases 
fibril density, matrix stiffness, and cell-adhesive ligand density while decreasing the pore size. 
Thus, bioengineered in vitro models that simplify the complexity of natural ECM and can decouple 
confounding factors have helped deepen our understanding of how the physical properties of the 
ECM regulate cell migration (Charras and Sahai, 2014; Kramer et al., 2013; Pathak and Kumar, 
2011; Paul et al., 2016a; Polacheck et al., 2013).  
In particular, cell migration on micropatterned lines of adhesive ECM proteins has been 
suggested to recapitulate migration observed within in vivo 3D microenvironments composed of 
highly aligned fibers (Doyle et al., 2009; Ramirez-San Juan et al., 2017; Sharma et al., 
2012). NIH3T3 fibroblasts migrating on single lines of patterned adhesive ECM proteins, termed 
“1D migration,” exhibit a uniaxial cell morphology and undergo directed migration with similar 




unpatterned 2D surfaces do not (Doyle et al., 2009). Similarly, 1D micropatterned substrates have 
also been used to reconstitute macrophage-tumor cell interactions, validating intravital 
observations in highly metastatic patient-derived orthotopic mammary tumors (Sharma et al., 
2012). These and other studies (Guetta-Terrier et al., 2015) implicate the dimensionality of the 
ECM substratum in dictating the cell migration phenotype and suggest that 1D lines of ECM 
recapitulate key aspects of cell migration observed in 3D fibrillar tissue settings; however, 
orthogonal control over the adhesive area proved to be difficult in these studies. Furthermore, in 
addition to dimensionality, there may be other aspects of the ECM which are important in 
regulating the migration phenotype. Given that many mesenchymal tissues contain adhesive fibers 
of ECM proteins such as fibronectin and collagen, we wondered how restricting cell adhesion to 
linear tracks of ECM influences migration, and furthermore, if the geometry and organization of 
these patterns, independent of substrate dimensionality and mechanics, could dictate the cell 
migration mode. 
To answer these questions, we designed a microcontact printing-based ECM parameter 
screening tool where we modeled fibrous ECM as arrays of cell-adhesive micron-scale linear 
elements. We then varied over graded steps three pertinent features reflecting the distribution of 
adhesive ligands in fibrillary microenvironments (line alignment, density, and width) and 
examined changes in the morphology, cytoskeletal architecture, and migratory behavior. Using 
these 2D micropatterned substrates to exclude the influence of substrate dimensionality and 
mechanics, we found that the alignment of ECM had a dominant effect on cell morphology and 
migration over other geometric factors, where high alignment induced a uniaxial phenotype and 
rapid cell migration in a directed fashion. Underlying directed cell migration is the matrix 




of the Rho family of small GTPases have emerged as prominent players in cell motility, working 
to spatiotemporally modulate the signaling processes involved in cell adhesion and cytoskeletal 
dynamics (Ridley and Hall, 1992). In particular, Rac1 is necessary for lamellipodium extension 
preceding the formation of new adhesions to ECM and has been implicated in directed cell 
migration, where experimentally decreasing Rac1 activity switches cells from random to 
directionally persistent migration (Pankov et al., 2005). Given the observed influence of matrix 
alignment on directed cell migration, we further used two distinct molecular approaches to 
examine Rac1 localization and found that matrix alignment additionally influences the number 
and location of protrusive edges initiated by active Rac1. 
 
3.4 Results and Discussion 
3.4.1 Multiparameter ECM screening arrays for high content imaging 
Given the ubiquity of micrometer-scale diameter fibrous proteins throughout mammalian 
extracellular matrices (ECM), we sought to develop a model that captured key aspects of adhesive 
ligand patterning in fibrous ECMs without confounding factors stemming from substrate 
dimensionality and mechanics (Baker and Chen, 2012; Charras and Sahai, 2014; Pathak and 
Kumar, 2011). To do so, we simplified fibrous ECMs into two-dimensional (2D) patterns of 
microcontact-printed fibronectin lines where the angular dispersion (alignment), number (density), 
and size (width) of these cell-adhesive line elements could be orthogonally varied (Figure 3.1a). 
Building upon previous work (Doyle et al., 2009), this microcontact printing-based approach 
allowed us to explore how the organization of adhesive ECM proteins influenced cell migration, 
while sidestepping confounding factors such as steric hindrance (Liu et al., 2015; McGregor et al., 




proteolytic activity (Ehrbar et al., 2011; Friedl and Wolf, 2009; Wolf and Friedl, 2011; Zaman et 
al., 2006), and the influence of substrate mechanics (Baker et al., 2015; Ehrbar et al., 2011; Hadden 
et al., 2017; Kraning-Rush and Reinhart-King, 2012; Meehan and Nain, 2015; Pelham and Wang, 
1997). Using custom MATLAB scripts, a prescribed number of initiation points were randomly 
selected in 2D space, and lines were extended in a direction selected randomly within prescribed 
bounds. To achieve submicron features, we employed a stepper with 5× optical reduction resulting 
in silicon masters with SU8 photoresist line features ranging between 0.5 μm and 2 μm in width. 
In total, 252 unique ECM patterns were generated within a single 1.2 × 1.2 cm2 stamp, enabling 
high-throughput screening over a wide range of adhesive microenvironment parameters using high 
content tile-scan imaging (Figure 3.1c). 
The desired production of micron-scale features ranging widely in spacing across a single 
stamp prevented us from using standard “forward” microcontact printing, where the featured stamp 
is protein inked prior to transfer. Indeed, when conventional “forward” stamping was employed, 
only patterns with greater than 400 lines/pattern could be successfully generated; at lower line 
densities, stamp collapse led to protein transfer from non-feature background areas. Thus, we 
employed an inverse microcontact printing or “stamp off” technique (Desai et al., 2011), whereby 
a flat PDMS stamp is uniformly inked with adhesive protein and the activated inverse-featured 
stamp is first applied to remove background areas of protein before transferring the remaining 
protein pattern to the culture substrate (Figure 3.1b). This method enabled the production of nearly 
all patterns over a range of line alignments (±5°, 15°, 30°, 45°, 60°, and 90°), densities (50, 100, 
200, and 400 lines/pattern), and widths (0.5, 0.7, 1.0, and 2.0 μm) (Figure 3.1d); arrays with 
800 line/pattern at line widths of 1 and 2 μm possessed a larger line area than the total pattern area, 




thickness photoresist, with 2.0 μm thick features generally leading to more consistent and faithful 
pattern reproduction. Although linear adhesive patterns below 0.5 μm have been produced 
previously by other means and may impact focal adhesion growth and dynamics (Sequeira et al., 
2012), the 0.5 μm wide lines achieved here match the limit previously reported for microcontact 
printing proteins using PDMS (Bernard et al., 2000). In summary, we successfully created multi-





Figure 3.1: Microcontact-printed ECM screening arrays.  
a) Photomask containing 252 individual ECM conditions, each containing a unique randomly 
generated array of line elements with varying alignments (angular dispersion), line densities, and 
line widths. b) Overview of the negative microcontact-printing procedure. Briefly, 
AlexaFluor555-conjugated fibronectin (Fn555, red) was uniformly coated on flat PDMS stamps 
and a UV-ozone activated stamp containing the negative of the intended patterns was applied to 
remove background areas before transferring the remaining areas to the eventual cell culture 
substrate. c) Tile-scan fluorescence image of a subsection of the Fn-printed ECM screening array 
seeded with phalloidin-AlexaFluor488 stained 3T3s (green) (scale bar: 1 mm). d) Fn555 
microcontact-printed patterns demonstrating control over line alignment (left), line density 








3.4.2 Array-wide parameter screen reveals that matrix alignment robustly dictates cell 
morphology and orientation 
We next performed an extensive screen across the full array (with the exception of 800 
lines/pattern arrays) to examine the effect of varying line alignment, density, and width on cell 
morphology (Figure 3.2a, Supplemental Figure 3.1). For these and all subsequent studies, we 
chose NIH3T3s as a model cell type used widely to study how microenvironmental cues influence 
mesenchymal cell migration (Hakkinen et al., 2011; Tamura et al., 1998). High content tile-scan 
fluorescence imaging was performed on cells stained for their nucleus and actin cytoskeleton 
(Figure 3.2a), with subsequent semi-automated image analysis to extract an assortment of 
morphometric features. Of the features examined, we immediately identified two factors—cell 
aspect ratio and orientation—which varied markedly across the array (Figure 3.2b). In particular, 
when analyzing the entire dataset considering each parameter independently, we observed that 
decreasing line widths, decreasing line densities, and increasing alignment all led to an increase in 
the cell aspect ratio (Figure 3.2c-d). A high aspect ratio corresponds to a uniaxial cell shape and 
has been heavily implicated in directed cell migration, where the direction of the cell's long axis 








Figure 3.2: Multiparameter screening of ECM attributes reveals that fiber alignment 
strongly dictates the cell's aspect ratio and orientation.  
a) Representative 3T3 fibroblasts seeded on selected Fn-patterns (red) stained for F-actin (green) 
and nuclei (blue) with phalloidin-AlexaFluor488 and Hoechst33342, respectively (scale bar: 
50 μm). b) Schematic indicating how the cell aspect ratio and orientation were quantified. c) Cell 
aspect ratio as a function of line width (left), line density (middle), and line angular dispersion 
(right). Data are presented as violin plots demonstrating distribution with overlaid box plots. d) 
Histograms of cell major axis orientation with respect to the pattern axis as a function of line width 
(left), line density (middle), and line angular dispersion (right) (n ≥ 400 cells per condition, total 






Further statistical analyses were performed to determine the relative strength of the effect 
of line alignment, density, and width on the cell aspect ratio and variation in cell orientation. When 
the degree of linear correlation between cell aspect ratio vs. alignment, density, and width was 
determined, we found that the aspect ratio had the highest correlation with alignment (r2 = 0.156, 
p < 0.0001). The aspect ratio was also independently correlated with density (r2 = 0.029, 
p < 0.0001) and width (r2 = 0.089, p < 0.0001). To understand the relationships among alignment, 
density, and width in explaining the variations in both the aspect ratio and the orientation, we 
performed multinomial multivariate linear regression model building using a dual-direction 
selection algorithm from a full interaction model, optimizing for the Akaike information criterion. 
The model selection proceeded for two rounds and eliminated two interaction terms from the 
model, without adding back either term. In our final model, alignment, density, width as well as 
the width by alignment and alignment by density terms were each significant for the multivariate 
outcome pair of cell orientation and aspect ratio (Table 3.1). The interaction term between 
alignment and density, for example, implies that at higher alignments, density more potently 
increases the aspect ratio. We also determined that the variation within cell orientation was 
significantly associated with alignment (p < 0.0001), but not with density or width. Taken together, 
the combination of high-throughput screening of matrix conditions and statistical analyses 
indicates that while line width and the density significantly altered the cell aspect ratio, only the 
alignment of adhesive ECM tracks strongly influenced cell shape towards a uniaxial phenotype 
and simultaneously exerted a pronounced effect in orienting cells towards the underlying central 
axis of pattern alignment. Given the effect of matrix alignment in these and numerous previous 
studies, our subsequent studies focused on the effect of matrix alignment, maintaining the line 




Table 3.1: Statistical outcomes from multinomial multivariate linear regression analysis. 
 
3.4.3 ECM alignment polarizes cells and induces directed cell migration 
The multiple regression parameter screen identified matrix alignment as the strongest factor in 
dictating cell morphology and orientation. Isolating alignment's individual effect on cell 
morphology, we held the line density and width constant and examined the cell aspect ratio and 
orientation (Supplementary Figure 3.1). Confirming our initial findings, increasing matrix 
alignment resulted in an increased cell aspect ratio, causing cells to adopt an elongated morphology 
and orient preferentially towards the underlying pattern's direction of alignment (Figure 3.3a-d). 
This trend was found to be consistent across all line density conditions examined (data not shown). 
Gross cell morphology alone, however, does not necessarily indicate cell polarity. Indeed, 




evidence of a dominant leading edge. To better understand the influence of matrix alignment on 
cell polarization, we performed immunofluorescence staining for pericentrin to identify the 
microtubule organizing center (MTOC), as previous work suggests that the MTOC's location 
indicates cell polarity (Figure 3.3e) (Doyle et al., 2009; Gomes et al., 2005). We first examined 
the orientation of the MTOC with respect to the pattern axis (Figure 3.3f) and observed that 
increasing matrix alignment induced a higher percentage of cells to position their MTOC along 
the pattern axis within ±45° of the pattern axis (Figure 3.3g). Several reports highlight the 
importance of nuclear positioning during cell migration (Gomes et al., 2005; Gundersen and 
Worman, 2013; Luxton and Gundersen, 2011; Luxton et al., 2010; McGregor et al., 2016), and so, 
we next examined the position of the MTOC relative to the nucleus and leading edge of the cell 
(Figure 3.3f). Interestingly, we found that with increasing alignment, the MTOC preferentially 
positioned to the rear of the nucleus with respect to the leading edge in polarized and elongated 
cells (Figure 3.3h-i). The position of the MTOC and its role in directed cell migration have been 
widely debated. The MTOC positions to the front of the nucleus with respect to the leading edge 
in classical studies performed with scratch wound assays—typically involving a flat 2D substrate 
with uniform ECM coating (Etienne-Manneville and Hall, 2001; Gomes et al., 2005; Kupfer et al., 
1982; Palazzo et al., 2001). In contrast, the MTOC has been observed to favor the rear of the cell 
in certain cell types, in soft matrices, and in substrates that constrain the cell to 1D micropatterned 
lines or 3D cell-derived matrices with high matrix alignment (Doyle et al., 2009; Pouthas et al., 
2008; Raab et al., 2016; Schütze et al., 1991). Our studies support two possible forms of MTOC 
positioning and cell polarity as a function of matrix alignment: (1) an aligned uniaxial phenotype 
previously observed on parallel lines and microgrooves/micropatterned lines occurring on 




migration and (2) a polarized, but non-uniaxial phenotype that occurs on isotropic ECM (e.g., on 
non-patterned ECM or on scratch-wound assays) where the MTOC is positioned ahead of the 
nucleus (Gomes et al., 2005). Although an understanding of how ECM properties influence cell 
polarity remains incomplete, our study clearly demonstrates that the anisotropy of adhesive ECM 
patterning influences cell shape, intracellular organization, and polarity. 
 
 
Figure 3.3: Increasing ECM alignment promotes an elongated uniaxial cell morphology and 
polarizes the cell.  
a) Representative 3T3 fibroblasts seeded on Fn-patterns (red) of varying alignment with fixed line 
density and width (100 lines per pattern, 1 μm width), stained for F-actin (green) and nuclei (blue) 
with phalloidin-AlexaFluor488 and Hoechst33342, respectively (scale bar: 50 μm). b) Cell 
outlines of 20 representative cells. c-d) Aspect ratio (c) and cell orientation (d) (angle between the 
long axis of the cell and the fiber alignment direction) of 3T3 fibroblasts as a function of ECM 
alignment, keeping line density constant at 100 lines per pattern and line width at 1 μm width 
(n ≥ 50 cells per condition, total of 515 cells analyzed). e) Representative confocal image of a 3T3 
fibroblast immunostained for pericentrin to localize the microtubule organizing center (MTOC) 
(red: cytosol, green: pericentrin, blue: nucleus, and grey: Fn555; scale bar: 25 μm). f) Schematic 
indicating how MTOC orientation (angle between MTOC and the pattern axis using the centroid 
of the cell nucleus as a reference point) and position (front, middle, or back relative to the nucleus 
and leading edge of the cell) were determined. g) MTOC orientation as a function of ECM 
alignment (n ≥ 35 cells per condition, total of 177 cells analyzed). h) Percentage of all polarized 
cells with MTOC located in front, in the middle, or rearwards of the nucleus (n ≥ 60 cells per 
condition, total of 468 cells analyzed). i) Ratio between cells with MTOC located in front of the 





Previous work has linked an elongated, uniaxial cell shape with increased migration 
efficiency (Doyle et al., 2009), and so, we next examined the functional consequence of ECM 
organization on migration speed and persistence using our two extremes of alignment: aligned 
(±5°) and non-aligned (±90°) patterns (Supplemental Figure 3.1). We performed live time-lapse 
imaging over 6 h, utilizing Hoechst-labelled nuclei to track cell movement with an automated 
image analysis algorithm. Representative temporal overlays of the cell shape on non-aligned 
patterns reveal a dynamic cell shape, while cells on aligned patterns maintained an elongated 
morphology throughout their migration track (Figure 3.4a). Aligned patterns also produced more 
directionally persistent migration and faster speeds compared to cells migrating on non-aligned 
patterns, and furthermore, this effect remained consistently true over the full range of line densities 
examined (Figure 3.4b-d). Tracking HT1080 fibrosarcoma cell migration, we similarly found that 
aligned patterns produced faster speeds and more directionally persistent migration compared to 
non-aligned patterns across the full range of line densities examined (Supplemental Figure 3.2). 
These results parallel reports of increased cell migration efficiency on aligned collagen gels (Ray 
et al., 2017b; Riching et al., 2015) and topographically patterned substrates (Liu et al., 2009; 
Ramirez-San Juan et al., 2017; Ray et al., 2017a), supporting the conclusion that a high degree of 
ECM anisotropy critically defines a uniaxial phenotype and directed cell migration. While many 
studies examining migration on aligned ECM report enhanced persistence and directionality, net 
migration speed has not consistently been observed to increase with directed migration. Our 
finding of increased speeds may stem from the comparison of non-aligned vs. aligned substrates 
with comparable underlying adhesive areas or the fact that proteolytic activity is dispensable for 






Figure 3.4: ECM alignment influences migration speed independent of ECM density.  
a) Overlaid outlines of representative cells at the end of each hour (as denoted by color bar) over 
6 h time-lapse imaging on non-aligned (NA, ±90°) and aligned (AL, ±5°) Fn-patterns (grey) 
containing 100 lines with a width of 1 μm. b) 20 representative cell migration tracks measured 
over 6 h duration of time-lapse imaging on NA and AL patterns containing 100 lines with a width 
of 1 μm. c-d) Average migration speeds (c) and persistence (d) on NA and AL patterns containing 
50, 100, 200, or 400 lines (n ≥ 10 cells per condition, ≥160 cells analyzed total, * indicates a 





3.4.4 ECM alignment polarizes focal adhesions and localizes Rac activity to stabilize active 
protrusions 
 During mesenchymal migration, cells form adhesions to the underlying ECM to exert the 
necessary traction forces required to advance the cell body forward (Geiger et al., 2001, 2009; 
Lauffenburger and Horwitz, 1996; Petrie and Yamada, 2012; Schmidt and Friedl, 2010; Webb et 
al., 2002). Looking for differences in morphometric features of focal adhesions (FAs) that could 
explain the observed differences in migration speed as a function of ECM alignment, we performed 
immunofluorescence staining against vinculin (a well-accepted marker of force bearing FAs) 
(Bershadsky et al., 2003; Grashoff et al., 2010; Hinz and Gabbiani, 2003), high resolution confocal 
imaging, and image analysis to quantify characteristics of FAs on aligned (±5°) and non-aligned 
(±90°) patterns over a range of ECM densities (Figure 3.5a and Supplemental Figure 3.1). 
Examining the average adhesion size and the number of adhesions per cell, we found no consistent 
differences as a function of alignment (Figure 3.5b-c). However, when we examined the angular 
dispersion of adhesions with respect to the major axis of the cell, a significant discrepancy in 
adhesion organization existed between aligned and non-aligned ECM at each level of density 
examined (Figure 3.5d). Non-aligned ECM resulted in a population of adhesions with high 
angular dispersion with respect to each other; in contrast, aligned ECM promoted the organization 
of FAs along the cell's long axis (Figure 3.5a). This difference in adhesion angular deviation 
mirrored differences in migration speed across multiple ECM densities and proved to be 
significantly linearly correlated with an R2 value of 0.916 (Figure 3.5g). Correlations between the 
other adhesion metrics quantified and migration speed proved to be non-significant (Figure 3.5e-
f). These findings were additionally confirmed with HT1080 fibrosarcoma cells (Supplementary 




speed is in contrast to recent reports highlighting FA size as a critical predictor. However, in 
contrast to the work at hand, these studies were performed on flat unpatterned substrates of varying 
stiffness, highlighting again a clear distinction between aligned uniaxial cell migration and 
unconstrained 2D migration (Kim and Wirtz, 2013).  
 
 
Figure 3.5: Focal adhesion organization parallels the alignment of ECM patterns.  
a) Representative confocal images of 3T3 fibroblasts on non-aligned (±90°) and aligned (±5°) 
patterns with 100 or 400 line elements stained for vinculin to localize focal adhesions (yellow: 
anti-vinculin, green: cytosol, blue: nucleus, and grey: Fn555; scale bar: 50 μm). b-d) Average 
individual focal adhesion size (b), total number of adhesions per cell (c), and angular deviation of 
adhesion orientation within a given cell (d) for cells on non-aligned (NA, ±90°) and aligned (AL, 
±5°) patterns containing 50, 100, 200, or 400 lines (n ≥ 9 cells analyzed per condition, total of 101 
cells analyzed, * indicates a significant difference with p < 0.05 comparing AL vs. NA group at 
the same line density). e-g) Correlations of average migration speed vs. average adhesion size (e), 
total number of adhesions per cell (f), and the angular deviation of FA orientation (g). Each data 
point represents the population average taken from a different pattern. Dashed lines indicate the 




images of fibroblasts on NA and AL patterns with 200 line elements stained for vinculin and F-
actin (green: anti-vinculin, red: F-actin, and blue: nucleus; scale bars: 50 μm). 
 
F-actin organization reflected the organization of FAs, where cells on non-aligned ECM 
with randomly oriented adhesions also had disorganized F-actin stress fibers (Figure 3.5h, top). 
In contrast, uniaxial cells on aligned ECM possessed highly aligned stress fibers running 
predominantly in the direction of the long axis of the elongated cell body, mirroring the co-
alignment of FAs (Figure 3.5h, bottom). Alignment of FAs and F-actin bundles supports 
observations that FA sites facilitate actin stress fiber assembly (Endlich et al., 2007; Hotulainen 
and Lappalainen, 2006) and intracellular force transmission to the ECM occurs via actin 
engagement with FA proteins (Burridge and Guilluy, 2016; Geiger et al., 2009; Livne and Geiger, 
2016). For cells on aligned ECMs, we observed intense F-actin staining at the cell walls running 
along the direction of matrix alignment and the putative direction of migration (Figure 3.5h, 
arrows). Cells on non-aligned ECM also possessed intense F-actin bundles along straight edges 
of the cell's periphery. Regardless of cell shape and orientation, FAs and active lamellipodial 
protrusions were seldom observed at such locations possessing robust stress fibers, echoing 
previous observations employing cell-sized geometric micropatterns (Brock et al., 2003; Parker et 
al., 2002). Given that the formation of F-actin stress fibers has been associated with augmented 
RhoA activity (Amano, 1997; Nobes and Hall, 1995; Ridley and Hall, 1992; Wozniak et al., 
2004), previous studies suggest a mutual exclusion between RhoA and Rac1 localization (Arthur 
and Burridge, 2001; Machacek et al., 2009; Nimnual et al., 2003; Ohta et al., 2006; Rottner et al., 
1999; Sander et al., 1999), and Rac1 activity is heavily implicated in protrusion activity (Petrie et 
al., 2009; Ridley, 2015; Ridley and Hall, 1992; Waterman-Storer et al., 1995), we hypothesized 




of the cell in the direction of ECM alignment. Furthermore, we predicted that the stability of these 
protrusions would be enhanced compared to cells on disorganized (non-aligned) ECM. 
By identifying ruffling edges in high resolution spatiotemporal time-lapse image series, we 
were able to determine the location and number of active protrusions on aligned (±5°) and non-
aligned (±90°) patterns with 100 lines/pattern (Figure 3.6a and Supplemental Figure 3.1). 
Indeed, ECM alignment resulted in a lower number of active protrusions per cell (1.56 ± 0.73 vs. 
3.13 ± 0.81 on aligned vs. non-aligned, p < 0.0001), with the direction of 92% of all protrusions 
falling within ±45° of the direction of ECM alignment (Figure 3.6b). Furthermore, kymographs 
acquired at the location of ruffling protrusions highlighted a distinction in the stability of 
protrusions as a function of ECM organization (Figure 3.6c-d). On non-aligned ECM, different 
protrusions within the same cell were often observed to extend (Figure 3.6d, i), pause for a period 
of time (Figure 3.6d, ii), or retract (Figure 3.6d, iii) concurrently. In contrast, aligned ECM 
promoted a steady extension of the cell's leading edge in the direction of ECM alignment (Figure 
3.6d, iv). These observations along with the increase in migration speed on aligned ECM (Figure 
3.4c) support the notion that the maintenance of a single location of protrusive activity underlies 
efficient migration (Doyle et al., 2009; Pankov et al., 2005) and clearly demonstrate that ECM 






Figure 3.6: ECM alignment dictates the number and stability of active protrusions.  
a) Representative phase images of 3T3s on aligned and non-aligned patterns containing 100 line 
elements. White arrows show locations of active protrusions (identified by ruffling activity via 
time-lapse imaging). b) Starburst plots indicating the angle of active protrusions (n = 16 cells for 
each condition) and average number of protrusions per cell (mean ± standard deviation). c) Phase 
images from time-lapse series at 0, 30, and 60 min. d) Kymographs produced from locations 
indicated with white dashed lines in left-most images of C over 60 minute intervals. Leading or 
retracting edge indicated with yellow dashed lines (scale bars: 10 μm). 
 
Given these striking distinctions in the location of active protrusions and Rac1's known 
role in driving lamellipodial protrusion (Etienne-Manneville and Hall, 2002; Pankov et al., 
2005), we next examined whether ECM alignment also altered the localization of active Rac1 
signaling. Glutathione-S-Transferase (GST)-tagged protein binding domain (PBD) and 
immunofluorescence staining were used to identify intracellular locations of enriched active Rac1 
on aligned (±5°) and non-aligned (±90°) patterns with 100 lines/pattern (Figure 3.7a and 
Supplemental Figure 3.1). Cross-correlating fluorescence intensities from Rac1 and F-actin 
images allowed us to identify locations of high co-localization of these two proteins, both critical 
to protrusion activity (Figure 3.7b). Qualitatively, we observed that cells on non-aligned ECM 
possessed multiple protrusions with co-localization of these two signals. Conversely, cells on 
aligned ECM possess fewer protrusions with hot spots, and these protrusions were additionally in 




alignment influences the number and location of active protrusions, contributing to the stable and 
directional protrusions underlying uniaxial directional migration. To further support these 
observations, we employed a Förster resonance energy transfer (FRET)-based approach to image 
Rac1 activity modified from a previously reported construct. Within this single chain bioactivity 
reporter, FRET between molecules occurs upon binding of PBD to Rac1. Live imaging using this 
reporter revealed similar localization of Rac1 activity as a function of ECM alignment, with 







Figure 3.7: ECM alignment dictates the localization of Rac1-enriched extensions.  
a-b) Representative confocal images (a) and corresponding heatmaps (b) of 3T3s stained for active 
Rac on NA (top) and AL (bottom) patterns containing 100 lines with a width of 1 μm [red: active 




25 μm]. Heat maps indicate co-localization of Rac activity and F-actin. White arrows indicate the 
direction of pattern alignment (scale bar: 25 μm). c) Maximum projections of confocal stacks of 
live-3T3 migration expressing a Rac1-PBD FRET biosensor. Pseudocolored intensity scales 
indicating that FRET activity was maintained for each condition; scale bars, 25 μm. d) Starburst 
plots indicating the angle of Rac1-enriched protrusions on NA (top) and AL (bottom) patterns 
(n ≥ 15 cells for each condition) and the average number of active Rac1 protrusions per cell (mean 
± standard deviation). e-f) Corresponding phase (e) and fluorescence (f) micrograph of 
representative transfected 3T3s that highly expressed (“High RacV,” green, bottom) and failed to 
express (“No RacV,” no fluorescence, top) the RacV12-GFP construct (red: Fn555, green: GFP, 
scale bar: 25 μm). g) Starburst plots indicating the angle of active protrusions for non- and high 
expressers of the RacV construct (n ≥ 16 for each condition). h) Migration speed as a function of 
RacV expression levels; cells were grouped into three expression levels: no, low, and high (n ≥ 15 
for each condition, * indicates a significant difference with p < 0.05). i) 15 representative cell 
migration tracks of 3T3s with no, low, and high RacV expression measured over 6 h duration on 
aligned patterns containing 100 lines (scale bar: 100 μm). 
 
We next transiently transfected 3T3s with a green fluorescent protein (GFP)-tagged 
constitutively active mutant copy of Rac1 (RacV12-GFP, abbreviated RacV) and plated cells onto 
aligned ECM (±5°, 200 lines/pattern, 1 μm width). As expression of the plasmid was 
heterogeneous, we segregated transfected cells into three distinct populations based on GFP 
intensity: no, low, and high expression (Figure 3.7e-f). High RacV expression resulted in an 
increased frequency of active protrusions off-axis to the direction of ECM alignment relative to 
non-expressing cells (25% vs. 8%) (Figure 3.7g). Strikingly, the loss of protrusion directionality 
with increasing RacV expression paralleled decreases in migration speed where the highest 
expression of RacV resulted in active protrusions along the entire cell periphery and virtually no 
cell movement (Figure 3.7h-i). These findings build on previous work by Pankov et al. showing 
how graded levels of Rac1 activity switch cells between directed and random migration on 
unpatterned 2D substrates (Pankov et al., 2005). In addition to total levels, it is now clear that 
localization of active Rho GTPase are critical to cell polarity and subsequent movement 




anisotropy of the local adhesive microenvironment can modulate cell shape and cytoskeletal 
architecture to spatially define the location of such signals. 
 
3.5 Summary and Outlook 
Many engineered models such as 1D patterned lines, nanopatterned ridges and grooves, and 
electrospun fibers have been utilized to understand how contact guidance cues provided by fibrous 
ECM influence cell migration (Doyle et al., 2009; Guetta-Terrier et al., 2015; Natale et al., 2014; 
Ray et al., 2017a). Previous studies primarily compared aligned, adhesion-restrictive substrates 
versus uniformly coated ECM substrates, resulting in differences in ECM anisotropy as well as 
total adhesive area. In contrast, this work provides a microcontact printing-based platform 
modeling the ECM as collections of fibronectin lines with graded variations of alignment, density, 
and width to identify how combinations of these parameters influenced cell migration. With high 
content imaging and statistical analyses, we identified matrix alignment as a critical parameter in 
influencing cell morphology, polarization, and migratory behavior. Interestingly, we find that cells 
on highly aligned ECM possess organized FAs. This alignment of FAs correlates strongly with 
directional, high speed migration in stark contrast to other morphometric features of FAs. Highly 
aligned FAs and associated F-actin stress fibers result in the formation and stabilization of cell 
protrusions in the direction of ECM alignment, and our data suggest that this control occurs 
through the localization of active Rac1. This work clearly indicated that anisotropy of the adhesive 
ECM, independent of substrate dimensionality, dictates the cytoskeletal architecture required for 
directed cell migration. Furthermore, these micropatterns could provide a high-throughput screen 
of ECM parameters on other cell functions and may aid in identifying novel therapeutics that 




3.6 Materials and Methods 
3.6.1 Cell culture and biological reagents 
NIH3T3 fibroblasts were cultured in high glucose Dulbecco's Modified Eagle Medium 
containing 1% penicillin/streptomycin, L-glutamine (ThermoFisher Scientific, Waltham, MA), 
and 10% bovine serum (Atlanta Biologicals, Flowery Branch, GA). Cells were passaged upon 
achieving confluency at a ratio of 1:4 and used for studies until passage 20. For all studies, cells 
were trypsinized, counted, and seeded onto substrates at a density of 2000 cells/cm2. For 
overexpression studies, EGFP-RacV12, a constitutively active mutant (valine substitution at amino 
acid residue 12) of Rac1 fused to enhanced green fluorescent protein (gift from M. Philips, NY 
University Medical Center, New York, NY), was transiently transfected using Lipofectamine 2000 
(Life Technologies) a day before seeding onto microcontact-printed substrates. 
 
3.6.2 Photolithography and microcontact printing 
To produce microcontact-printed ECM screening substrates that model the spatial 
patterning of adhesive ligands in the fibrous extracellular matrix, a Matlab (Mathworks, 
Cambridge, MA) script was written to generate patterns consisting of lines of with varying line 
widths (2.5, 3.5, 5, and 10 μm), densities (50, 100, 200, 400, and 800 lines per field), and angular 
dispersions [±5° (most aligned), ±15°, ±30°, ±45°, ±60°, and ±90° (non-aligned or random)]. 
These angles reflect bounds between which each line angle was selected from a uniform 
distribution. Individual fields were exported in vector format, assembled en mass in Autocad 
(Autodesk, Mill Valley, CA) into arrays, and printed in chrome on a quartz reticle (Advance 
Reproductions, North Andover, MA). Using a Nikon G4 stepper enabling 5× optical reduction in 




patterns were transferred to a 5 in. silicon wafer spuncoat with 500 nm thickness Microposit S1813 
photoresist (MicroChem, Westborough, MA). Following development, polydimethylsiloxane 
(PDMS) (Sylgard 184, Dow Corning, Midland, MI) was cast onto wafers and cured at 60 °C to 
generate micropatterned stamps. 
To enable pattern visualization, fibronectin from human plasma (Fn, Corning, Corning, 
NY) was fluorescently tagged with AlexaFluor555 succidinyl ester following the manufacturer's 
protocol (Invitrogen, Carlsbad, CA). Briefly, a 1 mg/ml solution of fibronectin in 1 M sodium 
bicarbonate reacted with AlexaFluor555 succidinyl ester at a 9-fold molar excess for 2 h at RT 
with continual agitation. Unconjugated fluorophores were removed by overnight dialysis (6.5 kDa 
cutoff), and the concentration of conjugated fibronectin (Fn555) was determined by absorbance at 
280 and 555 nm using a spectrophotometer. For microcontact printing, Fn555 was diluted to 
50 μg/ml in phosphate buffered saline (PBS) and adsorbed uniformly onto a 1.5 cm by 1.5 cm piece 
of flat PDMS cast from a cleaned silicon wafer. Patterned stamps containing the negative of the 
intended final features were activated via UV ozone and applied to the Fn-inked stamp to 
selectively remove background (non-feature) areas of Fn. The remaining patterned Fn was 
transferred to the final cell culture substrate by applying the inking stamp a UV ozone activated, 
PDMS coated coverslip (via spin coater, 5000 RPM). Following storage overnight to allow for 
recovery of hydrophobicity, substrates were incubated in Pluronics F-127 (0.2% w/v in deionized 
water, Sigma-Aldrich, St. Louis, MO) for 30 min at 25 °C to prevent non-intended protein 






To examine cell morphology and the organization of the actin cytoskeleton, cells were 
fixed in 4% phosphate-buffered paraformaldehyde for 10 min and then permeabilized with 0.03% 
Triton X-100 for 10 min. Filamentous actin was stained with phalloidin-AlexaFluor488 (Life 
Technologies), and cell nuclei were stained with Hoechst33342, (1 μg/ml, Sigma-Aldrich) blocked 
in 2% bovine serum albumin. For immunofluorescence staining, fixation and permeabilization 
were performed as above (unless specified otherwise) followed by incubation in blocking solution 
(10% fetal bovine serum in PBS) for 1 h, primary antibody (below) dilution in blocking solution 
for 1 h, three PBS washes for 5 min each, a 1:1000 dilution of AlexaFluor conjugated IgG antibody 
(Life Technologies) in blocking solution for 1 h, and two PBS washes for 5 min each. To stain the 
microtubule organizing center (MTOC), a 1:500 dilution of rabbit anti-pericentrin was employed 
as the primary antibody (PRB-432C, Covance). To stain focal adhesions, samples were 
permeabilized and fixed simultaneously and a 1:500 dilution of monoclonal mouse anti-vinculin 
antibody was employed as the primary antibody (V9264, Sigma-Aldrich). To stain for Rac activity, 
samples were incubated with glutathione-eluted protein binding domain (PBD)-GST overnight at 
4 °C (Cytoskeleton), rinsed with PBS, and incubated with goat anti-GST antibody (27-4577-01, 
GE Healthcare). Imaging was performed on a Nikon Eclipse Ti (10×) or on a Zeiss 710 laser 
scanning microscope (40×), and images are presented as maximum intensity projections. 
 
3.6.4 Rac1 FRET imaging 
To examine Rac1 activity, we modified a previously designed RaichuEV-Rac1 FRET 
biosensor (Komatsu et al., 2011) by replacing the mTurquoise/YPet fluorophore pair with 




dynamic range, and enable incorporation into lentiviral vectors. NIH3T3s were transiently 
transfected with the RaichuEV-Rac1-CR biosensor using Lipofectamine LTX with Plus Reagent 
(ThermoFisher Scientific) 24 h before seeding onto microcontact-printed substrates. Cells 
expressing RaichuEV-Rac1-CR were imaged 12 h after seeding. The binding of active Rac1 was 
detected by imaging the FRET-dependent, intramolecular emission fluorophore (mRuby2) from 
RaichuEV-Rac1-CR as previously described (Kutys and Yamada, 2014). Briefly, optimal FRET 
acquisition settings were determined for the Zeiss LSM 800 confocal microscope and strictly 
maintained during all subsequent FRET imaging; intensity levels of biosensor expression were 
similarly carefully controlled and maintained between selected cells. Images of mClover and 
mRuby2 were obtained for each z-plane under 488 nm and 567 nm illumination. Summed 
projections of confocal z-stacks were generated using ImageJ software. Images were first 
background subtracted, and a binary mask was applied by thresholding to the Acceptor (mRuby2) 
channel to isolate the cellular signal. Pixel-by-pixel FRET to Donor (Clover) ratio images were 
generated in ImageJ. All the resulting FRET ratio images were processed with a 3 × 3 median filter 
to remove any hot pixels and presented in a scaled 16 color lookup table (ImageJ). 
 
3.6.5 Microscopy and image analysis 
For migration studies, sample media were supplemented with 1 μg/ml Hoechst33342 and 
samples were incubated for 30 min to label cell nuclei. Coverslips were then transferred to 
Attofluor chambers (ThermoFisher Scientific) and media were refreshed. Samples were imaged 
every 10 min for a duration of 6 h on a Nikon Eclipse Ti epifluorescence microscope equipped 
with a custom-built environmental chamber (37 °C, 5% CO2). Following raw image export, 




Tracking code (Crocker and Grier, 1996). Briefly, parameters to threshold and locate the centroids 
of cell nuclei were identified and applied uniformly across the entire dataset. Centroids of nuclei 
in serial images were linked using IDL to define migration tracks. Migration speed was calculated 
as the total tracked distance over the total tracking duration. Persistence was defined as the distance 
between initial and final positions normalized to the total tracked distance. Cells that underwent 
proliferation or were non-migratory over the tracked duration were not analyzed, except in Rac1 
perturbation studies. Kymographs were generated in ImageJ. 
Additional Matlab scripts were created to analyze cell morphology and focal adhesion 
characteristics. For cell morphometric data, images were acquired from 4′,6-diamidino-2-
phenylindole/phalloidin-stained samples. For focal adhesion analysis, images were acquired from 
samples immunostained for vinculin. In both cases, images were imported, background filtered, 
and manually thresholded, with identical threshold values applied across entire image sets. 
Outlines of individual features were extracted, and shape characteristics (via regionprops) 
including the area, aspect ratio, and orientation were exported. 
 
3.6.6 Statistics 
Significance was determined by one-way analysis of variance (ANOVA) with Bonferroni 
post hoc tests and generally established with p < 0.05, unless specified otherwise. For cell and 
adhesion orientation data, angular means were determined using circular statistics in Matlab 
(circstat). Correlation between variables was tested using Pearson's product-moment correlation 
and the correspondent test (Best, D.J.; Roberts, 1975; Pearson, 1895). Multinomial multivariate 
linear regression model building was performed using a full linear regression model, and backward 




were performed using the Aikake Information Criteria (Akaike and A, 1974). Differences within 
variability between groups were tested using Levene's test. Analysis was performed using 
GraphPad Prism 6 or program R (v3.1.0). 
 
3.7 Supplementary figures 
 
Supplementary Figure 3.1: Patterns selected for analysis (dotted red boxes) corresponding 








Supplementary Figure 3.2: ECM alignment influences HT1080 migration speed and 
persistence.  
a-b) Average HT1080 migration speeds (a) and persistence (b) on NA and AL patterns containing 
50, 100, 200, or 400 lines (n ≥ 35 cells per condition, total of 500 cells analyzed, * indicates a 





Supplementary Figure 3.3: HT1080 focal adhesion organization parallels the alignment of 
ECM patterns.  
a) Representative confocal images of HT1080s on non-aligned (±90º) and aligned (±5º) patterns 
with 100 or 400 line elements stained for vinculin to localize focal adhesions (red: anti-vinculin, 
green: F-actin, blue: nucleus, grey: Fn555, scale bar: 10 µm). b-d) Average individual focal 
adhesion size (b), total number of adhesions per cell (c), and angular deviation of adhesion 
orientation within a given cell (d) for cells on non-aligned (NA, ±90°) and aligned (AL, ±5°) 
patterns containing 100, or 400 lines (n ≥ 6 cells analyzed per condition, total of 34 cells analyzed, 
* indicates a significant difference with p<0.05 comparing AL vs. NA group at the same line 




of adhesions per cell (f), and the angular deviation of FA orientation (g). Each data point represents 
the population average taken from a different pattern. Dashed lines indicate linear regression lines, 
with R2 and p-values indicated within each plot.
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Chapter 4:   Actomyosin Contractility-Dependent Matrix 
Stretch and Recoil Induces Rapid Cell Migration 
 
4.1 Authors 
William Y. Wang, Christopher D. Davidson, Daphne Lin, Brendon M. Baker 
 
4.2 Abstract 
Cells select from a diverse repertoire of migration strategies. Recent developments in 
tunable biomaterials have helped identify how extracellular matrix properties influence migration, 
however, many settings lack the fibrous architecture characteristic of native tissues. To investigate 
migration in fibrous contexts, we independently varied the alignment and stiffness of synthetic 3D 
fiber matrices and identified two phenotypically distinct migration modes. In contrast to stiff 
matrices where cells migrated continuously in a traditional mesenchymal fashion, cells in 
deformable matrices stretched matrix fibers to store elastic energy; subsequent adhesion failure 
triggered sudden matrix recoil and rapid cell translocation. Across a variety of cell types, traction 
force measurements revealed a relationship between cell contractility and the matrix stiffness 
where this migration mode occurred optimally. Given the prevalence of fibrous tissues, an 
understanding of how matrix structure and mechanics influences migration could improve 






Cell migration, a fundamental biological process in embryogenesis, tissue homeostasis, 
and cancer metastasis, involves dynamic interactions between cells and their local 
microenvironment (Charras and Sahai, 2014; Helvert et al., 2018). Biochemical and biophysical 
characteristics of the surrounding extracellular matrix (ECM) influences cell migration through 
variations in growth factors or chemokines (chemotaxis), stiffness (durotaxis), ligand density 
(haptotaxis), and topographical organization (contact guidance) to direct cells to target destinations 
(Rodriguez and Schneider, 2013). Recent advances in intravital imaging have revealed that cells 
can adopt a diverse set of migration strategies involving migration as single cells or collective 
strands, transitions between mesenchymal, epithelial, and amoeboid migration modes, 
deformation of the cell body and nucleus to squeeze through matrix pores, and remodeling of 
matrix structure to bypass the physical barriers presented by the ECM (Condeelis and Segall, 2003; 
Isermann and Lammerding, 2017; Weigelin et al., 2012). However, poor control over biochemical 
and mechanical properties of native tissues has hampered mechanistic understanding of how cells 
interpret and convert these external cues into the coordinated molecular signals that orchestrate 
cell migration. Thus, in vitro models of cell migration have proven indispensable in 
complementing in vivo studies to elucidate how specific ECM properties impact cell migration. 
In particular, advances in tunable biomaterials and microfabricated in vitro models have 
helped elucidate how cells select from a repertoire of migration strategies (Charras and Sahai, 
2014; Friedl and Alexander, 2011; Li et al., 2017a). In proteolysis-dependent migration, where 
cells are capable of biochemically remodeling the surrounding microenvironment to generate 
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space to move, the degree of ECM degradability influences whether cells migrate as collective 
multicellular strands or escape as single cells (Friedl and Wolf, 2009; Trappmann et al., 2017). 
Initial leader cells have been shown to use proteolytic machinery to generate microchannels within 
the ECM, enabling proteolysis-independent migration of follower cells (Kraning-Rush et al., 2013; 
Labernadie et al., 2017). Alternatively, cells are capable of employing a water permeation-based 
migration mode within microchannels (Stroka et al., 2014). In purely non-proteolytic migration, 
cells alter their morphology to squeeze through small ECM pores, leading to nuclear rupture and 
ESCRT III-mediated repair (Denais et al., 2016) or can transition between mesenchymal and 
amoeboid migration modes via alterations in matrix adhesivity and confinement (Liu et al., 2015). 
These studies reducing the complex physical properties of native tissues to sets of orthogonally 
tunable parameters have not only increased our mechanistic understanding of cell migration but 
also identified diverse non-proteolytic migration strategies, which may in part explain the failure 
of therapeutics solely targeting proteolytic activity toward confining metastatic cells to the primary 
tumor (Cathcart et al., 2015). 
Within microenvironments in which cells can neither modify their morphology nor 
proteolytically degrade the ECM to effectively migrate, cell force-mediated reorganization of 
physical structures of the surrounding ECM may facilitate cell movement. Fibrils in collagen and 
fibrin gels deform as cells apply traction forces during migration (Kniazeva et al., 2012; Koch et 
al., 2012), however, poor control over mechanical properties and the inability to remove 
proteolysis-mediated remodeling of naturally derived ECM proteins has hampered our 
understanding of how physical reorganization of ECM fibrils influences migration (Li et al., 
2017a; Wolf et al., 2009). Modeling the ECM with synthetic hydrogels composed of non-
proteolytically cleavable crosslinks has elucidated how cells deform the ECM during migration in 
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soft three-dimensional (3D) polyethylene glycol (PEG) hydrogels (Ehrbar et al., 2011), however, 
these materials lack the fibrous architecture inherent to many native tissues (Qu et al., 2018). For 
example, the fibrous matrix of the surrounding tumor stroma of breast and pancreatic cancers 
undergoes marked remodeling, with increases in fibril alignment and tissue stiffness as the cancer 
becomes progressively more metastatic (Drifka et al., 2015; Provenzano et al., 2006). The 
importance of these physical changes is underscored by their clinical use as individual 
prognosticators of cancer patient survival rates (Conklin et al., 2011). 
Toward understanding how aspects of the ECM influence dynamic interactions between 
cells and their physical microenvironment, here we implement a recently established synthetic 
material system that models fibrous ECMs and enables independent control over alignment and 
stiffness (Baker et al., 2015). Examining the migration of single mesenchymal cells, we find that 
fiber alignment enhances migration speed and directionality, while stiffness elicits a biphasic 
response with a maximum migration speed occurring at an intermediate matrix stiffness. 
Interestingly, cells within deformable matrices adopt a unique migration phenotype where cell 
contractility-generated matrix stretch and subsequent recoil result in rapid migratory events with 
effective speeds >5× than previously reported. We term this mode slingshot migration (SSM) 
given the requirement for matrix stretch and recoil, and further demonstrate that SSM events occur 
most frequently at an intermediate matrix stiffness, in part contributing to the biphasic response of 
migration speed to matrix stiffness. Lastly, we find that a variety of mesenchymal cell types 
employ this migration mode and baseline cell contractility determined by traction force 







4.4.1 Synthetic matrices with tunable fiber alignment and stiffness 
To better understand how matrix alignment and stiffness of fibrous ECM influence cell 
migration, we designed and characterized a synthetic ECM mimetic composed of electrospun 
dextran methacrylate (DexMA) fibers with orthogonal control over fiber alignment and bulk 
stiffness (Baker et al., 2015). Cell-perceived ECM mechanics were controlled by electrospinning 
fibrous matrices over an array of microfabricated poly(dimethylsiloxane) (PDMS) wells (Figure 
4.1a), such that cells seeded in well regions are not influenced by a mechanically rigid underlying 
support layer. To modulate fiber alignment, we altered the shape of the electric field at the 
collecting surface during electrospinning by controlling the separation distance between two 
parallel collecting electrodes (Li et al., 2003), where increasing this distance increased fiber 
alignment (Figure 4.1b-c). We tuned photo-initiated DexMA crosslinking via ultraviolet (UV) 
exposure to modulate stiffness at the single fiber (measured by three-point bending with atomic 
force microscopy (AFM)) and bulk substrate level (measured in tension by indentation of 
suspended matrices with a 1 mm cylindrical indenter) (Figure 4.1d and Supplementary Figure 
4.1a), selecting a range of crosslinking to capture a full spectrum from maximal to undetectable 
matrix deformations resulting from cell-generated forces (Figure 4.1e). These values for single 
fiber Young’s modulus are within range of reported values for fibrin fibers, elastin fibers, and 
fibronectin fibrils (depending on their stretch state) (Guthold et al., 2007). The range for bulk 
stiffness values (1–30 kPa) reflects measurements taken for a variety of tissues (Engler et al., 
2006), as well as the transition from normal to cancerous mammary tissue (Levental et al., 2009). 
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We held ligand density, fiber diameter, and scaffold thickness constant by maintaining a fixed 
concentration of cRGD, polymer weight percentage, and fiber collection duration, respectively 
(Supplementary Figure 4.1b-e). Controlling these matrix properties within naturally derived 
ECM proteins such as collagen and fibrin hydrogels proves challenging, as these properties are 
inherently linked to protein concentration and gelation conditions (Li et al., 2017a; Riching et al., 
2015; Wolf et al., 2009). By creating matrices with free-radical polymerized DexMA fibers, which 
generates proteolytically uncleavable methacrylate-methacrylate crosslinks, we sidestepped the 
influence of cell-mediated matrix degradation on matrix properties over time (Lutolf et al., 2003; 
Trappmann et al., 2017; West and Hubbell, 1999) and focused here on non-proteolytic 










Figure 4.1: Synthetic fibrous extracellular matrix with orthogonal control over fibril 
alignment and stiffness.  
a) Microfabricated poly(dimethylsiloxane) multiwell substrate possessing a 5 × 5 array of DexMA 
fiber matrices, each suspended over a well to isolate the matrix from mechanical effects of a rigid 
underlying support (scale bar: 2 mm). Inset: tilescan of four DexMA-cRGD matrices (cyan) seeded 
with NIH3T3 fibroblasts (magenta) (scale bar: 500 µm). b) Confocal projections of matrices 
(cyan) fabricated with varying spacing between collecting electrodes to modulate fiber alignment 
(scale bar: 20 µm). c) Quantification of fiber alignment as a function of electrode separation 
distance (n = 9 matrices per group). d) Young’s modulus of aligned (electrode separation of 0 mm) 
and non-aligned (electrode separation of 25 mm) matrices as a function of ultraviolet (UV)-
initiated crosslinking of matrix fibers. n = number of matrices per group as indicated within each 
bar. e) Composite confocal fluorescence images of representative NIH3T3 fibroblasts in soft (top 
row, 0 J cm−2) and stiff (bottom row, 3 J cm−2) matrices; rhodamine-labeled matrix fibers (cyan), 
F-actin (magenta), and nuclei (yellow) (scale bar: 20 µm). All data presented as mean ± s.d.; * 
indicates a statistically significant comparison with p < 0.05; n.s. indicates a non-significant 
comparison (one-way analysis of variance). 
 
 
Utilizing NIH3T3 fibroblasts, commonly employed in studying how microenvironmental 
cues govern mesenchymal cell migration (Tamura et al., 1998; Wang et al., 2018), we first 
investigated the effect of fiber alignment at three distinct stiffness conditions (for simplicity, 
referred to throughout the text as low (1.42 kPa), intermediate (6.17 kPa), and high (22.5 kPa) 
stiffness corresponding to 0, 1, and 3 J cm−2 of UV exposure, respectively). Cells were cultured for 
6 h prior to the start of time-lapse imaging, resulting in the majority of cells infiltrating and 
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embedding themselves within the matrix (Supplementary Figure 4.1f) . At each level of stiffness, 
aligned matrices resulted in higher migration speeds and more directional migration tracks (Figure 
4.2a-d and Supplementary Movie 4.1). The effect of alignment on migration directionality 
(determined by the deviation of a cell’s position away from a linear fit to its overall migration 
track) proved consistent over all stiffnesses, suggesting the influence of contact guidance (Ray et 
al., 2017a; Wang et al., 2018) on directionality is stiffness-independent in this setting. This finding 
is consistent with previous studies utilizing 3D collagen hydrogels (Riching et al., 2015). 
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Figure 4.2: Matrix alignment and stiffness influence cell migration speed and directionality.  
a) Representative NIH3T3 migration tracks over a 6 h time course on aligned and non-aligned 
matrices at low (0 J cm−2), intermediate (1.0 J cm−2), and high (3.0 J cm−2) ultraviolet (UV) 
exposure; scale bar: 100 µm. b–d) NIH3T3 net migration speed, deviation, and orientation as a 
function of matrix alignment and UV exposure. n = number of cells per group as indicated within 
each bar. e) Migration speed as a function of Young’s modulus in aligned matrices. n = number of 
cells per group as indicated beside each data point. All data presented as mean ± s.d.; * indicates a 
statistically significant comparison with p < 0.05 (two-way analysis of variance)  
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Within aligned matrices, these initial studies indicated migration speeds were highest at an 
intermediate stiffness (Figure 4.2b). We next modulated matrix stiffness over more graded steps, 
confirming a biphasic relationship between migration speed and bulk matrix stiffness for NIH3T3s 
(Figure 4.2e and Supplementary Figure 4.2a-b). Demonstrating this response is not unique to 
NIH3T3s, we tracked human foreskin fibroblast migration within aligned matrices of varying 
stiffness and similarly found a biphasic response between migration speed and bulk matrix 
stiffness (Supplementary Figure 4.2c). Such a biphasic relationship between migration speed and 
stiffness has been previously predicted by mathematical models and supported with experimental 
work on two-dimensional (2D) hydrogels (Bangasser et al., 2017; DiMilla et al., 1991; Elosegui-
Artola et al., 2014, 2016; Klank et al., 2017; Oria et al., 2017; Zaman et al., 2006). These studies 
indicate matrix properties that optimize integrin engagement and traction generation feed 
progression of the cell migration cycle, resulting in optimal migration speeds. In particular, high 
matrix stiffness or ligand density leads to stable focal adhesions preventing detachment of the cell 
rear, and low matrix stiffness or ligand density can inhibit cell contractility and cell-generated 
traction forces required to contract the cell body forward. However, previous studies did not 
examine the effect of cell-scale local matrix deformations, which potentially could exert a 
pronounced influence on cell motion in soft fibrous settings (Baker et al., 2015). 
 
4.4.2 SSM contributes to biphasic migration speed 
Toward understanding one possible contribution to the biphasic response between 
migration speed and stiffness within aligned matrices, we imaged at higher spatiotemporal 
resolution to observe dynamic cell-matrix interactions during migration. Cells were observed to 
adopt two distinct migration modes as a function of matrix stiffness. Across all stiffnesses 
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examined, cells appeared to migrate using the well-described mesenchymal cell migration cycle 
consisting of iterative rounds of elongation, adhesion, contraction, and retraction (Ridley, 
2003) (henceforth termed continuous migration) (Figure 4.3a, c-e). However, in deformable 
matrices, cells were also observed to undergo a prolonged extension/contraction phase, during 
which the cell’s position remained largely stagnant while active cell protrusions reorganized the 
adjacent matrix by recruiting fibers toward the cell body. Following this phase of matrix 
deformation, an apparent failure in adhesions at the cell’s trailing edge led to a sudden recoil of 
the matrix, simultaneous with translation of the cell body forward along the axis of fiber alignment 
(Figure 4.3b, f and Supplementary Movie 4.2). Given the phenotypic departure from traditional 
continuous migration, we termed this mode SSM, as the cell appears to harness matrix stretch and 
recoil to slingshot forward. At an intermediate stiffness, we found the percentage of the total cell 
population that employed SSM (SSM population, 71.2%) and the percentage of tracked time cells 
underwent SSM (SSM duration, 31.6%) were highest (Figure 4.3h, i), as high stiffness matrices 
appeared insufficiently deformable to afford appreciable matrix stretch while low stiffness 
matrices, although significantly stretched, appeared too compliant to consistently induce a recoil 
event (Supplementary Movie 4.2). 
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Figure 4.3: Aligned deformable matrices undergo marked deformation and promote rapid 
migratory events.  
a-b) Representative time-lapse images of NIH3T3s within matrices of low, intermediate, and high 
stiffness utilizing continuous or slingshot migration (SSM) modes (matrix fibers (cyan), cytoplasm 
(magenta), and nuclei (white); scale bars: 50 μm). c–f) Corresponding kymographs taken along the 
dotted lines indicated in (a) and (b). g) Migration distance over time for cells undergoing 
continuous migration and SSM. n = number of cells per group as indicated within each plot; shaded 
region indicates standard deviation. h) Percentage of cells observed to employ SSM out of all cells 
tracked over a 6 h time course (n = 4 fields of view; field of view = 10 cells). i) Percentage of time 
cells employed SSM as a function of matrix stiffness (n = 5 fields of view; field of view = 10 
cells). j) Representative migration track of an NIH3T3 on aligned matrix of intermediate stiffness, 
demonstrating interconversion between continuous migration and SSM modes over its tracked 
lifetime. k) Effective migration speeds of parsed phases of continuous, stretch, and recoil (left) 
and periods of continuous migration and SSM (combined stretch and recoil phases) (right). 
Continuous migration speeds were calculated from periods of continuous migration in cells that 
undergo SSM over its tracked duration. n = number of cells per group as indicated within each 
 69 
bar. l) Recoil distance (net translocation of cell) as a function of duration spent stretching the 
matrix (n = number of cells per group as indicated within the plot). Dashed lines indicate linear 
correlations with indicated R2 and p-values. All data presented as mean ± s.d.; * indicates a 




Comparing migration distance over time of these two distinct modes, we observed steady 
migration speeds with continuous migration, whereas SSM consisted of two distinct speeds 
corresponding to separate phases of matrix stretch and recoil (Figure 4.3g). Furthermore, cells 
within deformable matrices (both soft and intermediate stiffness) interconverted between 
continuous and SSM modes over the course of their tracked lifetimes (Figure 4.3j). Of cells that 
underwent SSM within intermediate stiffness matrices, individual cell trajectories parsed into 
periods of continuous migration and SSM (possessing distinct phases of stretch followed by recoil) 
revealed that the large recoil distance (58.7 ± 21.3 µm, n = 25 cells), despite significantly slower 
cell movement during phases of matrix stretch, rendered SSM overall faster compared to 
continuous migration (Figure 4.3k). Thus, a higher frequency of high speed SSM events at the 
intermediate stiffness may in part contribute to the biphasic relationship observed between 
migration speed and stiffness within aligned matrices. To prevent phototoxicity during 
fluorescence imaging, 10-min intervals were utilized in these measurements; however, matrix 
recoil events captured under transmitted light (one frame per second) yielded a more accurate 
measurement of recoil speed of 45.2 ± 15.1 μm s−1 (n = 25 cells) (Supplementary Figure 4.3a and 
Supplementary Movie 4.3). Furthermore, cells that possessed a distinct leading edge resulted in 
recoil events preferentially in the direction of continuous migration prior to matrix stretch while 
cells with bidirectional extensions resulted in recoil events in either direction (Supplementary 
Figure 4.3b). SSM was also observed in deformable, non-aligned matrices, and in both aligned 
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and non-aligned matrices recoil distance positively correlated with the duration the cell spent 
generating matrix stretch (Figure 4.3l). For a given duration of matrix stretch, recoil distances 
were larger within aligned matrices, which may be due to uniaxial material stretch in aligned 
matrices as compared to more equiaxial stretch in non-aligned matrices. 
 
4.4.3 SSM involves coordinated matrix deformations 
Previous studies tracking fiducial markers embedded within 3D collagen hydrogels 
suggested cancer cells with greater metastatic potential apply uniaxial traction forces and store 
anisotropic strain energy within matrix deformations (Koch et al., 2012). Adopting a similar 
approach, we next more closely examined matrix deformations during SSM and continuous 
migration by embedding fluorescent microspheres (beads) within matrix fibers. As expected, cell 
forces underlying continuous migration within non-deformable, high stiffness matrices resulted in 
negligible bead displacements (Figure 4.4a and Supplementary Movie 4.4). In contrast, within 
low stiffness matrices, displacements of beads nearby continuously migrating cells increased 
incrementally throughout the migration track (Figure 4.4a and Supplementary Movie 4.4). Cells 
undergoing SSM within intermediate stiffness matrices similarly induced incremental bead 
displacements during matrix stretch. However, upon matrix recoil and simultaneous translocation 
of the cell body, we noted large forward and rearward bead displacements emanating from the 
former position of the cell’s trailing edge (Figure 4.4a and Supplementary Movie 4.4). 
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Figure 4.4: Slingshot migration involves stretch and recoil of matrix fibers.  
a) Representative time-lapse images of fibers containing fluorescent microspheres, used as fiducial 
markers to examine matrix deformations underlying continuous and slingshot migration (scale bar: 
50 µm). b) Composite confocal fluorescence image of an NIH3T3 within an intermediate stiffness 
matrix (matrix fibers (cyan), cytoplasm (magenta), and fiber-embedded beads (yellow); scale bar: 
50 μm). c-d) Kymograph of a pair of microspheres embedded within the same fiber, as indicated 
in (b) used to determine fiber stretch ratio (d) (relative to initial distance between beads) as a 
function of time. 
 
 
In previous work with mesenchymal stem cells, cell traction forces applied to deformable, 
non-aligned matrices induced isotropic fiber recruitment (an increase in fiber density local to the 
cell), which led to increased focal adhesion maturation, cell spreading, and proliferation (Baker et 
al., 2015). Within matrices of aligned fibers, cell morphology adopts a uniaxial phenotype likely 
leading to directional force generation and anisotropic fiber recruitment. However, given the 
implication of elastic strain energy storage and release during SSM, we also asked whether 
individual fibrils undergo stretch due to cell-generated traction forces. Tracking pairs of adjacent 
beads embedded within the same fiber revealed fibers engaged by cell adhesions undergo stretch, 
and release of this strain energy stored in the form of matrix stretch correlates temporally with 
forward motion of the cell (Figure 4.4b-d). Interestingly, we noted that fiber engagement was 
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spatially heterogeneous, where nearby non-engaged fibers did not experience stretch 
(Supplementary Figure 4.4a-c). Several studies in vivo and in vitro have identified 
mechanoreciprocity (the reciprocal mechanical interplay between cells and matrix) arising from 
cell contractility-generated matrix fibril stretch (Helvert et al., 2018; Leiss et al., 2008). For 
example, cell traction forces applied to fibronectin-rich matrices induce fibronectin fibril stretch 
to reveal cryptic binding sites, promote growth factor bioavailability, and in turn facilitate cell 
adhesion, proliferation, and migration (Klotzsch et al., 2009; Xu et al., 2001; Zhu and Clark, 2014). 
In our synthetic material system where such biochemical changes are absent, we show that 
mechanical stretch of matrix fibrils from cell traction forces can directly facilitate cell movement. 
To more closely examine how matrix recoil events are initiated within SSM, we generated 
NIH3T3s stably expressing lifeact-green fluorescent protein (3T3-LA-GFP) or paxillin-enhanced 
GFP (EGFP) fusion protein and tracked their migration in aligned matrices of intermediate 
stiffness. Simultaneous with recoil of the matrix, we observed rupture of the cell’s trailing edge 
resulting in residual actin- and paxillin-rich puncta tethered to the matrix rearward to the direction 
of cell movement (Supplementary Figure 4.5a-b, Supplementary Movie 4.5 and 
Supplementary Movie 4.6). To confirm that these paxillin-rich plaques were indeed focal 
adhesions, we fixed and immunostained substrates directly on the microscope stage immediately 
following live imaging of 3T3-LA-GFP cell migration, demonstrating localization of vinculin 
within the actin-rich remnants resulting from matrix recoil and tail rupture (Supplementary 
Figure 4.6a-b). Furthermore, we investigated whether SSM occurred in 3D type I rat tail collagen 
hydrogels, widely utilized to model fibrous stromal tissue. Tracking 3T3-LA-GFP cells embedded 
within fluorescently labeled 1.0 mg mL−1 collagen hydrogels revealed a phenotypically similar 
migration mode to SSM. Cells remained stagnant while deforming the surrounding matrix, 
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followed by rapid forward migration corresponding with recoil of the matrix and lifeact-GFP 
puncta residing in the matrix rearward to the direction of the migration (Supplementary Figure 
4.7a-b and Supplementary Movie 4.7). These data suggest matrix recoil events are initiated by a 
mechanical failure of the actomyosin cytoskeleton at the cell’s trailing edge. Integrins and other 
transmembrane proteins have been observed to remain tethered to the ECM upon ripping from the 
plasma membrane or rear-release during migration in vivo and in vitro (Bard and Hay, 1975; Chen, 
1981; Lauffenburger and Horwitz, 1996; Regen and Horwitz, 1992). These abrupt mechanical 
failure events bare resemblance to retraction-induced migration described in chick fibroblasts 
cultured on rigid glass substrates by Chen several decades ago (Chen, 1981), where tension in the 
cytoskeleton was hypothesized to cause elastic recoil of the cell body upon trailing edge 
detachment. In contrast, however, our studies employing deformable elastic substrates suggest 
tension stored additionally in matrix fibrils can induce substrate recoil and simultaneous cell 
translocation upon rupture at the trailing edge. 
Given that contractility-generated traction forces induce matrix deformations and fibril 
stretch, we anticipated SSM would be adhesion- and contractility-dependent. Motivated by 
previous demonstrations that low ECM ligand density decreases cell contractility due to impaired 
integrin clustering and focal adhesion maturation (Gupton and Waterman-Storer, 2006; 
Maheshwari et al., 2000), we first modulated the concentration of cRGD coupled to the matrix (all 
previous experiments utilized 500 µM cRGD). At 50 and 100 µM cRGD, SSM events decreased 
along with overall migration speeds (Figure 4.5a-b). Treating cells with 30 μM blebbistatin 
(myosin II inhibitor) or 25 μM Y27362 (ROCK inhibitor) to lower actomyosin-generated 
contractility completely abrogated matrix deformations and SSM events, and cells were observed 
to migrate continuously at decreased speeds comparable to cells within non-deformable stiff 
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matrices employing continuous migration (Figure 4.5c-f and Supplementary Movie 4.8). 
Continuous cell migration requires cell contractility (Ridley, 2003), and a decrease in continuous 
migration speeds on high stiffness matrices was also noted. However, the relative decrease in 
migration speed on intermediate stiffness matrices was significantly larger, suggesting 
contractility is critical for SSM due to the requirement for matrix stretch and recoil 
(Supplementary Figure 4.8a). While 30 μM blebbistatin completely abrogated SSM events, 
treating cells with 5 μM blebbistatin to partially inhibit cell contractility resulted in decreased 
migration speed, SSM population and duration, and decreased recoil distances for a given matrix 
stretch duration (Supplementary Figure 4.8b-d and (Supplementary Figure 4.9). Finally, cells 
were treated with calyculin A, a relatively specific inhibitor of myosin II phosphatase, to increase 
overall myosin II activity (Gupton and Waterman-Storer, 2006). Calyculin A-mediated increase 
of actomyosin activity led to increases in the rate of matrix stretch and SSM population and 
duration compared to control, and corresponded to an overall increase in migration speeds (Figure 
4.5g-h and Supplementary Figure 4.9). In sum, these data suggest adjusting levels of 
intracellular force generation by modulating actomyosin contractility regulates the magnitude and 
frequency of rapid recoil events and resulting migration speeds. 
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Figure 4.5: Slingshot migration (SSM) requires matrix adhesion and actomyosin 
contractility.  
a-b) Migration speed, SSM population (% of cell population undergoing one or more SSM event), 
and SSM duration (% of tracked time of entire population spent in some phase of SSM) in aligned, 
intermediate stiffness (6.2 kPa) matrices with a range of cRGD functionalization. n = number of 
cells per group as indicated within each bar (a); n = 3 fields of view with each field of view 
containing 10 cells (b). c, e, g) Migration speed in aligned, intermediate (6.2 kPa) and high 
(22.5 kPa) stiffness matrices treated with blebbistatin, Y27632, or calyculin A (n = number of cells 
per group as indicated within each bar). d, f, h) SSM population and slingshot duration in aligned, 
intermediate stiffness (6.2 kPa) matrices treated with blebbistatin, Y27632, or calyculin A (n = 3 
fields of view with each field of view containing 10 cells). Migration speed, SSM population, and 
SSM duration were quantified over a 6 h time course for cRGD, blebbistatin, and Y27 studies, and 
quantified over a 1 h time course for calyculin A studies (indicated with †). i) Representative 
traction stress maps of NIH3T3s on 7.9 kPa polyacrylamide hydrogels subjected to equivalent 
perturbations as in (a–h) (scale bar: 50 μm). j) Slingshot population (normalized to control) as a 
function of peak traction stress determined by traction force microscopy. Dashed line indicates 
linear correlation with indicated R2 and p-value. n = number of cells per group as indicated beside 
each data point. All data presented as mean ± s.d.; * indicates a statistically significant comparison 




Given the spatial heterogeneity of engaged vs. non-engaged fibers and thus non-
continuum-like deformation of the matrix (Supplementary Figure 4.4a-c), accurate calculation 
of traction forces utilizing standard TFM analysis is not currently possible in this setting. Thus, we 
employed 2D polyacrylamide hydrogels and the TFM method (Aratyn-Schaus et al., 2010) to 
measure traction forces under the above perturbations to actomyosin contractility. Plotting SSM 
events as a function of peak traction stress for each condition, we found that population of cells 
that utilized SSM significantly correlates with contractility-generated traction forces (Pearson 
correlation: R2 = 0.9532; p-value = 0.0008; linear regression) (Figure 4.5i, j and Supplementary 
Figure 4.11a). Taken together, these studies suggest SSM involves a dynamic force balance 
between actomyosin contractility and tension generated from matrix stretch. When matrix tension 
rises beyond the critical force level that trailing edge adhesions can bear, failure at the interface 
between focal adhesions and the cytoskeleton triggers a sudden imbalance of forces and rapid 
forward translation of the cell with matrix recoil. 
 
4.4.4 Matrix stiffness for optimal SSM scales with traction forces 
 To investigate whether other cell types employ SSM, we performed similar migration 
studies with a variety of metastatic cancer cells, adult mesenchymal stem cells, and fibroblasts. An 
initial screen utilizing aligned matrices at intermediate stiffness revealed cell types that utilize 
adhesion-dependent mesenchymal-like migration indeed also employ SSM. However, the degree 
of matrix deformations generated at this stiffness, which led to maximal SSM duration for 
NIH3T3s, varied considerably between these cell types (Supplementary Figure 4.10). Since 
previous work has shown optimal migration speeds between cell types shift with substrate stiffness 
(Bangasser et al., 2013), we hypothesized these variations may be due to intrinsic differences in 
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contractility-generated traction forces between cell types. Thus, we screened a range of stiffnesses 
for each cell type and found that the optimal SSM stiffness for metastatic breast (MDA-MB-231), 
squamous cell carcinoma (UM-SCC-74B), fibrosarcoma (HT1080), C2C12 myoblast, human 
mesenchymal stem cell, and human foreskin fibroblast significantly positively correlated with each 
cell type’s peak traction stress (Pearson correlation R2 = 0.7774; p-value = 0.0087; linear 
regression) (Figure 4.6a-b and Supplementary Figure 4.11b). These studies suggest that the 
matrix stiffness that optimizes matrix stretch and subsequent recoil (and thus the frequency of SSM 









Figure 4.6: Contractile cell types employ slingshot migration in a matrix stiffness-dependent 
manner.  
a) Representative traction stress maps of MDA-MB-231 (breast adenocarcinoma), UM-SCC-74B 
(head and neck squamous cell carcinoma), HT1080 (connective tissue fibrosarcoma), C2C12 
(mouse myoblast cell line), hMSC (primary adult mesenchymal stem cells), and HFF (primary 
human foreskin fibroblasts) on 7.9 kPa polyacrylamide hydrogels (scale bar: 50 μm). b) Matrix 
stiffness leading to maximal slingshot duration for each cell type as a function of peak traction 
stress for each cell type, as determined by traction force microscopy. n = number of cells per group 
as indicated beside each data point. Data presented as mean ± s.d. Dashed line indicates linear 
correlation with indicated R2 and p-value (linear regression). c) Top-down schematic depicting 
key steps underlying slingshot migration in aligned fibrous matrices, including contact guidance-
mediated polarization (top), protrusion extension simultaneous with fibril recruitment and matrix 
stretch (middle), and adhesion failure inducing rapid recoil and cell translocation (bottom). 
Theorized adhesion distributions are shown in purple. d) Schematic highlighting force balance 
between cell-generated contractile forces and tension in the matrix. e) Proposed time evolution of 
matrix tension as a function of cell contractility (left) and relationship between matrix tension and 








This work characterizes a previously undescribed cell migration mode whereby cell 
contractility-mediated reorganization and stretching of matrix fibrils directly contributes to rapid 
cellular movement. In contrast to continuous migration, involving short iterative cycles of 
extension and adhesion of the leading edge followed by contraction of the cell body and 
detachment of the cell rear, SSM consists of two distinct phases: (1) matrix stretch and (2) matrix 
recoil. During matrix stretch, extension of cell protrusions and actomyosin contractility actively 
recruit and stretch nearby fibers to store elastic strain energy within the matrix. Once tension in 
the matrix surpasses maximal forces cell-ECM adhesions can withstand (potentially due to force 
fluctuations at adhesions (Plotnikov et al., 2012)), failure at trailing edge adhesions initiates sudden 
matrix recoil, the release of matrix stored strain energy, and concomitant cell translocation (Figure 
4.6c). This migration mode proves highly mechanosensitive and requires simultaneous production 
of both matrix stretch and tension: softer matrices undergo pronounced stretch but fail to generate 
sufficient tension to induce recoil; conversely, stiff matrices may experience high forces, but yield 
insignificant stretch (Figure 4.6e). We find that a variety of mesenchymal cells adopt this 
migration mode, and furthermore, that this event occurs optimally at a matrix stiffness that scales 
with the cell type’s baseline contractility. 
Though well accepted that cell migration involves a coordination of molecular events that 
generates ECM tractions and contractile forces that move the cell body forward, this work extends 
the role of these processes to actively deforming the matrix to elicit cell translocation. The growth 
and decay of focal adhesions and resulting dynamics of force transmission to the ECM have 
previously been described using motor-clutch models, which yield a qualitatively similar biphasic 
response of migration speed to matrix stiffness that is likely at play in our studies (Bangasser et 
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al., 2017; Elosegui-Artola et al., 2016; Klank et al., 2017; Oria et al., 2017; Qu et al., 2018). Such 
models recently have been extended to fibrous matrices (Estabridis et al., 2018), and further 
adopting these models to incorporate matrix heterogeneity and cell translocation due to large-scale 
matrix stretch may provide additional insights into the observations described here. Besides the 
actomyosin cytoskeleton and focal adhesions, other cellular components that are mechanically 
contiguous along the matrix-cell-matrix unit (Figure 4.6d) may mediate force transmission and 
the dynamics underlying this phenomenon. For example, the nucleus is mechanically coupled to 
the ECM via linker of nucleoskeleton and cytoskeleton complexes, actomyosin stress fibers, and 
their termination at focal adhesions (Wang et al., 2009) (Figure 4.6d). Although not explored here, 
perturbations to the nucleoskeleton or focal adhesion complexes may provide additional points of 
control over the force dynamics involved in SSM. Advances in single-cell isolation and RNA-
sequencing techniques (Patel et al., 2014) could help identify the underlying signaling pathways 
responding to local ECM changes as cells actively deform the surrounding ECM during cell 
migration. 
Cells encounter heterogeneity in ECM mechanical properties and architecture as they 
migrate through fibrillar interstitial tissues in vivo. How cells interpret sundry biophysical cues 
and adopt migration strategies to efficiently navigate through the ECM remains an ongoing effort. 
Recent advances in intravital imaging techniques have provided tremendous insight into 
visualizing cell migration in native tissue settings (Weigelin et al., 2012). However, challenges 
with cell and ECM labeling, image capture rates, and imaging depth may limit high spatiotemporal 
resolution visualization of highly dynamic cell-ECM interactions such as those described here. It 
has yet to be determined whether matrix deformations directly contribute to rapid motion of cells 
in vivo, although recent intravital studies describe buckling of collagen fibers by fibroblasts within 
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tumors (Perentes et al., 2009). Certainly, cell migration concurrent with deformation of fibrous 
ECM occurs developmentally as mesodermal cells migrate along pliable fibronectin fibrils from 
the blastopore to the animal pole (Nakatsuji and Johnson, 1984), in loose connective tissues, such 
as the stroma surrounding mammary glands during tumor cell escape (Provenzano et al., 2006), 
and upon early stages of wound healing as fibroblasts colonize provisional fibrin-rich ECM and 
exert contractile forces to close the wound gap (Davidson et al., 2008). During morphogenesis of 
the forming heart tube, large-scale tissue movements convect endocardial progenitors to their 
target destination (Aleksandrova et al., 2015; Kidokoro et al., 2018). In similar fashion, recent 
work patterning mesenchymal condensation demonstrated programmable movement of non-
contractile epithelial and endothelial cells via fibroblastic compaction of the ECM (Hughes et al., 
2017). In contrast to these observations, in our studies the same cells inducing local matrix 
deformations were translocated by subsequent matrix motion. Furthermore, considering 
heterotypic cell interactions, and given recent observations of mechanical forces underlying 
heterotypic cell interactions mediating tumor cell escape (Labernadie et al., 2017), it is possible 
that more contractile cell types could induce rapid migration of another cell type via deformations 
to the matrix. Future work examining mechanoreciprocal relationships between multiple cell types 
as well as the ECM using such biomimetic in vitro models will grow our understanding of cell 
migration and help inform future intravital imaging efforts. 
In these studies, we modulated stiffness at the single-fiber and bulk matrix scales by tuning 
photocrosslinking of the polymer network within each matrix fiber. While bulk mechanical testing 
demonstrated orthogonal control over fiber alignment and bulk stiffness of these matrices, cells 
likely sense and respond to local matrix mechanics and ligand availability (Baker et al., 2015; Cao 
et al., 2017a), and in particular, anisotropic mechanical behavior intrinsic to matrix fibers 
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additionally influenced by fiber alignment at the population level. We performed TFM on 2D 
PAAm hydrogels to determine baseline contractility, but it is likely that cell-generated forces are 
highly dependent upon matrix topography and mechanics. Continued development of technologies 
such as magnetic bead rheology, TFM, and computational modeling will aid in our understanding 
of how cells reciprocally interpret the architecture and mechanics of fibrous matrices, exert traction 
forces, and in turn how these forces yield stresses within the ECM to engender reorganization and 
deformation. Such integrated approaches along with tunable biomimetic ECM models could aid 
in understanding and coordinating developmental migratory processes, designing biomaterials that 
rapidly recruit repair cells to wound sites, or identifying targeted therapeutics to arrest primary 
cancer cell egress through the surrounding tumor stroma. 
 
4.6 Materials and Methods 
4.6.1 Reagents 
All reagents were purchased from Sigma-Aldrich and used as received, unless otherwise stated. 
 
4.6.2 Synthesis of DexMA 
Dextran (moleculat weight 86,000 Da, MP Biomedicals, Santa Ana, CA) was modified 
with methacrylate groups as in van Dijk-Wolthuis et al. (van Dijk-Wotthuis et al., 1995). In brief, 
dextran (30 g) and 4-dimethylaminopyridine (3 g) were dissolved in anhydrous dimethyl sulfoxide 
(DMSO; 150 mL) overnight. Next, glycidyl methacrylate (36.9 mL) was added under vigorous 
stirring, heated to 45 °C and allowed to react for 24 h. The solution was then cooled to 4 °C and 
precipitated into chilled (4 °C) 2-proponal (1 L). The crude product was recovered by 
centrifugation at a speed of 3000 × g, re-dissolved in milli-Q water and dialyzed against milli-Q 
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water for 3 days with two solvent exchanges daily. The solution was then lyophilized for 3 days 
to obtain the pure product, which was characterized by 1H-nuclear magnetic resonance 
spectroscopy in D2O. The degree of methacrylate functionalization was calculated as the ratio of 
the proton integral (6.174 and 5.713 ppm) and the anomeric proton of the glycopyranosyl ring 
(5.166 and 4.923 ppm). As the signal of the anomeric proton of α-1,3 linkages (5.166 ppm) 
partially overlaps with other protons, a pre-determined ratio of 4% α-1,3 linkages was assumed 
(van Dijk-Wotthuis et al., 1995) and the total anomeric proton integral was calculated solely based 
on the integral at 4.923 ppm. A methacrylate per dextran repeat unit ratio of 0.7 was determined. 
 
4.6.3 DexMA fiber network fabrication 
3D networks of suspended DexMA fibers were generated as in Baker et al. (Baker et al., 
2015). In brief, DexMA was dissolved at 0.475 g mL−1 in a 1:1 mixture of milli-Q water and 
dimethylformamide with 0.005% Irgacure 2959 photoinitiator. This polymer solution was utilized 
for electrospinning within an environment-controlled glovebox held at 21 °C and 30–40% relative 
humidity. Electrospinning was performed at a flow rate of 0.5 mL h−1, gap distance of 7 cm, and 
voltage of −4.3 kV, onto a collecting surface of oppositely charged (4.9 kV) parallel electrodes 
with varying separation distance to control alignment (Figure 4.1b-c). Methacrylated rhodamine 
(0.5 mM; Polysciences, Inc., Warrington, PA) was incorporated into the electrospinning solution 
to fluorescently visualize DexMA fibers and fluorescent microspheres (stock diluted 1:20 in 
polymer solution; ThermoFisher Scientific, Waltham, MA) were added for matrix deformation 
studies. Fibers were collected on microfabricated PDMS (Sylgard 184, Dow-Corning, Midland, 
MI) arrays of wells to isolate cell-perceived mechanics of suspended fiber networks. In brief, 
silicon wafer masters possessing SU8 photoresist (Microchem, Westborough, MA) were produced 
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by standard photolithography and used to generate PDMS stamps. Following silanization with 
trichloro (1H,1H,2H,2H-perfluorooctyl)silane, stamps were used to emboss uncured PDMS onto 
oxygen plasma-treated coverslips. PDMS well arrays were then surface functionalized with 3-
(trimethoxysilyl)propyl methacrylate (Gelest, Inc., Morrisville, PA) via vapor deposition in a 
vacuum oven (60 °C and 14.7 PSI) to facilitate DexMA fiber adhesion. After electrospinning over 
PDMS well substrates, suspended network samples were first primary crosslinked under UV light 
(100 mW cm−2) to stabilize fibers. Samples were then hydrated in a photoinitiator solution of 
1 mg mL−1 Irgacure 2959 in milli-Q water and exposed to a secondary crosslinking of varying 
durations of UV light (100 mW cm−2) to control the degree of crosslinking and resulting stiffness 
(Figure 4.1d). To promote cell adhesion, cyclo [RGDfK(C)] (cRGD, Peptides International, 
Louisville, KY) was coupled to methacrylates along the DexMA backbone via Michael-type 
addition chemistry. 
 
4.6.4 Mechanical testing 
To determine the Young’s modulus of suspended fiber networks, microindentation with a 
rigid SU8 cylinder (1 mm diameter and 1 mm tall) was performed on a commercial Cell Scale 
Microsquisher (CellScale, Waterloo, Ontario). Cylinders of SU8 photoresist were microfabricated 
and affixed to pure tungsten filaments (0.156 mm diameter and 59.6 mm length). Fiber networks 
were generated over 2 mm diameter circular PDMS well substrates, crosslinked under the 
conditions described above, and indented to a depth of 150 μm at a strain rate of 0.05%/s to 
determine a Young’s modulus. Young’s modulus was approximated assuming an elastic 





     (1) 
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where t is the membrane thickness (determined by confocal microscopy for each sample, ranging 
from 20 to 40 μm), ro is the membrane radius (1 mm), ri is the indenter diameter (0.5 mm), and ν is 
the Poisson ratio (0.5), F is the indentation force, δ is the indentation depth, and E is Young’s 
modulus. 
To determine Young’s modulus of single fibers, three-point bending tests were performed 
using AFM as in (Baker et al., 2015). Single fibers were electrospun on 200 μm wide by 200 μm 
tall microfabricated PDMS troughs. Fibers were hydrated and crosslinked to varying degrees by 
UV light exposure as described above, and deformed by an AFM tip (0.06 N m−1) loaded with a 
25 μm diameter bead positioned centrally along the fiber’s length. Young’s modulus was 
calculated from the resulting load-displacement curves using known equations for a cylindrical 
rod undergoing three-point bending with fixed boundaries (Tan and Lim, 2016). 
 
4.6.5 Cell culture and biological reagents 
NIH3T3 fibroblasts (ATCC CRL-1658) were cultured in high-glucose Dulbeco’s modified 
Eagle’s medium (DMEM) containing 1% penicillin/streptomycin, L-glutamine, and 10% bovine 
serum (ThermoFisher Scientific, Waltham, MA). Cells were passaged upon achieving confluency 
at a 1:4 ratio and used for studies until passage 20. For all studies, cells were trypsinized, counted, 
and seeded onto substrates at a density of 1500 cells per cm2. Human foreskin fibroblasts (a gift 
from Kenneth Yamada), human mesenchymal stem cells (Lonza PT-2501), C2C12 (ATCC CRL-
1772), UM-SCC-74B (a gift from Thomas Carey), HT1080 (ATCC CCL-121), and MDA-MB-
231 (ATCC HTB-26) cells were cultured in DMEM containing 1% penicillin/streptomycin, L-
glutamine, and 10% fetal bovine serum (Atlanta Biologics, Flowery Branch, GA). Fluorescently 
labeled collagen hydrogels (Corning) were prepared as in Doyle et al. (Doyle et al., 2015). NIH3T3 
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fibroblasts were encapsulated at 250,000 cells per mL in a 1.0 mg mL−1 collagen hydrogel solution 
prepared as in Kuntz and Saltzman (Kuntz and Saltzman, 1997), and pipetted into glutaraldehyde-
functionalized PDMS gaskets (6 mm diameter × 2 mm height) bonded to a 35-mm MatTek dish. 
Cells were imaged by confocal fluorescence time-lapse microscopy >200 μm away from glass or 
PDMS boundaries. For vinculin immunostaining, samples were simultaneously fixed and 
permeabilized in 2% paraformaldehyde in microtubule-stabilizing buffer for 15 min at room 
temperature to extract cytoplasmic vinculin. Samples were then blocked for 1 h in 10% fetal bovine 
serum, incubated for 1 h with primary mouse monoclonal anti-vinculin (1:500, Sigma-Aldrich 
V9264), and incubated for 1 h with secondary AlexaFluor 647 goat anti-mouse IgG (H + L) 
(1:1000, Life Technologies A12379) sequentially at room temperature. AlexaFluor 488 phalloidin 
(Life Technologies) and 4′,6-diamidino-2-phenylindole (Sigma-Aldrich D8417) were utilized to 
visualize F-actin and nucleus, respectively. 
 
4.6.6 Microscopy and image analysis 
Time-lapse microscopy was performed on an LSM800 laser scanning confocal microscope 
(Zeiss). Unless otherwise specified, migration experiments were imaged 6 h after cell seeding at 
10 min frame intervals over 8 h. Immediately prior to imaging, cell nuclei were labeled with 
Hoechst33342 (3 μg mL−1) for 10 min and rinsed once with media for 10 min. Following raw 
image export, cell nuclei were tracked with a custom Matlab script predicated on the IDL Particle 
Tracking code (Crocker and Grier, 1996). Briefly, parameters to threshold and locate the centroids 
of cell nuclei were identified and applied uniformly across the entire data set. Nuclei centroids in 
serial images were linked using IDL to define migration tracks. 
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Migration speed was calculated as total tracked distance over total tracked duration. 
Deviation was calculated as the minimum distance, for each time point, between the tracked 
position of a cell’s nucleus and a line of best fit to the cell’s overall track (determined by linear 
regression to model a perfectly non-deviating cell) and normalized to its total tracked duration 
using the following equation: 




   (2) 
where n is the number of tracked positions and dn is the distance between a cell’s tracked position 
and line of best fit. Cell track orientation was then calculated by the angle (−90 to +90) between 
the line of best fit and a reference line (direction of fiber alignment). SSM population was 
calculated as the percentage of all tracked cells that exhibit a slingshot event at some point during 
each cell’s tracked migration. Values for SSM population were determined over a 6 h time course 
in all studies, with the one exception of the calyculin A studies (described below), which were 
performed over a 1 h time course. This is due to the observation that heightened contractility from 
dosing with 1 nM of calyculin A prevented cells from respreading following SSM events, and thus 
they were subsequently non-migratory for the remainder of the time-lapse. SSM duration was 
calculated as the percentage of time cells underwent SSM divided by the total tracked time. Recoil 
distances were measured from the centroid of the cell nucleus at the final frame prior to recoil, to 
the new position of the nuclear centroid immediately following recoil and translocation of the cell. 
Fluorescent microsphere tracks in deformation studies and kymographs were generated in FIJI. 
FibrilTool (Boudaoud et al., 2014) was utilized to quantify the coefficient of alignment of fibers 




4.6.7 Pharmacologic contractility perturbations 
Blebbistatin, calyculin A, and Y27362 (Santa Cruz Biotechnology, Dallas, TX) were 
diluted to working stock concentrations and stored per the manufacturer protocol. Blebbistatin was 
utilized at 30 or 5 μM, calyculin A at 1.0 nM, and Y27362 at 25 µM; all pharmacologics were 
diluted in DMSO. For blebbistatin and Y27362 experiments, samples were treated with the 
respective dose for 1 h and imaged for 8 h at 10 min intervals. For calyculin A experiments, 
samples were treated for 30 min and imaged for 1 h at 10 min intervals. Beyond time points of 2 h 
post treatment, calyculin A induced a non-migratory, rounded cell morphology, consistent with 
cells plated on tissue culture plastic. Cells that exhibited a non-migratory, rounded cell morphology 
from calyculin A treatment were excluded from cell migration analysis. 
 
4.6.8 Traction force microscopy 
PAAm hydrogels (Young’s modulus, E = 7.9 kPa) were prepared as in Aratyn-Schaus et 
al. (Aratyn-Schaus et al., 2010). Fluorescent microspheres (0.2 µm diameter; Thermofisher) were 
mixed into the PAAm solution at 1% v/v before polymerization. After polymerization, the PAAm 
surface was derivatized with sulfo-SANPAH (Proteochem, Hurricane, UT) and functionalized by 
2–3 h incubation with type 1 rat tail collagen (50 µg mL−1; Corning) diluted in phosphate-buffered 
saline (PBS). For all traction force experiments, cells were seeded at a density of 500 cells per 
cm2 and allowed to adhere for 12 h before TFM was performed. Fluorescent images of 10–15 cells 
and embedded beads were captured at ×20 magnification. Images were taken at each cell position, 
and again after cells were lysed with 5% v/v sodium dodecyl sulfate in PBS. Data analysis was 
performed using an ImageJ plugin suite created by Tseng et al. (Tseng et al., 2012), which was 
adapted from Dembo and Wang (Dembo and Wang, 1999). This suite consists of stack alignment, 
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particle image velocimetry, and Fourier transform traction cytometry (FTTC). For FTTC, the 
Poisson’s ratio of the PAAm gel was assumed to be 0.5 and a regularization parameter of 
2 × 10−9 was used. The outputted traction force vector maps were analyzed using custom Matlab 
script to determine the peak traction generated by each cell. For contractility perturbation studies, 
blebbistatin (30 or 5 µM) and Y27362 (25 µM) were added 1 h prior to imaging, and calyculin A 
(1.0 nM) was added 2 h prior to imaging. For decreased ligand studies, 0.1 µg mL−1 collagen was 
utilized. 
 
4.6.9 Lentivirus production 
cDNA for pLenti CMV GFP Puro (658-5) was a gift from Eric Campeau and Paul Kaufman 
(Addgene plasmid #17448) (Campeau et al., 2009). Portions of paxillin-pEGFP (a gift from Rick 
Horwitz, Addgene plasmid # 15233) or mRuby-Paxillin-22 (a gift from Michael Davidson, 
Addgene plasmid #55877) were subcloned into a modified version of the pRRLSIN.cPPT.PGK-
GFP.WPRE (a gift from Didier Trono, Addgene plasmid # 12252) by restriction enzyme cloning. 
pLenti.PGK.LifeAct-GFP.W was a gift from Rusty Lansford (Addgene plasmid # 51010). To 
generate lentivirus, plasmids were co-transfected with pCMV-VSVG (a gift from Bob Weinberg, 
Addgene plasmid #8454), pMDLg/pRRE, and pRSV-REV (gifts from Didier Trono, Addgene 
plasmid #12251 and #12253) (Dull et al., 1998; Stewart et al., 2003) in 293T cells using the 
calcium phosphate precipitation method (Kingston et al., 2004). Viral supernatants were collected 
after 48 h, concentrated with PEG-itTM (System Biosciences, Palo Alto, CA) following the 
manufacturer’s protocol, filtered through a 0.45 μm filter (ThermoFisher Scientific Nalgene, 
Waltham, MA), and stored at −80 °C. Viral titer was determined by serial dilution and infection of 
NIH3T3s in the presence of 10 μg mL−1 polybrene (Santa Cruz Biotechnology, Dallas, TX). Titers 
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yielding maximal expression without cell death or detectable impact on cell proliferation or 
morphology were selected for studies. 
 
4.6.10 Statistics 
Statistical significance was determined by one- or two-way analysis of variance or two-
sided Student’s t-test where appropriate, with significance indicated by p < 0.05. Sample size is 


















4.7 Supplementary figures 
 
Supplementary Figure 4.1: Properties of DexMA fibrous matrices.  
a) Young’s modulus of individual fibers measured by AFM as a function of UV-initiated 
crosslinking. n=number of matrices analyzed per condition indicated within each bar. Data 
presented as mean ± s.d. b) Histogram of DexMA fiber diameter resulting from 47.5 wt% polymer 
solution (n=71 fibers). c) NIH3T3 spread area as a function of [cRGD]. 500 µM cRGD was utilized 
for all migration studies unless otherwise noted. n=number of cells analyzed per condition 
indicated within each bar.  Data presented as mean ± s.d. d-e) Orthogonal x-y, x-z, and y-z 
maximum intensity projections (d) and single x-y plane (e) views of a composite confocal 
fluorescence image of representative NIH3T3 fibroblast within a suspended 3D fibrous matrix 
(rhodamine-labeled matrix fibers (cyan), F-actin (magenta), and nuclei (yellow); scale bars: 20 
µm). f) Percentage of cells that are partially or fully embedded within suspended fiber matrices 6 
hours post seeding (n=30 cells per condition). * indicates a statistically significant comparison 




Supplementary Figure 4.2: Bulk mechanical properties influence cell migration speeds.  
a) Bulk mechanical testing of aligned matrices as a function of Irgacure photoinitiator (I2959) 
concentration with a constant UV exposure of 1 J cm-2 (n=6 matrices per group). b) NIH3T3 
fibroblast migration speed as a function of Young’s modulus in aligned matrices tuned by I2959 
concentrations (a). n=number of cells per group as indicated beside each data point. c) Human 
foreskin fibroblast migration speed as a function of Young’s modulus in aligned matrices with a 
constant 1.0 mg ml-1 I2959, but varying durations of UV exposure (as in Figure 1d). n=number of 
cells per group as indicated beside each data point. All data presented as mean ± s.d.  * indicates 
a statistically significant comparison with p<0.05 (one-way ANOVA). 
 
 
Supplementary Figure 4.3: Additional characteristics of slingshot migration.  
a) Capturing matrix recoil events under transmitted light at 1 second frame intervals (SSM (1 s)) 
reveals more accurate matrix recoil speeds when compared to 10-minute frame intervals (SSM 
(600 s)). n=number of cells per group as indicated within each bar. Data presented as mean ± s.d. 
b) Percentage of cells employing SSM that recoil in the same direction (forward) or in the reverse 
direction (backward) with respect to its direction of continuous migration prior to SSM. Cells were 
parsed into two categories (leading edge and bidirectional) based on the morphology of cell 
protrusions during matrix stretch (n=30 cells per group). * indicates a statistically significant 
comparison with p<0.05 (one-way ANOVA). 
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Supplementary Figure 4.4: Non-engaged fibers do not undergo stretch.  
a) Composite confocal fluorescence image of an NIH3T3 in an intermediate stiffness matrix 
(matrix fibers (cyan), cytoplasm (magenta), and fiber-embedded beads (yellow); scale bar: 50 µm). 
b) Kymograph of a pair of microspheres embedded within the same fiber indicated by red arrows 
in (a) that is not directly engaged by the cell. c) Determination of fiber stretch ratio (relative to 
initial distance between fiducial markers) as a function of time. 
 
 
Supplementary Figure 4.5: Rupture of trailing edge concurrent with matrix recoil.  
a) Select frames from confocal fluorescence time-lapse imaging shown in Supplemental Movie 5 
of Lifeact-GFP expressing NIH3T3s within an aligned, intermediate stiffness matrix (matrix fibers 
(cyan), Lifeact-GFP (magenta); scale bar: 50 µm). Arrows indicate Lifeact-GFP puncta tethered 
to the matrix with matrix recoil. b) Select frames from confocal fluorescence time-lapse imaging 
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shown in Supplemental Movie 6 of Paxillin-GFP expressing NIH3T3s within an aligned, 
intermediate stiffness matrix (matrix fibers (cyan), cytoplasm (magenta), and paxillin (white), 
scale bar: 50 µm. Arrows highlight paxillin-rich puncta that remain tethered to the matrix within 
actin containing pieces of the cytoplasm that are separated from the cell upon matrix recoil. Roman 




Supplementary Figure 4.6: Confirmation of vinculin within ruptured trailing edge plaques 
that contain paxillin.  
a) Select frames from confocal fluorescence time-lapse imaging of NIH3T3-Lifeact-GFP cells 
within an aligned, intermediate stiffness matrix (matrix fibers (gray), Lifeact-GFP (magenta), and 
nuclei (yellow); scale bar: 50 µm). Matrix deformations are less visible due to low resolution 
imaging required for the sake of throughput. Arrow indicates Lifeact-GFP puncta tethered to 
matrix following matrix recoil. b) Confocal fluorescence images of identical location as in (a), 
subsequently immunostained for vinculin directly on the microscope stage (matrix fibers (gray), 




Supplementary Figure 4.7: Slingshot migration within 3D type I collagen hydrogels.  
a-b) Select frames from confocal fluorescence time-lapse imaging (Supplemental Movie 4.7) of 
embedded NIH3T3-Lifeact-GFP cell migrating within Alexa555-succidinyl ester labeled 1.0 mg 
ml-1 collagen 3D hydrogels (collagen-Alexa555 (cyan), Lifeact-GFP (magenta); scale bars: 50 
µm). Collagen gels were formed at 37° C (a) and 21° C (b). Arrows indicate Lifeact-GFP puncta 
left behind in the collagen following matrix recoil and slingshot migration. 
 
 
Supplementary Figure 4.8: Influence of contractility perturbations on slingshot migration. 
a) Relative migration speed (normalized to DMSO control for each matrix stiffness) upon 
treatment with 30 µM blebbistatin or 25 µM Y27362 treatment. b) Peak traction stress of NIH3T3s 
as a function of blebbistatin concentration measured via traction force microscopy on 7.9 kPa 
PAAm hydrogels. c-d) Migration speed, SSM population (quantified over a 6-hour duration) and 
SSM duration of NIH3T3s treated with an intermediate blebbistatin dosage (5 µM) on aligned, 
intermediate stiffness matrices. n=3 fields of view; field of view=10 cells (d). All data presented 
as mean ± s.d. * indicates a statistically significant comparison with p<0.05 (a, c-d: two-sided 





Supplementary Figure 4.9: Matrix stretch duration and recoil distance is dependent on 
intracellular contractility.  
Recoil distance (net translocation of cell) as a function of duration spent stretching the matrix. 
Dashed lines indicate corresponding linear correlations with indicated R2 and p-values (linear 






Supplementary Figure 4.10: Optimal stiffness for slingshot migration varies by cell type. 
Percentage of total imaging duration cells spent in some phase of matrix stretch and recoil (SSM 
duration) as a function of Young’s modulus for a variety of cell types (n=3 fields of view per 
group; field of view=10 cells). Dashed lines connect data points for each cell type. Data presented 








Supplementary Figure 4.11: SSM population and optimal SSM stiffness scales with total 
traction forces. 
a) NIH3T3 slingshot population on aligned, intermediate stiffness matrices (normalized to DMSO 
control) positively correlates with total contractile force determined by traction force microscopy. 
Dashed line indicates linear correlation with indicated R2 and p-value=0.0054 (linear regression). 
n=number of cells per group as indicated beside each data point. b) Matrix stiffness corresponding 
to optimal slingshot migration positively correlates with total contractile force for a variety of cell 
types. Dashed line indicates linear correlation with indicated R2 and p-value=0.0097 (linear 
regression). n=number of cells per group as indicated beside each data point. All data presented as 
mean ± s.d. 
 
 
Supplementary Movie 4.1: Representative confocal fluorescence time-lapse imaging (10x 
magnification) of NIH3T3 migration within aligned and non-aligned matrices of low, intermediate, 
and high stiffness (movies play successively and are labeled individually; matrix fibers (cyan), 





Supplementary Movie 4.2: Representative confocal fluorescence time-lapse imaging (32x 
magnification) of NIH3T3 migration within aligned matrices of low, intermediate, and high 
stiffness undergoing continuous migration and SSM within aligned matrices of intermediate 
stiffness (movies play successively and are labeled individually; matrix fibers (cyan), cytoplasm 







Supplementary Movie 4.3: High temporal resolution transmitted light time lapse imaging (5x 
magnification) of NIH3T3 migration undergoing matrix recoil within aligned matrix of 





Supplementary Movie 4.4: Representative confocal fluorescence time-lapse imaging (32x 
magnification) of NIH3T3 matrix deformations during migration within aligned matrices of low, 
intermediate, and high stiffness matrices (movies play successively and are labeled individually; 
matrix fibers (cyan), cytoplasm (magenta), fiber-embedded fluorescent microspheres (yellow); 





Supplementary Movie 4.5: Representative confocal fluorescence time-lapse imaging (32x 
magnification) of NIH3T3- LA-GFP migration within aligned, intermediate stiffness matrices 
(matrix fibers (cyan) and LifeactGFP (magenta); scale bar: 50 µm). Track marked in yellow 






Supplementary Movie 4.6: Representative confocal fluorescence time-lapse imaging (32x 
magnification) of NIH3T3- Paxillin-GFP migration within aligned, intermediate stiffness matrices 
(matrix fibers (cyan), cytoplasm (magenta), and paxillin (white); scale bar: 50 µm). Marked track 





Supplementary Movie 4.7: Representative confocal fluorescence time-lapse imaging (10x 
magnification) of embedded NIH3T3-LA-GFP within fluorescently labelled 1.0 mg ml-1 type I 
collagen hydrogels crosslinked at 37° C and 21° C (collagen-Alexa555 (cyan), and Lifeact-GFP 







Supplementary Movie 4.8: Representative transmitted light and fluorescence time-lapse imaging 
(10x magnification) of NIH3T3 migration within aligned, intermediate stiffness matrices treated 
with DMSO, 30µM blebbistatin, or 1.0 nM calyculin A. Note: transmitted light was utilized for 
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5.2 Abstract 
Angiogenesis is a complex morphogenetic process that involves intimate interactions 
between multicellular endothelial structures and their extracellular milieu. In vitro models of 
angiogenesis can aid in reducing the complexity of the in vivo microenvironment and provide 
mechanistic insight into how soluble and physical extracellular matrix cues regulate this process. 
To investigate how microenvironmental cues regulate angiogenesis and the function of resulting 
microvasculature, we multiplexed an established angiogenesis-on-a-chip platform that affords 
higher throughput investigation of 3D endothelial cell sprouting emanating from a parent vessel 
through defined biochemical gradients and extracellular matrix. We found that two fundamental 
endothelial cell functions, migration and proliferation, dictate endothelial cell invasion as single 
cells vs. multicellular sprouts. Microenvironmental cues that elicit excessive migration speed 
incommensurate with proliferation resulted in microvasculature with poor barrier function and an 
inability to transport fluid across the microvascular bed. Restoring the balance between migration 
speed and proliferation rate rescued multicellular sprout invasion, providing a new framework for 
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the design of pro-angiogenic biomaterials that guide functional microvasculature formation for 
regenerative therapies. 
5.3 Introduction 
 The microvascular network of arterioles, capillaries, and venules is a critical component of 
the circulatory system required for the function and maintenance of nearly every tissue in the 
human body. Once regarded simply as passive fluidic microstructures, it is now understood that 
the microvasculature (vessels <50 μm in diameter) dynamically alters its structure and function to 
service the changing metabolic demands of tissues (Aird, 2005; Huxley and Rumbaut, 
2000). Rapid changes in microvessel diameter through vasoconstriction or vasodilation allow for 
temperature and blood pressure regulation (Johnson et al., 2014). In response to tissue injury, local 
microvasculature rapidly adjusts permeability, enabling immune cells to extravasate and fight 
infection; over longer timescales, the microvasculature expands to revascularize the healing tissue 
(Tonnesen et al., 2000). Angiogenesis, the formation of new microvasculature from an existing 
parent vessel, is the predominant method by which microvasculature extends and is critical to 
tissue healing and homeostasis (Fraisl et al., 2009). Indeed, dysregulated angiogenesis producing 
excessive or insufficient microvasculature is a hallmark of many diseases, and as such, 
microvascular morphology and function are clinical indicators of pathology (Carmeliet, 2005; 
Wimmer et al., 2019). During cancer progression for example, abnormal gradients of soluble pro-
angiogenic factors recruit endothelial cells (ECs) from adjacent tissues to invade into the tumor 
stroma (Carmeliet and Jain, 2000). This rapid and excessive angiogenesis results in a high density 
of disorganized and highly permeable neovessels that facilitates tumor growth and provides 
metastatic access (Siemann, 2011). In contrast, insufficient angiogenesis impairs tissue 
regeneration for example in cardiac ischemia or diabetic foot ulcers (Martin et al., 2003). An 
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understanding of how the surrounding microenvironment appropriately guides the formation of 
functional microvasculature rather than excessive or insufficient angiogenesis in disease contexts 
would be critical to designing vascularized biomaterials for regenerative medicine and novel 
therapies to treat vasculopathies (Losordo and Dimmeler, 2004; Novosel et al., 2011; Wimmer et 
al., 2019).  
Observations consistent across a wide range of in vivo and in vitro models of angiogenesis 
have established several key steps including (1) chemokine gradients promoting endothelial tip 
cell formation and directed invasion into the extracellular matrix (ECM), (2) collective migration 
of leading tip cells and ensuing stalk cells, (3) proliferation and lumenization of the invading 
strand, and (4) maturation into functional neovasculature (Francavilla et al., 2009; Potente et al., 
2011). Each of these steps is regulated by both biochemical and physical microenvironmental cues 
presented by the surrounding ECM, the 3D fibrous, collagenous meshwork through which EC 
sprouts navigate (Crosby and Zoldan, 2019). As characterizing and tuning microenvironmental 
cues (e.g. profiling biochemical gradients and controlling physical ECM properties) is 
challenging in vivo, in vitro models have proven instrumental in providing mechanistic insight into 
each step of angiogenesis (Nowak-Sliwinska et al., 2018). To build our understanding of how ECs 
migrate collectively, 2D scratch wound assays are widely utilized. While these assays have 
provided detailed insight into the molecular pathways governing collective migration of EC 
monolayers (Hayer et al., 2016), the model fails to recapitulate the 3D nature of sprouting 
morphogenesis (Baker and Chen, 2012). EC outgrowth assays from spheroids or microbead 
carriers embedded within 3D ECM have been instrumental in studying the role of matrix 
proteolysis and tip vs. stalk cell identity and dynamics (Bordeleau et al., 2017; Gerhardt et al., 
2003; Ghajar et al., 2006; Jakobsson et al., 2010; Juliar et al., 2018). However, sprouts in these 
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models do not originate from an accessible lumenized parent vessel, making it difficult to assess 
key microvascular functions such as fluidic connectivity and permeability. More recently, 
advances in biomicrofluidics and efforts to engineer tissues-on-chips have generated 3D human 
engineered microvessels (Akbari et al., 2017; Chen et al., 2017; Polacheck et al., 2017); these 
models have been utilized to study how chemokine gradients, ECM degradability, shear stress and 
support cells regulate vessel barrier function, EC sprouting and tumor and immune cell 
extravasation (Alimperti et al., 2017; Chen et al., 2017; Nguyen et al., 2019; Polacheck et al., 2017; 
Trappmann et al., 2017). While much information has been learned from these various models, 
how EC migration speed and proliferation – two fundamental cell processes required for 
angiogenesis – influence the formation and function of subsequent microvasculature remains 
unresolved. 
In this work, we multiplexed a microfluidic device that recapitulates key aspects of 
sprouting morphogenesis, namely the directional, chemokine-driven invasion of ECs from the 
stable and quiescent endothelium of a fluid-bearing arteriole-scale parent vessel into the 
surrounding 3D ECM. We used this biomimetic model to investigate how soluble and physical 
ECM properties regulates EC invasion speed and proliferation during sprouting and how 
independently tuning the rate of these two basic cell functions influences the quality of formed 
microvasculature. We find that the formation of functional microvasculature capable of 
transporting fluid and performing barrier function requires a delicate balance between EC 
migration speed and proliferation rate. Furthermore, we demonstrate that aberrant angiogenic 
sprouting driven by altered physical and soluble microenvironmental cues can in fact be rescued 
by correcting the imbalance between these two fundamental EC functions. As the proper 
vascularization of large tissue engineered constructs remains an outstanding challenge for the 
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biomedical engineering community, the findings of this work establish a new framework for 
biomaterial design parameters that balance EC migration speed and proliferation to optimally 
generate functional microvasculature. 
 
5.4 Results 
5.4.1 Multiplexed angiogenesis-on-a-chip platform 
To investigate how soluble and physical microenvironmental cues regulate angiogenic 
sprouting, we adapted a previously established microfluidic device that recapitulates 3D EC 
sprouting morphogenesis from the stable, quiescent endothelium of a parent vessel (Nguyen et al., 
2013; Trappmann et al., 2017). The parent vessels modeled in this work possess a diameter that 
lies near the upper end of values previously described for arterioles, but lack additional support 
cells such as vascular smooth muscle cells and pericytes (Kinstlinger and Miller, 2016; Traore and 
George, 2017). We improved the fabrication throughput of these devices by reducing their 
assembly to a single layer design in addition to multiplexing the number of devices resulting from 
each fabrication such that a single chip contains a 2 × 4 array of devices (Figure 5.1a). To generate 
parent vessels in these devices, a hydrogel precursor solution is first injected through device ports 
and is allowed to crosslink around two parallel needles (300 μm diameter) suspended across each 
device's central chamber (Figure 5.1a-b). The void space created after needle extraction forms a 
pair of parallel hollow channels fully embedded within extracellular matrix (ECM) terminating in 
two media reservoirs (Figure 5.1b). ECs seeded into one channel of each device attach to the inner 
channel surface and self-assemble into a perfused endothelialized tube serving as the parent vessel 
(300 μm diameter, 3 mm length) (Figure 5.1c-e). Within 24 hours, the assembled EC monolayer 
of the engineered parent vessel localizes VE-cadherin to cell–cell junctions and maintains a 
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consistent diameter and cell density over a range of collagen densities (Figure 5.1d and 
Supplemental Figure 5.1a-d). 
 
 
Figure 5.1: Multiplexed angiogenesis-on-a-chip platform.  
a) PDMS replica casts from 3D-printed moulds are bonded to glass coverslips. Each chip is 
composed of a 2 × 4 array of single devices. A pair of needles are inserted into each device, and 
type I collagen solution is injected into each device and gelled around needles. Hollow channels 
are generated upon needle removal. b) Inserted needles are suspended above the glass coverslip 
bottom and below the PDMS housing to form 3D channels fully embedded within a collagen 
hydrogel. Each device is composed of two parallel channels. The endothelial channel (ECh) is 
seeded with endothelial cells to form the parent vessel. Pro-angiogenic factors are added to the 
chemokine channel (CCh) and form a diffusive gradient to promote 3D endothelial cell invasion 
across the collagen hydrogel. c) Representative images of x–z (top) and x–y (bottom) orthogonal 
views of parent vessels formed within fluorescently labeled 3 mg ml−1 collagen hydrogel 24 hours 
post-seeding. Insets indicated with dashed white lines. d) Representative images of x–y (max 
intensity projection) formed within a 3 mg ml−1 collagen hydrogel 24 hours post-seeding. Merge 
(top), F-actin (middle), VE-cadherin (bottom). e) 3D rendering of parent vessel formed within 
fluorescently labeled 3 mg ml−1 collagen hydrogel. 
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5.4.2 Soluble factors regulate multicellular sprouting 
Utilizing 3 mg ml−1 collagen, parent vessels cultured in EGM2 proved stable as single ECs 
minimally invaded (5.5 ± 14.9 μm) into the ECM over 5 day culture under continual reciprocating 
flow (Figure 5.2a, c). To induce EC invasion, we introduced an established EC chemoattractant, 
sphingosine 1-phosphate (S1P), to the adjacent chemokine channel to produce a diffusive gradient 
that drives directional 3D EC invasion through the ECM (Nguyen et al., 2013; Paik et al., 2001; 
Trappmann et al., 2017). We found EC invasion depth over 5 day culture to be dependent on [S1P], 
with increasing [S1P] resulting in increased invasion speed (Figure 5.2a, c). To assess the 
morphologic quality of EC invasion, we categorized ECs as isolated single cells or multicellular 
sprouts and determined the ratio of sprouts to single cells as a metric of invasion multicellularity. 
Due to variations in invasion depth across conditions, we restricted quantification of single cells 
to 150 μm from the leading invasive front and defined sprouts as contiguous multicellular 
structures with a length greater than half the max invasion depth (Supplementary Figure 5.2). 
Although [S1P] clearly mediated cell invasion in a dose-dependent manner, the phenotype of 
invading ECs was primarily as single, disconnected cells and multicellular sprouts were rarely 
observed (Figure 5.2a, c, e-g). Due to the low levels of EC proliferation observed in these 
conditions (Figure 5.2d) and given previous evidence that EC proliferation is required for 
angiogenesis in vivo (Ausprunk and Folkman, 1977; Pontes-Quero et al., 2019), we hypothesized 
that enhancing proliferation rates would increase the number of ECs collectively invading as 
multicellular sprouts. Media supplementation with 25 ng ml−1 phorbol 12-myristate 13-acetate 
(PMA), another well-established pro-angiogenic factor and potent activator of PKC (Cross et al., 
2010; Nguyen et al., 2013; Osaki et al., 2015; Trappmann et al., 2017), resulted in elevated 
proliferation rates as assayed by EdU incorporation (Figure 5.2d). Few invading ECs were 
 108 
observed at 0 nM S1P with 25 ng ml−1 PMA implying that the addition of PMA alone does not 
induce EC invasion (Figure 5.2b-c). Invasion speed remained S1P dose-dependent in the presence 
of 25 ng ml−1 PMA while proliferation rates proved independent of S1P dose (Figure 5.2b-d). In 
support of our hypothesis, PMA supplementation and elevated EC proliferation corresponded to 
significant increases in the number of invading multicellular sprouts at each level of [S1P] (Figure 
5.2d-g, Supplemental Figure 5.3, Supplemental Movie 5.1, Supplemental Movie 5.2, and 
Supplemental Movie 5.3). In conditions with 25 ng ml−1 PMA, sprout invasion depth over 5 day 
culture anti-correlated with the ratio of multicellular sprouts to single ECs (Figure 5.2c, g); the 
highest level of S1P (500 nM) resulting in the fastest invasion speed, most single cells, and fewest 
multicellular sprouts (Figure 5.2c, e, f). These data clearly indicate proliferation in this model is a 
requirement for multicellular sprout invasion, supporting previous observations in vivo (Ausprunk 
and Folkman, 1977; Pontes-Quero et al., 2019). Furthermore, while a chemokine gradient is an 
additional key requirement for angiogenesis, stronger gradients that increase invasion speed elicit 
a single cell migration phenotype in lieu of multicellular sprouts. 
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Figure 5.2: Soluble factors modulate EC invasion, proliferation, and multicellular sprouting. 
a) Representative images (max intensity projection) of invading endothelial cells in response to 
varying [S1P]. b) Representative images (max intensity projection) of invading endothelial cells 
in response to varying [S1P] with 25 ng ml−1 PMA. F-actin (cyan), nucleus (magenta), and dashed 
white lines indicate parent vessel edge (a and b). c–g) Quantifications of invasion depth, 
proliferation, and morphology of invading endothelial cells as single cells or multicellular sprouts. 
h) Representative images (max intensity projection) of invading endothelial cells in response to 
varying [PMA] with 250 nM S1P. i–m) Quantifications of invasion depth, proliferation, and 
morphology of invading endothelial cells as single cells or multicellular sprouts. UEA (cyan), 
nucleus (magenta), EdU (yellow). All data presented as mean ± s.d.; * indicates a statistically 
significant comparison with P < 0.05 (one-way analysis of variance). For invasion depth analysis 
(c and i), n ≥ 32 vessel segments (each 100 μm length) per condition; for proliferation and 
migration mode analysis (d–g, j–m), n = 12 vessel segments (each 800 μm length) per condition 
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To investigate the effects of proliferation rates on multicellular angiogenic sprouting, we 
next varied [PMA] while maintaining [S1P] constant at 250 nM. Proliferation rates proved PMA 
dose-dependent and positively correlated with the number of multicellular sprouts (Figure 5.2h, 
j-m, Supplemental Figure 5.3, Supplemental Movie 5.4 and Supplemental Movie 5.5). 
Although PMA alone did not induce EC invasion (Figure 5.2b-c), increasing [PMA] in the 
presence of S1P resulted in a biphasic relationship with invasion depth (Figure 5.2i). The influence 
of increasing [PMA] from 0 to 25 ng ml−1 on increased invasion depth may be due to a greater 
number of invading cells, each of which secretes matrix metalloproteinases (MMPs). Elevated 
MMP levels would hasten localized matrix degradation, allowing ECs to more rapidly generate 
open space within 3D ECM required to advance forward. Interestingly, at the highest tested 
concentration of PMA resulting in the most proliferation, invasion depth decreased (Figure 5.2i). 
As cells are transiently non-migratory during mitosis, this decrease may stem from frequent 
proliferative events hampering efficient migration of ECs. Varying [PMA] and thus PKC 
activation may have multiple downstream effects, so we treated ECs with mitomycin C (a 
crosslinker that prevents DNA replication and inhibits mitosis) to confirm the role of proliferation 
as the primary effector of enhancing multicellular sprout invasion. Even in the presence of the 
highest level of PMA, proliferation-inhibited ECs invaded only as single cells with significantly 
decreased invasion depth as compared to controls (Supplemental Figure 5.4a-f). These studies 
therefore indicate cell proliferation is not only required for multicellular sprout invasion, but 
additionally influences the rate at which sprouts traverse 3D ECM. 
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In the experiments above individually modulating migration speed and proliferation, 
higher migration speeds resulted in disconnected single EC invasion while increasing proliferation 
rates enhanced multicellular sprouting. We thus hypothesized that proliferation rate commensurate 
with invasion speed is essential to the collective invasion of multicellular sprouts. Indeed, 
proportionally increasing or decreasing both [S1P] and [PMA] simultaneously resulted in invasion 
depth and proliferation rate increases or decreases, respectively, but did not alter the ratio of 
multicellular sprouts to single ECs (Figure 5.3a-g). This suggests that multicellular angiogenic 
sprouting requires a critical balance between EC invasion speeds and proliferation rates, which 
can be finely tuned by these two established soluble pro-angiogenic factors. While balanced 
soluble conditions maintained similar invasion multicellularity, the magnitude of these cues 
influenced sprout diameter, with higher levels of S1P and PMA increasing sprout diameter (Figure 
5.3a, b, h). Larger neovessel diameters would allow for increased fluid transport, but smaller 
diameter vessels would allow for increased capillary density and more efficient nutrient-waste 
exchange. Although this requires further exploration, including investigation of the influence of 
vascular smooth muscle cells and pericytes that support microvasculature in vivo (Grainger et al., 
2013; Kosyakova et al., 2020), here we demonstrate that tuning concentrations of soluble factors 
regulates EC sprout diameters within the diameter range of microvasculature (<50 μm) (Aird, 
2005; Kinstlinger and Miller, 2016; Traore and George, 2017).  
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Figure 5.3: Multicellular sprouting requires balanced migration and proliferation. 
a) Representative images (max intensity projection) of invading endothelial cells in response to 
proportional variations of [S1P] and [PMA]. UEA (cyan), nucleus (magenta), EdU (yellow). b) 
Representative sprout outlines from conditions in (a). c–h) Quantifications of invasion depth, 
proliferation, morphology of invading endothelial cells as single cells or multicellular sprouts, and 
sprout diameter. All data presented as mean ± s.d.; * indicates a statistically significant comparison 
with P < 0.05 (one-way analysis of variance). For invasion depth analysis (c), n ≥ 36 vessel 
segments (each 100 μm length) per condition. For proliferation and migration mode analysis (d–
g), n = 12 vessel segments (each 800 μm length) per condition from n = 2 devices/condition 
(technical replicates) over n ≥ 4 independent studies (biological replicates). For sprout diameter 
analysis (h), n ≥ 56 sprout segments. 
 
 
5.4.3 Differential roles of tip and stalk endothelial cells 
Previous work indicates that tip cells responsive to angiogenic chemokine gradients lead 
invading sprouts by degrading the ECM and guiding ensuing stalk cells (Francavilla et al., 2009; 
Potente et al., 2011). To investigate whether tip cells require chemokine receptors, we performed 
mosaic sprouting studies where untreated ECs were mixed with GFP-labeled ECs pre-treated with 
FTY720 (FTY720-GFP-ECs), an S1P receptor inhibitor. Preliminary studies confirmed the 
inhibitory effect of FTY720, as ECs pre-treated with 100 nM FTY720 prior to device seeding 
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demonstrated minimal invasion over 5 day culture despite appropriate soluble conditions of 250 
nM S1P and 25 ng ml−1 PMA (S250 : P25) (Supplemental Figure 5.5a-b). Furthermore, when 
ECs were allowed to sprout for 3 days prior to FTY720 treatment, subsequent S1P receptor 
inhibition halted any further advance of already established sprouts (Supplemental Figure 5.5a-
b). Performing mosaic studies with controlled ratios of FTY720-GFP-ECs vs. untreated ECs, a 
higher fraction of FTY720-GFP-ECs decreased invasion depth, the number of single ECs, and 
thereby enhanced sprout multicellularity as evident by increased sprout–single cell ratios (Figure 
5.4a, e-i). Furthermore, FTY720-GFP-ECs primarily remained in the parent vessel and did not 
assume the tip cell position of invading sprouts. FTY720-GFP-ECs were occasionally found within 
sprout stalks, suggesting that pushing or pulling forces from adjacent stalk cells may enable the 







Figure 5.4: Invading tip cells require chemokine receptors but do not require proliferative 
capacity. 
a) Representative images (max intensity projection) of invading endothelial cells with S250 : P25 
and varying ratios of treated GFP-EC to untreated EC with indicated treatment. UEA (cyan), 
nucleus (magenta), EdU (yellow), GFP-EC (white). b) Histogram of EdU+ and EdU− invaded 
endothelial cells with S250–P25 after 5 day culture. c) Ratio of EdU+ to EdU− endothelial cells 
from (b). d) Percentage of EdU+ tip or stalk cells from (b). e–i) Quantifications of invasion depth, 
proliferation, and morphology of invading endothelial cells as single cells or multicellular sprouts. 
All data presented as mean ± s.d.; * indicates a statistically significant comparison with P < 0.05 
(two-tailed Student's t-test (d) and one-way analysis of variance (e–i)). For spatial EdU analysis (b 
and c), n ≥ 192 cells. For tip vs. stalk proliferation analysis (d), n = 5 vessel segments (each 800 
μm length). For invasion depth analysis (e), n ≥ 37 vessel segments (each 100 μm length) per 
condition. For proliferation and migration mode analysis (f–i), n = 6 vessel segments (each 800 
μm length) per condition from n = 2 devices/condition (technical replicates) over n ≥ 3 
independent studies (biological replicates). 
 
Previous work in vivo has shown that the frequency of proliferation is spatially segregated 
by EC subtype (i.e. tip and stalk ECs) (Gerhardt et al., 2003; Pontes-Quero et al., 2019). Examining 
the localization of proliferation during sprouting angiogenesis in this model, ECs at the invasion 
front were indeed the least proliferative (Figure 5.4b-c). Furthermore, while only a small 
percentage of tip ECs underwent proliferation, the majority of EdU+ nuclei were positioned within 
sprout stalks closest to the parent channel (Figure 5.4b-d). To test whether tip cells require 
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proliferative capacity, we performed additional mosaic studies seeding parent vessels with 
mixtures of mitomycin C pre-treated GFP-labeled ECs (MitoC-GFP-EC) and untreated ECs. At 
low mosaic ratios (5% MitoC-GFP-EC) where overall sprouting was not influenced by non-
proliferating ECs, MitoC-GFP-ECs were observed at the tip cell position, confirming previous 
observations in vivo that tip cells do not require the capacity to proliferate (Figure 5.4a, e-i) 
(Gerhardt et al., 2003; Pontes-Quero et al., 2019). At high mosaic ratios (50% MitoC-GFP-EC), 
overall proliferation rates decreased as expected (Figure 5.4f). While impaired proliferation 
should decrease multicellular sprouting based on the studies above (Figure 5.2h-m), invasion 
speeds also decreased such that the balance between migration speed and proliferation was 
maintained and the number of multicellular sprouts did not differ from controls (Figure 5.4e, f, 
h). With decreased invasion speed, fewer tip cells at the invasive front broke away as single cells 
resulting in enhanced ratios of sprouts to single cells (Figure 5.4g-i). Taken together, tip and stalk 
cells perform differential roles during sprouting and possess distinct requirements for chemotaxis 
and proliferation. Tip cells require chemokine receptors to migrate in response to soluble gradients, 
but do not require proliferative capacity; in contrast, proliferation primarily occurs in ensuing stalk 
cells, perhaps providing a requisite cell density needed to maintain intercellular connectivity within 
the invading multicellular structure. 
5.4.4 Functional assessment of fluidic connectivity and permeability 
A critical function of microvasculature is the transport of nutrients, waste, platelets, and 
immune cells. To assess the patency and fluidic connectivity of neovessels, we allowed ECs to 
fully traverse the 1.1 mm wide collagen matrix and reach the adjacent CCh. Time-lapse confocal 
imaging while introducing fluorescent microspheres (Ø = 1 μm) into ECh reservoirs enabled rapid 
assessment of flow across the formed vascular bed (ECs spanning ECM). In vascular beds 
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generated under balanced levels of invasion speed and proliferation rates (i.e. conditions resulting 
in high sprout–single ratios), beads readily flowed through the neovessel network spanning across 
ECh to CCh, demonstrating fluidic connectivity of functional microvasculature (Figure 5.5a). In 
stark contrast, dysfunctional microvascular beds formed with excessively high invasion speed 
(S500 : P25) or deficient proliferation (S250 : P10) resulting in disconnected sprouts (i.e. low 
sprout–single ratio), fluorescent microspheres failed to flow across the ECM space and remained 
sequestered near the endothelialized parent channel (Figure 5.5a). Indeed, max intensity 
projections of the full height of the 3D vascularized ECM revealed a complete absence of bead 





Figure 5.5: Balanced migration and proliferation optimize microvasculature fluidic 
connectivity and permeability. 
a) Representative time course images of 1 μm bead flow across vascular beds formed with 
balanced cues (top), low proliferation (middle), and high migration (bottom). Nucleus (magenta), 
F-actin (cyan), beads (yellow). b) Max intensity projection at steady state from (a); red dashed 
lines indicate ECh and CCh edges. F-actin (cyan), beads (yellow). c) Quantification of sprouts 
incapable of fluidically transporting beads. d) Quantification of diffusive permeability of 70 kDa 
dextran. e) Representative heat map images of 70 kDa dextran diffusion across neovessels within 
vascular beds formed with balanced cues (left), low proliferation (center), and high migration 
(right). White dashed lines indicate vessel edge. All data presented as mean ± s.d.; * indicates a 
statistically significant comparison with P < 0.05 (one-way analysis of variance). n = 5 devices per 
condition (c), n = 6 neovessels per condition (d). 
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Barrier function and endothelial permeability regulated by cell–cell junctions are a closely 
related aspect of microvascular function (Polacheck et al., 2017). To assess the permeability of 
formed vascular beds, we introduced fluorescent 70 kDa dextran to the endothelial parent channel 
after ECs fully traversed the collagen matrix reaching the adjacent CCh, allowed flow across the 
vascular bed, and time-lapse imaged dextran diffusion across neovessel walls into the surrounding 
ECM. Low permeability was only achieved when vascular beds were formed under soluble cues 
that balanced invasion speed with proliferation rates (Figure 5.5d-e), and are comparable to 
reported values in vivo of protein diffusion across capillaries (4.3 × 10−6 cm s−1) (Adamson et al., 
1988). Interestingly, in both bead flow and permeability assessments, imbalanced soluble 
conditions resulting in disconnected sprouts were composed of neovessels that were highly 
permeable at the tip cell position, such that 1.0 μm beads collected in the adjacent ECM (Figure 
5.5c). Taken together, multicellular invasion driven by soluble cues that balance invasion and 
proliferation yields fluidically functional microvascular beds with low permeability. Beyond these 
two features critical for transport, future efforts are required to assess other key functions of the 
microvasculature including gas exchange, regulation of permeability in response to inflammatory 
cytokines, and the ability to initiate the clotting cascade upon disruption of the endothelium. 
5.4.5 Matrix density regulates sprouting speed and morphology 
In addition to soluble cues, physical properties of the ECM are known to regulate EC 
morphology and function during angiogenesis (Crosby and Zoldan, 2019). We hypothesized that 
independent of soluble cues, physical ECM cues may also influence the balance between EC 
migration speed and proliferation, and therefore invasion as multicellular sprouts. For example, 
ECM density, stiffness, and degradability define the susceptibility of ECM to proteolytic activity 
required for 3D migration (Bordeleau et al., 2017; Ghajar et al., 2008; Trappmann et al., 2017). To 
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investigate whether physical properties of ECM influence EC invasion as multicellular sprouts we 
tuned ECM density by modulating collagen concentration (all previous studies were performed in 
3 mg ml−1 collagen). Maintaining constant soluble cues of S250 : P25, increasing collagen density 
resulted in decreased invasion depth over 3 day culture (Figure 5.6a, d). Interestingly, varying 
collagen density from 2–6 mg ml−1 did not significantly alter EC proliferation rates, perhaps due 
to PMA's potent enhancement of proliferation (Figure 5.6e). Mimicking the response of EC 
invasion speed to [S1P] (Figure 5.2c), decreasing matrix density increased EC invasion speeds 
with a parallel shift in the morphology of invading ECs from primarily multicellular sprouts 
towards single cells (Figure 5.6d, f-h). Time-lapse imaging capturing the dynamics of EC invasion 
revealed that tip ECs break away from the parent vessel more frequently in matrices with low 
collagen density (Figure 5.6b-c). Furthermore, within multicellular sprouts, tip cells were also 
observed to lose connectivity with trailing stalk cells (Supplemental Figure 5.6). 
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Figure 5.6: Increasing collagen density decreases invasion speed and enhances multicellular 
sprouting. 
a) Representative images (max intensity projection) of invading endothelial cells in response to 
varying collagen density with S250 : P25. UEA (cyan), nucleus (magenta), EdU (yellow). b) 
Representative time course images (max intensity projection) of invading endothelial cells (labeled 
with cell tracker dye) in response to varying collagen density with S250 : P25. F-actin (cyan) and 
nucleus (magenta). c) Quantification of the frequency of tip cell breakage events from the parent 
vessel. d–h) Quantifications of invasion depth, proliferation, and morphology of invading 
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endothelial cells as single cells or multicellular sprouts from conditions in (a). i) Representative 
images (max intensity projection) of invading endothelial cells in 2 mg ml−1 collagen with control 
(S250 : P25), decreased S1P (S100 : P25), and MMP inhibition (S250 : P25). F-actin (cyan) and 
nucleus (magenta). j–m) Quantifications of invasion speed, and morphology of invading 
endothelial cells as single cells or multicellular sprouts. All data presented as mean ± s.d.; * 
indicates a statistically significant comparison with P < 0.05 (two-tailed Student's t-test (c, j–m) 
and one-way analysis of variance (d–h)). For tip cell breakage analysis (c), n = 9 vessel segments 
(each 400 μm length) per condition. For invasion depth analysis (d), n ≥ 80 vessel segments (each 
100 μm length) per condition. For proliferation and migration mode analysis (e–h and k–m), n ≥ 6 
vessel segments (each 800 μm length) per condition from n = 2 devices/condition (technical 
replicates) over n ≥ 3 independent studies (biological replicates). For invasion speed analysis 
(j), n ≥ 81 vessel segments (each 100 μm length) per condition. n) Schematic illustration 
highlighting the relationship between endothelial cell migration and proliferation on invasion 
morphology as multicellular sprouts (top; balanced migration and proliferation) vs. single cells 
(bottom; excessive migration or insufficient proliferation). Soluble (green) and physical 
extracellular matrix (red) cues influence this balance in addition to other potential cell functions 
(black) that may regulate multicellular sprouting and formation of functional microvasculature. 
 
We thus hypothesized that reducing EC invasion speed in low density collagen would 
rescue multicellular sprout invasion by allowing trailing stalk cells to maintain intercellular 
connectivity with leading tip cells. We first decreased EC invasion speed by reducing the strength 
of the chemokine gradient. Decreasing [S1P] from 250 nM to 100 nM resulted in decreased 
invasion speed and increased EC invasion as multicellular sprouts (Figure 5.6i-m). To reduce 3D 
migration speed without modifying the chemokine gradient, we treated ECs with low doses of 
marimastat (1 mM) to reduce MMP activity. In similar fashion to decreased [S1P], marimastat 
treatment decreased invasion speed and increased EC invasion as multicellular sprouts (Figure 
5.6i-m). Taken together, an interplay of soluble and physical microenvironmental cues regulate 
EC migration and proliferation, and a critical balance between these two basic cell functions is 




5.5 Discussion  
EC migration and proliferation have been previously identified as key requirements for the 
formation of microvasculature in several models of angiogenesis (Ausprunk and Folkman, 1977; 
Pontes-Quero et al., 2019), but the relationship between these two fundamental cell functions has 
not been established. Furthermore, assessing the integrity of multicellular sprouts and resulting 
function of formed microvasculature has been challenging in previous in vitro model systems. In 
this work, we streamlined the fabrication of a multiplexed microfluidic device that recapitulates 
key aspects of 3D angiogenic sprouting and enables functional assessments of microvasculature 
fluidic connectivity and diffusive permeability. Tuning soluble and physical microenvironmental 
factors that affect EC migration and proliferation, we found that these two fundamental cell 
functions must be in balance to drive multicellular strand-like invasion of connected lumenized 
sprouts. Furthermore, microenvironmental conditions that balanced EC migration and 
proliferation yielded fluidically patent microvasculature with low diffusive permeability, two key 
traits of functional microvasculature. In stark contrast, imbalanced soluble or physical 
microenvironmental cues that elicited disproportionate migration and proliferation caused tip cells 
to break away from ensuing stalk cells; this resulted in disconnected ECs, blunt ended sprouts, 
fluidic leakiness, and high diffusive permeability. 
While here we examined ECM density by tuning collagen concentration, our previous work 
demonstrates that ECM degradability also regulates the relationship between EC invasion speed 
and single vs. collective migration phenotypes, where highly degradable synthetic hydrogels 
increased EC invasion speed and invasion as single cells (Trappmann et al., 2017). Of note, these 
synthetic matrices elicited limited EC proliferation. Coupled with the findings presented here 
where proliferation rates positively correlated with the diameter of lumenized neovessels, 
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insufficient proliferation may in part explain why multicellular sprouts failed to lumenize in our 
previous studies employing synthetic matrices. We posit that pro-angiogenic materials must ensure 
multicellular invasion and also support subsequent lumenization, with proliferation potentially 
impacting both of these key steps of angiogenesis. As such, future investigations should aim to 
connect matrix structure and mechanics to EC proliferation, local density, and cytoskeletal 
organization during neovessel lumenization. Given the highly dynamic nature of both cells and 
surrounding matrix during angiogenic sprouting, the use of live imaging techniques and reporters 
for both cell and matrix state will be essential to these endeavors (Juliar et al., 2018; Kirkpatrick 
et al., 2007; Vaeyens et al., 2020). Other cell functions that influence 3D cell migration efficiency 
such as proteolytic activity, cell–cell and cell–ECM adhesions, nuclear rigidity, and cytoskeletal 
contractility may also feed into whether cells migrate as single cells vs. collective multicellular 
strands (Figure 5.6n) (Fraley et al., 2010; Krause et al., 2019; Trappmann et al., 2017; Wang et 
al., 2018, 2019). Cell migration mode is critical in both developmental and disease processes 
(Friedl and Gilmour, 2009). Cancer cells, for example, display a diversity of migratory phenotypes 
during metastasis including single cells or collective strands (Wang et al., 2019; Wolf et al., 
2007). How microenvironmental cues regulate cell invasion mode and further, how invasion mode 
subsequently impacts metastatic efficiency are both important unanswered questions. 
A balance of pro- and anti-angiogenic factors normally guide physiologic angiogenesis, 
but in many diseases an imbalance of soluble factors can dysregulate angiogenesis (Carmeliet and 
Jain, 2000). Prior to metastasis, primary tumors stimulate rapid angiogenesis to sustain the 
increasing metabolic demand of the growing tumor mass (Almog et al., 2009). The tumor 
vasculature, however, is disorganized and hyperpermeable with heterogeneous EC populations and 
acellular gaps along the vessel wall (Hashizume et al., 2000; Siemann, 2011; Di Tomaso et al., 
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2005). In our model system, high [S1P] drove excessively high EC invasion speeds resulting in 
disconnected and highly permeable microvasculature, mimicking the rapid assembly of poor 
quality tumor vasculature. Indeed, elevated S1P levels have previously been observed in breast 
cancer murine models, where paracrine signaling from breast cancer cells secreting S1P enhances 
tumor angiogenesis and tumor burden (Nagahashi et al., 2012; Takabe et al., 
2010). Hyperpermeable, tortuous vasculature impairs proper blood flow, which hampers 
traditional therapeutic delivery and oxygen transport. Hypoxic conditions further reduce the 
susceptibility of the tumor to radio- and chemotherapy (DeClerck and Elble, 2010). Given recent 
efforts to normalize vascular phenotype to better treat solid tumors, on-a-chip models integrating 
cancer cells with disorganized vasculature could provide a novel testbed for anti-cancer strategies 
focused on rescuing tumor microvasculature phenotype and function (Jain, 2005). Based on the 
findings of our work, localized delivery of EC-targeting therapeutics that dually modulate invasion 
and proliferation may prevent or slow the progression of angiogenesis-mediated diseases. 
Besides excessive angiogenesis, insufficient angiogenesis also contributes to disease 
progression. Seemingly paradoxical, both excessive and insufficient angiogenesis occur 
simultaneously in distinct organs of patients suffering from diabetes mellitus(Martin et al., 
2003). In the retina, the onset of EC proliferation delineates the transition between low (non-
proliferative) and high (proliferative) grade diabetic retinopathy where rapid angiogenesis forms 
hyperpermeable microvasculature that contributes to eventual blindness (Durham and Herman, 
2011). Many of these same patients also present with impaired angiogenesis in the lower 
extremities, which inhibits wound healing and contributes to chronic diabetic foot ulcers (Martin 
et al., 2003). A close examination of EC proliferation and invasion during angiogenesis through 
the lens of altered soluble and physical microenvironmental factors in diabetic tissues could help 
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inform new strategies to halt or promote angiogenesis in the retina or skin, respectively. Outside 
of diabetes, there are currently no available therapies to address insufficient angiogenesis in 
ischemic conditions such as critical limb and cardiac ischemia (Losordo and Dimmeler, 
2004). Towards the design of vascularized tissue transplants to treat such conditions, this work 
emphasizes a need for balanced EC migration and proliferation for functional angiogenesis. 
The vascularization of large bioengineered tissue constructs at organ relevant scales 
remains an outstanding challenge in the tissue engineering and regenerative medicine community 
(Novosel et al., 2011). Recent advances in 3D printing technologies enable exquisite control over 
arteriole and venule scale microchannels in synthetic hydrogel matrices, with such constructs 
subsequently endothelialized by flow-through seeding (Grigoryan et al., 2019). However, current 
3D bioprinting approaches cannot achieve the 5–25 μm diameter length scale relevant to capillaries 
(Aird, 2005; Gong et al., 2015; Traore and George, 2017). Furthermore, given that capillaries are 
narrower than fluid-suspended ECs (20–30 μm), flow-through seeding would prove difficult. 
Therefore, an integrated approach of 3D printed arteriole/venule-scale vasculature followed by 
controlled angiogenesis to elaborate the smallest scale capillaries may hold the most promise for 
generating functional hierarchical microvascular beds with potential for surgical integration 
(Mirabella et al., 2017). However, a key challenge will be identifying hydrogel properties that 
enable high fidelity 3D printing while supporting angiogenesis, as several reports have indicated 
EC mechanosensitivity during migration, proliferation, and sprouting (Bordeleau et al., 2017; 
Crosby and Zoldan, 2019; Davidson et al., 2019; Ghajar et al., 2008; Juliar et al., 2020; Trappmann 
et al., 2017). Overall, continued efforts to carefully dissect how architectural and mechanical 
attributes of the surrounding 3D space influence angiogenesis are critical (Figure 5.6n). Here, we 
utilized collagen hydrogels to model the collagenous stroma where angiogenesis typically occurs. 
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However, it is challenging to orthogonally tune material properties such as stiffness, degradability, 
and ligand density in natural materials such as collagen (Li et al., 2017a). Thus, the continued 
development of synthetic hydrogels and their integration with microfluidic devices will be critical 
to shedding deeper insight into how specific aspects of the ECM regulate angiogenesis. As many 
commonly utilized synthetic hydrogels lack the fibrous architecture of native tissues, recent 
developments in fiber-reinforced synthetic hydrogels may provide novel insights into how fibrous 
cues regulate EC sprouting morphology (Matera et al., 2019). The information gleaned from such 
studies would provide rich data sets to inform computational models of angiogenic sprouting and 
help in identifying mechanochemical design parameters that optimize implant vascularization for 
regenerative tissue therapies (Heck et al., 2015). A multi-disciplinary approach combining on-a-
chip platforms, synthetic biomaterials, imaging of live cell molecular reporters, and computational 
modeling would enable prediction and control of angiogenesis across a diversity of tissue 
environments, essential to elucidating mechanisms of disease progression, designing therapeutics 
to normalize vasculature, and engineering vascularized biomaterial implants. 
 
5.6 Materials and Methods 
5.6.1 Reagents 
All reagents were purchased from Sigma-Aldrich and used as received, unless otherwise stated. 
 
5.6.2 Microfluidic device fabrication 
3D printed moulds were designed in AutoCAD and printed via stereolithography from 
Protolabs (Maple Plain, MN). Polydimethylsiloxane (PDMS, 1 : 10 crosslinker : base ratio) 
devices were replica casted from 3D printed moulds, cleaned with isopropyl alcohol and ethanol, 
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and bonded to glass coverslips with a plasma etcher. Devices were treated with 0.01% (w/v) poly-
L-lysine and 0.5% (w/v) L-glutaraldehyde sequentially for 1 hour each to promote ECM 
attachment to the PDMS housing, thus preventing hydrogel compaction from cell-generated 
forces. 300 μm stainless steel acupuncture needles (Lhasa OMS, Weymouth, MA) were inserted 
into each device and sterilized. Type I rat tail collagen (Corning, Corning, NY) was prepared as in 
(Doyle, 2016), injected into each device, and polymerized around each set of needles for 30 
minutes at 37 °C. Collagen hydrogels were hydrated in EGM2 for 2 hours and needles were 
removed to form 3D hollow channels fully embedded within collagen, positioned 400 μm away 
from PDMS and glass boundaries. 
 
5.6.3 Device cell seeding and culture 
Human umbilical vein endothelial cells (HUVEC, Lonza, Switzerland) were cultured in 
endothelial growth media (EGM2, Lonza). HUVECs were passaged upon achieving confluency at 
a 1 : 4 ratio and used in studies from passages 4 to 9. A 20 μl solution of suspended HUVECs was 
added to one reservoir of the endothelial channel and inverted for 30 minutes to allow cell 
attachment to the top half of the channel, followed by a second seeding with the device upright for 
30 minutes to allow cell attachment to the bottom half of the channel. HUVEC solution density 
was varied with collagen density as attachment efficiency was dependent on collagen density (1.5 
M ml−1 for 2 mg ml−1, 2 M ml−1 for 3 mg ml−1 and 5 M ml−1 for 6 mg ml−1). HUVEC seeding 
densities were determined experimentally to achieve parent vessels with consistent cell densities 
across each collagen density (Supplemental figure 5.1c). HUVECs reached confluency and self-
assembled into stable parent vessels over 24 hours. Media and chemokines were refreshed every 
24 hours and devices were cultured with continual reciprocating flow utilizing gravity-driven flow 
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on a seesaw rocker plate at 0.33 Hz. To inhibit cell proliferation, cells were treated with 40 μg 
ml−1 mitomycin C for 2 hours. To inhibit S1P receptor, cells were treated with 100 nM FTY720 
for 24 hours. 
 
5.6.4 Lentivirus production 
cDNA for pLenti CMV GFP Puro (658-5) was a gift from Eric Campeau and Paul Kaufman 
(Addgene plasmid #17448) (Campeau et al., 2009). To generate lentivirus, plasmids were co-
transfected with pCMV-VSVG (a gift from Bob Weinberg, Addgene plasmid #8454), 
pMDLg/pRRE, and pRSV-REC (gifts from Didier Trono, Addgene plasmid #12251 and #12253 
(Dull et al., 1998; Stewart et al., 2003) in 293T cells using the calcium phosphate precipitation 
method. Viral supernatants were collected after 48 h, concentrated with PEG-it™ (System 
Biosciences, Palo Alto, CA) following the manufacturer's protocol, filtered through a 0.45 μm 
filter (ThermoFisher Scientific Nalgene, Waltham, MA), and stored at −80 °C. Viral titer was 
determined by serial dilution and infection of HUVECs in the presence of 10 μg ml−1 polybrene 
(Santa Cruz Biotechnology, Dallas, TX). Titers yielding maximal expression without cell death or 
detectable impact on cell proliferation or morphology were selected for studies. 
 
5.6.5 Fluorescent staining 
Samples were fixed with 4% paraformaldehyde and permeabilized with a PBS solution 
containing Triton X-100 (5% v/v), sucrose (10% w/v), and magnesium chloride (0.6% w/v) for 1 
hour each at room temperature. Alexa Fluor 488 phalloidin (Life Technologies, Carlsbad, CA) was 
utilized to visualize F-actin. 4′,6-Diamidino-2-phenylindole (DAPI, 1 μg ml−1) was utilized to 
visualize cell nuclei. For proliferation studies, EdU was supplemented in culture media for the 
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final 24 hours prior to fixation of each study. EdU fluorescent labelling was performed following 
the manufacturer's protocol (ClickIT EdU, Life Technologies). DyLight 649 labelled Ulex 
europaeus Agglutinin-1 (UEA, 1 : 200, Vector Labs, Burlingame, CA) was utilized to visualize 
endothelial cell morphology in samples stained with EdU due to EdU ClickIT incompatibility with 
phalloidin staining. To visualize VE-cadherin, samples were sequentially blocked in bovine serum 
albumin (0.3% w/v), incubated with primary mouse monoclonal anti-VE-cadherin (200 ng ml−1, 
Santa Cruz Biotechnology), and incubated with secondary Alexa Fluor 647 goat anti-mouse IgG 
(H + L) (2 μg ml−1, Life Technologies) each for 1 hour at room temperature. Fluorescently labelled 
collagen hydrogels were prepared as in (Doyle, 2016).  
 
5.6.6 Microscopy and image analysis 
Fluorescent images were captured on a Zeiss LSM800 confocal microscope. Parent vessel 
endothelial cell density and EdU proliferation was quantified by counting DAPI and EdU positive 
cell nuclei. Invasion depth was quantified as the distance from the parent vessel edge to the tip cell 
and measured in FIJI. Invasion depth measurements were performed at 100 μm intervals along the 
parent vessel (Supplemental Figure 5.2). Leading edge single cells were quantified as the number 
of single cells in the leading 150 μm front of cell invasion (Supplemental Figure 5.2). Sprouts 
were quantified as the number of connected multicellular sprouts (parent vessel edge to tip cell) 
with a length greater than half the maximum invasion depth per condition (Supplemental Figure 
5.2). Sprout diameter measurements were performed in FIJI; diameter measurements smaller than 
the width of a cell nuclei (10 μm) were not included in the analysis to avoid measurements of 
smaller, non-lumenized cellular structures such as tip cell protrusions that would skew diameter 
measurements to lower values. 
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5.6.7 Single vs. multicellular sprout analysis 
Single cell and multicellular sprout analysis was performed manually in FIJI utilizing 
fluorescent markers of nuclei and F-actin. This analysis was performed utilizing single z-slices 
within a 300 μm z-stack. Leading edge single cells were quantified as the number of isolated single 
cells without actin connections to other cells in the leading 150 μm front of cell invasion 
(Supplemental Figure 5.2). Sprouts were quantified as the number of connected multicellular 
sprouts with F-actin connections from the parent vessel edge to tip cell and a length greater than 
half the maximum invasion depth per condition (Supplemental Figure 5.2). The parent vessel 
edge was clearly distinguished utilizing single z-slice views (Supplemental Movies 5.1 – 5.5). 
 
5.6.8 Neovessel permeability measurement 
To assess fluidic connectivity and diffusive permeability, endothelial cells were first 
allowed to invade and reach the chemokine channel over 10–14 day culture. Diffusive permeability 
was quantified as in (Polacheck et al., 2019). Fluorescent dextran (70 kDa Texas Red, Thermo 
Fisher) was incorporated into EGM2 media at 12.5 μg ml−1 and dextran diffusion was imaged at 1 
second intervals to measure the flux of dextran from neovessels into the ECM. The resulting 
diffusion profile was fitted to a dynamic mass-conservation equation as in (Adamson et al., 
1994). with the diffusive-permeability coefficient (PD) defined by J = PD(cvessel − cECM), where J is 
the mass flux of dextran, cvessel is the concentration of dextran in the vessel, and cECM is the 




Statistical significance was determined by one-way analysis of variance (ANOVA) or two-
sided Student's t-test where appropriate, with significance indicated by p < 0.05. Sample size is 
indicated within corresponding figure legends and all data are presented as mean ± standard 
deviation. 
 
5.7 Supplementary Material 
 
Supplementary Figure 5.1: Parent vessels with consistent diameter and cell density. 
a) Representative images of x-y and x-z orthogonal views of 3D channels generated in indicated 
collagen density. b-c) Quantifications of channel diameter and parent vessel endothelial cell 
density with varying collagen concentration. Cell seeding density was varied as EC attachment 
efficiency was dependent on collagen density (1.5 M/ml for 2 mg ml-1, 2 M/ml for 3 mg ml-1 and 
5 M/ml for 6 mg ml-1). All data presented as mean ± s.d.; * indicates a statically significant 
comparison with P<0.05 (one-way analysis of variance). n≥8 channels (b) and n≥34 vessel 
segments (each 400 µm length) (c) per condition, n≥3 biologically identical replicates. d) 
Representative images of x-y (max intensity projection) and x-z (single slice) orthogonal views of 
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parent vessels generated with varying collagen concentration after 24-hour culture. Insets indicated 




Supplementary Figure 5.2: Schematic of quantification metrics. 
To quantify invasion depth (red), images were segmented into 100 µm segments along the parent 
vessel and measurements were taken from the ECh edge to the tip of the endothelial cell that 
invaded furthest within that segment. To quantify proliferation (blue), images were segmented into 
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800 µm segments along the parent vessel, and the percentage of EdU+ nuclei was measured only 
in endothelial cells that had invaded into the extracellular matrix from the ECh edge to leading 
invasive front. To quantify leading edge single cells (purple), images were segmented into 800 µm 
segments along the parent vessel and isolated single cells were quantified within 150 µm of the 
leading invasive front. To quantify multicellular sprouts (green), images were segmented into 800 
µm segments along the parent vessel, and quantified connected endothelial sprout structures (from 
ECh edge to sprout tip) with a minimum length of half the max invasion depth. Single cells and 




Supplementary Figure 5.3: Z-depth encoded projections. 
300 µm max intensity projections from Figure 2 pseudo-colored with z-position. Z-stack image 
files were processed in FIJI using “Temporal-Color Code” function to assign each z-slice an 




Supplementary Figure 5.4: Proliferation inhibition abrogates multicellular sprouting. 
a) Representative images (max intensity projection) of endothelial cell invasion in response to 
mitomycin C proliferation inhibition with S250:P50 and 3mg ml-1 collagen. b-f) Quantifications 
of invasion depth, proliferation, and morphology of invading endothelial cells as single cells or 
multicellular sprouts. All data presented as mean ± s.d.; * indicates a statically significant 
comparison with P<0.05 (two-tailed Student’s t-test). For invasion depth analysis (b), n=48 vessel 
segments (each 100 µm length) per condition. For proliferation and migration mode analysis (c-f) 




Supplementary Figure 5.5: S1P receptor inhibition abrogates S1P-driven EC invasion. 
a) Representative images (max intensity projection) of invading endothelial cells in response to 
100 nM FTY720 treatment with S250:P25 and 3mg ml-1 collagen. Day 0 conditions were 
composed of ECs pre-treated with FTY720. F-actin (cyan), nucleus (magenta). b) Endothelial cell 
invasion depth over time in response to 100 nM FTY720 treatment. All data presented as mean ± 
s.d.; * indicates a statically significant comparison with P<0.05 (one-way analysis of variance). 




Supplementary Figure 5.6: Tip cell breakage from stalk cell. 
Time-lapse series demonstrating the separation of tip and stalk cell connectivity of a sprout 
cultured within 3 mg ml-1 collagen with 250 nM S1P and 25 ng ml-1 PMA. Time-lapse imaging 












Figure # [S1P] (nM) [PMA] (ng ml-1) [Collagen] (mg ml-1) 
5.1c-e 0 0 3 
5.2a 0-500 0 3 
5.2b 0-500 25 3 
5.2h 250 0-50 3 
5.3a 100-500 10-50 3 
5.4a 250 25 3 
5.5 250-500 10-25 3 
5.6a 250 25 2-6 
5.6b 250 25 2-6 
5.6i 100-250 25 2 
Supp. 5.1d 0 0 2-6 
Supp. 5.4 250 50 3 
Supp. 5.5 250 25 3 
Supp. 5.6 250 25 3 
Supplemental Table 5.1: Microenvironmental cues utilized in experiments by figure. 
 
Supplementary Movie 5.1: Endothelial sprouts cultured with 100 nM S1P and 25 ng ml-1 PMA 




Supplementary Movie 5.2: Endothelial sprouts cultured with 250 nM S1P and 25 ng ml-1 PMA 




Supplementary Movie 5.3: Endothelial sprouts cultured with 500 nM S1P and 25 ng ml-1 PMA 





Supplementary Movie 5.4: Endothelial sprouts cultured with 250 nM S1P and 10 ng ml-1 PMA 




Supplementary Movie 5.5: Endothelial sprouts cultured with 250 nM S1P and 50 ng ml-1 PMA 
in 3 mg ml-1 collagen over 5 days. 
http://www.rsc.org/suppdata/c9/lc/c9lc01170f/c9lc01170f6.avi  
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Chapter 6:   Dynamic Endothelial Stalk Cell-Matrix 
Interactions Regulate Angiogenic Sprout Diameter 
6.1 Authors 
William Y. Wang, Evan H. Jarman, Daphne Lin, Brendon M. Baker 
 
6.2 Abstract 
Angiogenesis is a complex, multicellular process that involves bidirectional interactions 
between extracellular matrix (ECM) and collectively invading endothelial cell (EC) sprouts that 
extend the microvasculature during development, wound healing, and disease processes. While 
many aspects of angiogenesis have been well studied, the relationship between endothelial sprout 
morphology and subsequent neovessel function remains relatively unknown. Here, we investigated 
how various soluble and physical matrix cues that regulate endothelial sprouting speed and 
proliferation correspond to changes in sprout morphology, namely, sprout stalk diameter. We 
found that sprout stalk cells utilize a combination of cytoskeletal forces and proteolysis to 
physically compact and degrade the surrounding matrix, thus creating sufficient space in three-
dimensional (3D) ECM for lateral expansion. As increasing sprout diameter precedes lumenization 
to generate perfusable neovessels, this work highlights how dynamic endothelial stalk cell–ECM 
interactions promote the generation of functional neovessels during sprouting angiogenesis to 




 Vasculature is a hierarchical network of blood vessels with a wide range of diameters 
spanning the micron (capillaries) to centimeter (aorta) length scales. A major focus in the fields of 
biomaterials and tissue engineering has been placed on engineering microvasculature (<50 μm 
diameter range), as without functional microvasculature, implantable cell-dense tissue constructs 
are limited in size (<200 μm thickness) due to insufficient gas/nutrient/waste exchange (Huxley 
and Rumbaut, 2000; Kinstlinger and Miller, 2016; Novosel et al., 2011). One such strategy to 
resolve the vascularization challenge lies in the design of biomaterials that promote host 
angiogenesis, the extension of microvasculature from the host’s preexisting vessels into the 
implant, thereby ensuring circulation between implant and host. Observations consistent across a 
wide range of in vivo and in vitro models of angiogenesis have established several key steps 
including (1) chemokine gradients promoting endothelial tip cell formation and directed invasion 
into the extracellular matrix (ECM); (2) collective migration of leading tip cells and ensuing stalk 
cells; and (3) proliferation and expansion of stalk cells into lumenized, fluid-bearing neovessels 
(Francavilla et al., 2009; Potente et al., 2011). Each of these steps is regulated by both biochemical 
and physical microenvironmental cues provided by the surrounding ECM, the three-dimensional 
(3D) fibrous, collagenous meshwork through which endothelial sprouts navigate (Crosby and 
Zoldan, 2019). 
While many aspects of angiogenesis have been studied, continued efforts are required to 
better understand the relationship between endothelial cell (EC) invasion morphology and 
subsequent neovessel function. Recent work by our group and others has established how cell 
intrinsic features (contractility and cell–cell adhesions), soluble factors (chemoattractants and 
mitogens), and matrix properties (matrix density, degradability, and stiffness) regulate the 
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multicellularity and connectivity of invading EC sprouts, which are critical factors to the ultimate 
function of neovessels (e.g., perfusability and permeability) (Trappmann et al., 2017; Wang et al., 
2020; Yoon et al., 2019). Beyond sprout multicellularity, prior work has also established that the 
speed of sprout invasion impacts their resulting geometry, where sprout length has been observed 
to anti-correlate with diameter (Wood et al., 2012). While sprout invasion speed and resulting 
length are critical determinants of the thickness of an implant that can be vascularized before 
hypoxia takes hold, sprout diameter is equally important: insufficiently sized sprout diameters may 
prevent subsequent lumenization required for generating fluid-bearing neovessels (Van Hinsbergh 
and Koolwijk, 2008). While matrix proteolysis has been the central focus on how invading EC 
sprouts may create space in 3D ECM to migrate and lumenize (Chun et al., 2004; Van Hinsbergh 
and Koolwijk, 2008), studies from single-cell encapsulation of mesenchymal stem cells, 
fibroblasts, and cancer cells have elucidated other means of 3D ECM reorganization that dictate 
cell shape and subsequent function such as proliferation, migration, and differentiation (Baker et 
al., 2015; Chaudhuri et al., 2016; Yamada and Sixt, 2019). Continued investigation is required to 
understand structure–function relationships in multicellular contexts such as collectively invading 
EC sprouts during angiogenesis. 
Extracellular matrix properties regulate the morphologies, migratory modes, and cellular 
machineries used by cells to spread and migrate in confining 3D microenvironments. Within 
sufficiently porous and pliable environments, cells can navigate through a confining ECM 
meshwork by squeezing through pores or utilizing cell forces to physically deform the 3D space 
to move the cell body forward (Denais et al., 2016; Ilina et al., 2020; Wang et al., 2019; Wisdom 
et al., 2018). Cell protrusions driven by cooperative cytoskeletal filaments, primarily coordinated 
microtubule cores and actin-rich tips, engage adhesive ECM binding sites and apply pushing or 
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pulling forces that reorganize the surrounding matrix (Baker et al., 2015; Dogterom and 
Koenderink, 2019; Hall et al., 2016; Rhee et al., 2007; Shakiba et al., 2020). However, in ECM 
with smaller pores relative to the migrating cell unit, proteolytic degradation of the matrix is 
required to create sufficient 3D space into which cells can migrate (Friedl and Wolf, 2009; Wolf 
and Friedl, 2011). While the majority of these studies have been focused on single cells, recent 
work has shown that endothelial tip cells apply actomyosin-driven contractile forces to deform the 
ECM and that tip cell forces generate local collagen fibril alignment to help guide their continued 
invasion via contact guidance (Du et al., 2016; Vaeyens et al., 2020; Yoon et al., 2019). However, 
how trailing stalk cells of an invading sprout apply forces and remodel the ECM to provide the 
required space to increase sprout diameter and enable lumenization remains unknown. 
In this work, we utilized a multiplexed angiogenesis-on-a-chip platform to examine how 
various soluble and physical microenvironmental cues regulate endothelial sprout morphology, 
namely, sprout stalk diameter. We identified soluble cues that modulate sprouting speed and 
proliferation to be anti- and positively correlated with sprout diameter, respectively. Interestingly, 
modulating sprouting speed with collagen matrix density resulted in a positive correlation between 
speed and diameter. As EC sprouts require space in 3D ECM to increase in stalk diameter, we 
examined how both biochemical remodeling via proteolytic matrix degradation and physical 
pushing forces driven by actomyosin and microtubules compact the ECM surrounding sprout stalk 
cells to regulate sprout morphology. Overall, this work expands our understanding of how 
endothelial stalk cells (in addition to previously established tip cells) within angiogenic sprouts 
dynamically interact with the surrounding ECM to control the morphology and eventual 




6.4.1 Endothelial cell migration speed and proliferation influence sprout diameter 
To investigate how ECM remodeling events influence angiogenic sprout morphology, we 
implemented a recently established multiplexed angiogenesis-on-a-chip platform that affords 
improved experimental throughput to explore a wide parameter space of soluble and physical cues 
(Figure 6.1a) (Wang et al., 2020). This microfluidic-based device has been shown to recapitulate 
3D EC sprouting morphogenesis from the stable, quiescent endothelium of a parent vessel 
(Nguyen et al., 2013; Trappmann et al., 2017; Wang et al., 2020; Yoon et al., 2019). The parent 
vessels modeled in this work possess a diameter (300 μm) that lies near the upper end of values 
previously described for arterioles but lack support cells such as vascular smooth muscle cells or 
pericytes; although these additional cell types can be included with this approach, we focused here 
on how microenvironmental cues affect ECs in the absence of confounding cross talk between 
cocultured cell types (Alimperti et al., 2017; Kinstlinger and Miller, 2016; Traore and George, 
2017). To induce EC invasion into 3D ECM, we introduced an established EC chemoattractant, 
sphingosine 1-phosphate (S1P), to the adjacent chemokine channel to produce a diffusive gradient 
that drives EC activation and directional 3D invasion (Nguyen et al., 2013; Paik et al., 2001; Wang 
et al., 2020). As prior work has demonstrated that sprout invasion speed is anti-correlated with 
sprout diameter (Wood et al., 2012), we first investigated the effect of S1P on sprout morphology, 
as our previous studies indicate an S1P dose-dependent increase in invasion speed (Wang et al., 
2020). Indeed, increasing S1P resulted in higher sprout invasion speeds (Figure 6.1b-c). As the 
diameter along the length of a sprout was variable, we measured sprout diameters toward the sprout 
stalk region (30–50 μm away from the parent vessel edge and orthogonal to the long axis of each 
sprout). With increasing S1P and greater invasion speeds, sprout diameters decreased, producing 
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a significant and strong negative correlation between invasion speed and sprout diameter (Figure 
6.1d-e). In sum, this result within a distinct model system supports findings from prior studies 
(Wood et al., 2012). 
In addition to chemoattractant-mediated directional EC invasion, another key requirement 
of angiogenesis is sufficient cell proliferation, which occurs predominantly within stalk cells of an 
invading angiogenic sprout (Gerhardt et al., 2003). To investigate the relationship between 
proliferation and sprout morphology, we supplemented EGM2 media with varying concentrations 
of phorbol 12-myristate 13-acetate (PMA), a well-established pro-angiogenic factor and potent 
activator of protein kinase C (PKC) upstream of cell proliferation (Cross et al., 2010; Nguyen et 
al., 2013; Osaki et al., 2015; Wang et al., 2020). To assess EC proliferation, we utilized an EdU 
assay that labels proliferating cell nuclei, while all cells were labeled with DAPI and UEA. Indeed, 
EC proliferation proved dose-dependent with PMA, where increasing PMA resulted in stepwise 
increases in proliferation rates (the ratio of EdU+ cells to all cells labeled with DAPI and UEA) 
(Figure 6.2a-b). Sprout diameter was also found to be dose-dependent with PMA, where 
increasing PMA led to larger diameters, yielding a significant and strong positive correlation 
between EC proliferation and sprout diameter (Figure 6.1c-d). Taken together, soluble factors that 
drive cell invasion (i.e., S1P) and proliferation (i.e., PMA) differentially regulate resulting sprout 
morphology (i.e., diameter). Our previous work demonstrates a critical balance between these two 
fundamental cellular functions in maintaining cell–cell adhesion during collective sprout invasion 
(Wang et al., 2020). These findings suggest that a similar balance is required for invading ECs to 
generate sprout diameters in the <50 μm diameter range reported for microvasculature in 
vivo (Aird, 2005; Kinstlinger and Miller, 2016; Traore and George, 2017). 
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Figure 6.1: Endothelial sprout invasion speed is anti-correlated with sprout diameter.  
a) Schematic overview of multiplexed angiogenesis-on-a-chip platform. Polydimethylsiloxane 
(PDMS) replica casts are generated from 3D printed molds and are composed of a 2 × 4 array of 
single devices. These PDMS molds are bonded to glass coverslips and functionalized with 
glutaraldehyde (Step 1). Gelatin-coated needles are then inserted into the device (Step 2). Type 1 
collagen hydrogel precursor solution is injected into each device, allowed to cross-link around the 
needles, and hydrated overnight (Step 3). Needle removal generates 3D channels fully embedded 
within user-defined hydrogel (Step 4). Each device is composed of two parallel channels: (1) an 
endothelial channel seeded with endothelial cells (ECs) to serve as the parent vessel from which 
angiogenic sprouting is induced and (2) a chemokine channel to which pro-angiogenic factors 
[e.g., sphingosine 1-phosphate (S1P)] are added to generate diffusive gradients that promote EC 
activation and invasion across a user-defined 3D extracellular matrix (e.g., collagen 
hydrogel). b) Representative images (max intensity projections) of invading ECs in response to 
varying S1P. All conditions were cultured for 5 days with indicated S1P dose in endothelial cell 
growth medium 2 [EGM2; supplemented with 25 ng ml–1 phorbol 12-myristate 13-acetate (PMA)] 
added to the chemokine channel within 3 mg ml–1 collagen hydrogels. F-actin (cyan), nuclei 
(magenta), and yellow dashed lines indicate parent vessel edge. c-d) Quantifications of invasion 
speed and sprout diameter as a function of S1P. For invasion speed: n ≥ 36 per condition and for 
sprout diameter: n ≥ 55 per condition. e) Relationship between invasion speed and sprout 
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diameter, with red dashed line indicating a linear regression and statistical analysis performed by 
Pearson’s correlation. Sample size for each mean was taken from panels (c-d). All data presented 




6.4.2 Matrix density regulates sprouting speed and diameter 
Beyond soluble biochemical factors, physical properties of ECM have also been shown to 
modulate angiogenesis (Crosby and Zoldan, 2019; Wang et al., 2020). We next investigated the 
influence of matrix density on sprout morphology (all previous studies were performed in 3 mg 
ml–1 collagen) under constant levels of S1P (250 nM) and PMA (25 ng ml–1). With increasing 
collagen density, we observed no change in proliferation rates (perhaps due to PMA’s potent effect 
on proliferation) but stepwise decreases in invasion speeds (Figure 6.3a-c). Despite the reduction 
in invasion speeds, sprout diameter surprisingly decreased with increasing matrix density (Figure 
6.3d). We observed a weak positive correlation between proliferation and sprout diameter and a 
strong positive correlation between invasion speed and sprout diameter (Figure 6.3e-f). We note 
that none of these correlations proved significant likely due to the low number of groups in the 
analysis. Thus, while diminishing the S1P chemoattractive gradient and increasing collagen 
density both act to slow sprout invasion, decreased invasion speeds do not consistently correlate 
with thicker sprouts. Modulating S1P in 3 mg ml–1 collagen yields a significant and strong negative 




Figure 6.2: Endothelial stalk cell proliferation is positively correlated with sprout diameter.  
a) Representative images (max intensity projections) of invading endothelial cells (ECs) in 
response to varying phorbol 12-myristate 13-acetate (PMA). All conditions were cultured for 5 
days with 250 nM sphingosine 1-phosphate (S1P) in endothelial cell growth medium 2 (EGM2; 
supplemented with indicated PMA) added to the chemokine channel within 3 mg ml–1 collagen 
hydrogels. Ulex Europaeus Agglutinin-1 (UEA; white), nuclei (magenta), 5-ethynyl-2′-
deoxyuridine (EdU; cyan), and yellow dashed lines indicate parent vessel edge. b-
c) Quantifications of proliferation and sprout diameter as a function of PMA. For proliferation: n ≥ 
12 per condition and for sprout diameter: n ≥ 16 per condition. d) Relationship between 
proliferation and sprout diameter, with red dashed line indicating a linear regression and statistical 
analysis performed by Pearson’s correlation. Sample size for each mean is identical to those of 
panels (b-c). All data presented as mean ± SD; *indicates a statistically significant comparison 





Figure 6.3: Denser matrix that slows sprout invasion leads to smaller sprout diameters.  
a) Representative images (max intensity projections) of invading endothelial cells (ECs) in 
response to varying collagen density. All conditions were cultured for 3 days with 250 nM 
sphingosine 1-phosphate (S1P) in endothelial cell growth medium 2 [EGM2; supplemented with 
25 ng ml–1 phorbol 12-myristate 13-acetate (PMA)] added to the chemokine channel within 
collagen hydrogels of the indicated density. Nuclei (magenta), 5-ethynyl-2′-deoxyuridine (EdU; 
cyan), Ulex Europaeus Agglutinin-1 (UEA; white), and yellow dashed lines indicate parent vessel 
edge. b-d) Quantifications of proliferation, invasion speed, and sprout diameter as a function of 
collagen hydrogel density. For proliferation: n ≥ 6 per condition, for invasion speed: n ≥ 60 per 
condition, and for sprout diameter: n ≥ 100 per condition. e-f) Relationships between proliferation 
and sprout diameter (e) and invasion speed and sprout diameter (f), with red dashed lines 
indicating a linear regression and statistical analyses performed by Pearson’s correlation. Sample 
size for each mean is identical to those of panels (b–d). All data presented as mean ± SD; *indicates 
a statistically significant comparison with P < 0.05 (one-way ANOVA). 
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6.4.3 Dynamic sprout-extracellular matrix interactions regulate sprout diameter 
To further investigate these seemingly contradictory invasion speed vs. sprout diameter 
relationships, we employed live time-lapse imaging with fluorescently labeled collagen to capture 
dynamic cell–ECM interactions over the course of EC sprouting through 3D ECM. As angiogenic 
sprouting occurs over several days, we first performed live cell imaging over 24 h imaging 
intervals to examine long-term changes (Figure 6.4a). Imaging the same region over 5 days, we 
observed the invasion of an endothelial tip cell at day 1 with no appreciable changes to the 
surrounding ECM structure or density. By day 2, tip cells continued invading and led ensuing stalk 
cells, with localized collagen degradation evident at the location of the sprout stalk. Over days 3–
5, sprouts continued to elongate as well as expand laterally, increasing in diameter. Interestingly, 
the area devoid of collagen continued to grow with expansion of the sprout, with marked increases 
of collagen fluorescence intensity at the sprout periphery. This observation suggests collagen is 
not only proteolytically degraded but also physically compacted by stalk cells to accommodate the 
expanding sprout. We next employed time-lapse imaging at shorter frame intervals (every 20 min 
over 8 h) on day 2 of culture to capture more transient cell–ECM interactions (Figure 6.4b-c and 
Supplemental Movie 6.1). The dynamics of sprout morphology (fluctuations in sprout diameter) 
mirrored that of the surrounding collagen matrix, with the compacted peripheral zone of collagen 
moving in tandem with the expanding diameter of the sprout (best viewed in Supplemental Movie 
6.1). Live cell imaging over these two different timescales suggests that over shorter durations (<1 
day), invading sprouts appear to dynamically displace the surrounding collagen through active 
cellular shape changes and resulting forces. Over longer timescales (>1 day), sprouts can 





Figure 6.4: Live time-lapse imaging reveals dynamic sprout and extracellular matrix (ECM) 
interactions.  
a) Representative time course images (individual z-slices) of an invading sprout over 5 days with 
a frame interval of 24 h. Sprouts were cultured in 250 nM sphingosine 1-phosphate (S1P) and 50 
ng ml–1 phorbol 12-myristate 13-acetate (PMA) within 3 mg ml–1 collagen 
hydrogel. b) Representative time course images (individual z-slices) of an invading sprout over 8 
h with a frame interval of 20 min (for full time-lapse series, see Supplemental Movie 6.1). Sprouts 
were cultured in 250 nM S1P and 50 ng ml–1 PMA within 3 mg ml–1 collagen hydrogel, and 
imaging was initiated after 2 days in culture. c) Kymographs taken along white dashed line 
indicated in panel (b). 
 
Given that both physical compaction and degradative remodeling would be significantly 
influenced by matrix density, we next examined sprout stalk-driven collagen compaction as a 
function of collagen density. To measure a relative degree of collagen compaction, sprouts were 
allowed to invade in fluorescent collagen and line intensity profiles orthogonal to the long axis of 
each sprout 30–50 μm away from the parent vessel edge were acquired by confocal imaging 
(shaded lines in Figure 6.5a). An intensity fold change was determined by normalizing 
fluorescence intensity to a baseline collagen intensity from surrounding acellular regions (Figure 
6.5b). Collagen compaction diminished with increasing collagen density, suggesting that with 
higher collagen density, expansive stalk cell forces are no longer sufficient to compact the 
surrounding matrix, thereby restricting lateral expansion of growing sprouts (Figure 6.5c). 
Supporting this, we noted a significant and strong positive correlation between the degree of 
collagen compaction and sprout diameter (Figure 6.5d). Additionally, GA treatment of collagen 
hydrogels, which introduces non-cell-degradable cross-links and increases collagen gel stiffness, 
also reduced the degree of collagen compaction and sprout diameter (Figure 6.5a-d). As 
cytoskeletal proteins are responsible for cellular shape changes associated with forces applied to 
the ECM, we co-stained sprouts for F-actin and α-tubulin. F-actin and α-tubulin were both 
enriched and co-localized along the periphery of sprout stalks where collagen compaction was also 
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most pronounced, suggesting that actomyosin and microtubules provide the driving forces behind 
matrix compaction (Figure 6.5e). Taken together, sprout stalk cells dynamically engage and 
deform the surrounding ECM and over longer timescales, can permanently remodel the structure 
to create sufficient space for the growing sprout. 
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Figure 6.5: Degree of collagen compaction adjacent to sprout stalk cells positively correlates 
with sprout diameter.  
a) Representative images (individual z-slices) of fluorescently labeled collagen (shown as 
intensity heat map) surrounding sprout stalk cells in collagen matrices of varying density and 
stiffness. Sprouts were cultured for 3 days in 250 nM sphingosine 1-phosphate (S1P) and 50 ng 
ml–1 phorbol 12-myristate 13-acetate (PMA) within collagen matrices of indicated density or with 
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glutaraldehyde (GA) cross-linking. b) Representative fluorescent collagen intensity profiles 
acquired along shaded white line indicated in panel (a). 2 mg ml–1 (red line), 3 mg ml–1 (green 
line), 6 mg ml–1 (blue line), and 3 mg ml–1 with GA cross-linking (purple line) and average 
intensity of non-compacted, acellular areas (dashed black line). Intensity values of the non-
compacted, acellular collagen regions were normalized to each other in panels (a-b) to compare 
collagen intensity fold change of compacted regions. c-d) Quantification of collagen compaction 
and relationship between collagen compaction and sprout diameter, with red dashed line indicating 
a linear regression and statistical analysis performed by Pearson’s correlation. For collagen 
compaction: n ≥ 10 per condition. For each mean in panel (d), n ≥ 10 for collagen compaction 
and n ≥ 70 for sprout diameter. e) Representative images (individual z-slices) of sprout stalk 
region stained for F-actin (green) and α-tubulin (red) within fluorescently labeled collagen (gray). 
Individual channels visualized as intensity heat maps. All data presented as mean ± SD; *indicates 
a statistically significant comparison with P < 0.05 (one-way ANOVA). 
 
 
6.4.4 Actomyosin, microtubules, and proteolysis regulate sprout diameter and extracellular 
matrix compaction  
As F-actin and α-tubulin appeared to be enriched at areas of collagen compaction at the 
sprout stalk periphery and are known drivers of cell shape and cell-mediated matrix deformations, 
we used pharmacologic inhibitors of actomyosin activity and microtubule assembly to test whether 
they cooperatively regulate sprout diameter and ECM compaction. The addition of 25 μM 
blebbistatin, a myosin II inhibitor, resulted in decreased sprout diameters with corresponding 
decreases in collagen compaction (Figure 6.6a-d). Reducing microtubule assembly with the 
addition of 50 ng ml–1 nocodazole also resulted in decreased collagen compaction but without 
commensurate decreases in sprout diameter (Figure 6.6a-d). Live imaging revealed nocodazole-
treated stalk cells lose connectivity to tip cells and retract collectively toward the parent vessel 
(Supplemental movie 6.2). In retracting and reducing their length, stalk cells condensed, and 
expanded laterally. Lacking the ability to re-extend, nocodazole-treated sprouts were shorter in 
length (i.e., invasion depth) and sprout diameters were not significantly different compared to 
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controls. Sprouts treated with podophyllotoxin, which fully prevents microtubule assembly, 
resulted in disassembly of multicellular sprouts into individual cells (Supplemental Movie 6.3). 
 
 
Figure 6.6: Inhibition of actomyosin activity and microtubule polymerization reduces 
collagen compaction.  
a) Representative images (max intensity projections) of dimethylsulfoxide (DMSO) control, 25 
μM blebbistatin-, and 50 ng ml–1 nocodazole-treated sprouts cultured over 5 days with 250 nM 
sphingosine 1-phosphate (S1P) and 25 ng ml–1 phorbol 12-myristate 13-acetate (PMA) within 3 
mg ml–1 collagen. b) Representative images (individual z-slices) of fluorescently labeled collagen 
(intensity heat map) of conditions from panel (a). c-d) Quantifications of sprout diameter and 
collagen compaction from conditions in panels (a-b). For sprout diameter: n ≥ 52 per condition 
and for collagen compaction: n ≥ 10 per condition. All data presented as mean ± SD; *indicates a 
statistically significant comparison to DMSO control with P < 0.05 (two-tailed Student’s t-test). 
 
 
In addition to physical reorganization of ECM, EC sprouts also enzymatically degrade the 
ECM by using matrix metalloproteinases (MMPs) to create space in 3D. Utilizing a collagen 
hybridization peptide (CHP), which binds to degraded collagen (individual collagen peptides 
cleaved from tropo-collagen), we found CHP to be enhanced along the periphery of sprout stalks 
relative to acellular ECM regions (Figure 6.7a). The addition of 1 μM marimastat, a broad-
spectrum MMP inhibitor, over 5 days of culture resulted in decreased sprout diameter but without 
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changes to the degree of collagen compaction (Figure 6.7b-e). To assess whether sprout diameter 
impacts subsequent lumenization and perfusability, we perfused 1 μm-diameter fluorescent 
microspheres through the endothelial channel. We found that all sprouts with a diameter < 6 μm 
were incapable of supporting microsphere perfusion within the multicellular sprout, while all 
sprouts with a diameter ≥ 11 μm were lumenized, as evident by the presence of microspheres 
within sprouts (Figure 6.7f-g). Sprouts with diameters between 6 and 11 μm displayed a stepwise 
increase in the percentage of sprouts that were perfused with microspheres with increasing sprout 
diameter (Figure 6.7g). Taken together, EC sprouts create space in 3D ECM with a combination 
of biochemical and physical means to afford increases in sprout diameter and lumenization. 
Inhibition of actomyosin and microtubules reduced collagen compaction around sprout stalk cells 
and are critical regulators of maintaining EC invasion morphology as collective, multicellular 
strands (Figure 6.6). Reduction of matrix proteolysis decreases sprout diameter; however, 
persistent actomyosin and microtubule-driven expansive forces were sufficient to physically 




Figure 6.7: Matrix proteolysis is required for larger sprout diameters that are lumenized.  
a) Representative image (individual z-slices) of collagen degradation along sprout stalk cells. F-
actin (cyan), nuclei (magenta), collagen hybridization peptide (CHP; yellow). b) Representative 
images (max intensity projections) of marimastat (MMS) treatment (1 μM) of sprouts cultured 
over 5 days with 250 nM sphingosine 1-phosphate (S1P) and 25 ng ml–1 phorbol 12-myristate 13-
acetate (PMA) within 3 mg ml–1 collagen. c) Representative images (single z-slice) of 
fluorescently labeled collagen (intensity heat map) with MMS treatment (1 μM) of sprouts cultured 
over 3 days with 250 nM S1P and 25 ng ml–1 PMA within 3 mg ml–1 collagen. d-e) Quantifications 
of sprout diameter and collagen compaction from MMS treatment (1 μM). For sprout diameter: n ≥ 
50 per condition and for collagen compaction: n ≥ 10 per condition. f-g) Assessment of 
lumenization as a function of sprout diameter by parent vessel perfusion of 1 μm-diameter 
microsphere. Sample size for total sprouts analyzed for each group is indicated in bar plot. All data 










6.5 Discussion  
The relationship between microenvironmental cues, angiogenic sprout morphology, and 
subsequent neovessel function remains relatively understudied. Our group recently established that 
the multicellularity of invading ECs dictates the subsequent function (perfusability and 
permeability) of formed neovessels (Trappmann et al., 2017; Wang et al., 2020). The work 
presented here builds upon this structure–function relationship, highlighting how cytoskeletal and 
proteolytic machinery of sprout stalk cells enzymatically remodel and mechanically compact the 
surrounding ECM to create sufficient space to laterally expand sprout stalks and enable 
lumenization. With increased collagen matrix density or stiffening from GA cross-linking, stalk 
cell-mediated collagen compaction decreased as cell-generated forces were likely insufficient to 
compact a more mechanically resistant ECM, thus yielding smaller sprout diameters (Figure 6.3). 
Additionally, increasing matrix density or stiffening with GA cross-linking led to a stiffer ECM 
more resistant to proteolysis, thus requiring enhanced MMP activity and/or cell-generated forces 
to generate open space for growing sprouts. Modulating EC proliferation with PMA, we found 
sprout diameters increased with increases in stalk cell proliferation (Figure 6.2); we anticipate 
cell-generated forces and proteolysis are likely cell density dependent, where increased cell density 
may lead to locally higher levels of multicellular force generation and higher rates of proteolysis, 
thus resulting in enhanced ECM degradation and compaction that afford more space for larger 
sprout diameters. Lastly, cytoskeletal forces and proteolysis remodeled the ECM more drastically 
over longer timescales (days) (Figure 6.4); modulating sprouting speed with soluble 
chemoattractants resulted in faster invasion speeds and decreased sprout diameters, which may 
spatiotemporally limit physical and proteolytic interactions between stalk cells and adjacent matrix 
(Figure 6.1). 
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Toward the design of pro-angiogenic biomaterials that promote host angiogenesis, this 
work highlights a critical need for biomaterial cues that promote sprout stalk cell-mediated 
increases in diameter and subsequent lumenization. While natural materials such as collagen and 
fibrin hydrogels offer sufficient microporosity and enable cell-mediated remodeling to create 
space, following implantation, these materials are rapidly resorbed and lose their initial structural 
integrity (Thomson et al., 2013; Vigen et al., 2014). Thus, a major focus in the design of pro-
angiogenic biomaterials has been placed on designing tunable synthetic hydrogels with enhanced 
specificity over degradative mechanisms and tunability over resorption rates to retain integrity 
upon implantation (Li et al., 2017a). Facilitating sprout-mediated matrix remodeling by 
modulating synthetic hydrogel degradability could augment sprout diameters via proteolysis but 
at the cost of also enhancing resorption rates. Viscoelastic hydrogels could take advantage of 
proteolysis-independent methods of space generation via cell force-mediated pushing forces, as 
previous studies have demonstrated plastic deformation of hydrogels with viscoelastic behavior 
(Chaudhuri et al., 2020; Wei et al., 2020). As increased EC proliferation resulted in enhanced 
sprout diameters, incorporating matrix cues that additionally enhance proliferation in 3D synthetic 
hydrogel settings would also be beneficial. While matrix stiffness in 2D settings enhances 
proliferation, increased stiffness in 3D has been shown to decrease cell proliferation and spreading 
likely due to the confinement of cells in typically nanoporous synthetic hydrogels and the 
requirement for significant degradation prior to cell spreading, which appears to be a prerequisite 
for proliferation of adherent cells (Khetan et al., 2013). As native ECM is primarily composed of 
fibrillar collagens, recent work from our group has designed composite materials composed of 
stiff, microscale fibers embedded within soft bulk hydrogels (Matera et al., 2019, 2020). These 
composite hydrogels containing stiff adhesive structures that promote cell spreading and 
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proliferation could have utility for angiogenesis. Lastly, generating sufficient space within 
nanoporous synthetic hydrogels can be approached with subtractive materials engineering methods 
rather than a cell-mediated process. Recent techniques in 3D printing vessel conduits, 
photoablation of microtracks, and microporous annealed particles are capable of generating 
material porosity at various length scales to enhance vascularization (Arakawa et al., 2020; Griffin 
et al., 2015; Mirabella et al., 2017). The continued advancement of synthetic biomaterials and 
careful consideration of dynamic sprout-mediated matrix reorganization will be critical for the 
future development of pro-angiogenic biomaterial implants. 
While much progress has been made on understanding how matrix properties regulate 
sprouting angiogenesis, only recently have we begun to appreciate the dynamic bidirectional 
interactions between ECM and collectively invading EC sprouts (Helvert et al., 2018). Most 
studies define and characterize the initial matrix state and then measure the subsequent cell 
response. However, as highlighted by this work, EC sprouts dynamically reorganize and remodel 
ECM structure and mechanics using cytoskeletal forces and proteolytic activity over extended 
timescales required for complex morphogenetic processes. To understand how cell-altered ECM 
iteratively and reciprocally influences cell processes requires advances in characterization 
techniques that probe cell–matrix interactions across space and time. Here, we employed live time-
lapse imaging of fluorescently labeled ECM to characterize matrix compaction mirroring sprout 
morphology fluctuations over short timescales (minutes) and matrix degradation and compaction 
corresponding to increases in sprout diameter over longer timescales (days). To more closely 
examine how cells may dynamically alter the matrix state, future work could integrate recent 
advances in metabolic labeling of secreted proteins to examine matrix deposition (Loebel, C, 
Mauck, RL, Burdick, 2019), fluorescence resonance energy transfer (FRET)-based protease 
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microgels to assess protease activity (Shin et al., 2018), and techniques such as magnetic bead 
microrheology to spatially characterize matrix stiffness (Juliar et al., 2018). Coupling these matrix 
state analysis techniques with cell state measurement techniques such as fluorescent fusion-tagged 
proteins, FRET-based reporters of forces across cytoskeletal proteins (Grashoff et al., 2010; Ham 
et al., 2019), and transcription factor activity reporters (Aguado et al., 2015) would provide new 
insights on the dynamic and bidirectional relationships between cells and surrounding matrix. The 
continued development and deployment of such techniques will be essential in further elucidating 
critical aspects of cell–matrix reciprocity during the complex and dynamic process of sprouting 
angiogenesis. 
 
6.6 Materials and Methods 
6.6.1 Reagents 
All reagents were purchased from Sigma-Aldrich and used as received, unless otherwise stated. 
 
6.6.2 Microfluidic device fabrication 
The 3D printed molds were designed in AutoCAD and printed via stereolithography by 
Protolabs (Maple Plain, MN, United States). Polydimethylsiloxane (PDMS, 1:10 cross-linker:base 
ratio) devices were replica casted from 3D printed molds, cleaned with isopropyl alcohol and 
ethanol, and bonded to glass coverslips activated by a plasma etcher. Devices were treated with 
0.01% (w/v) poly-L-lysine and 0.5% (w/v) L-glutaraldehyde sequentially for 1 h each (with Milli-
Q rinses in between) to promote ECM attachment to the PDMS housing, thus preventing potential 
hydrogel compaction from cell-generated forces. To generate patent microchannels, 300 μm 
stainless steel acupuncture needles (Lhasa OMS, Weymouth, MA, United States) were dip-coated 
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with 1% (w/v) gelatin to enable eventual hydrogel release, inserted into each device and sterilized 
by UV ozone. Hydrogel precursor solution was then injected into each device and polymerized 
around each set of needles. Hydrogels were hydrated in Endothelial cell growth medium-2 
(EGM2) containing 50 mM glycine [to quench unreacted glutaraldehyde (GA)] and incubated at 
37°C overnight to dissolve the gelatin layer. Needles were subsequently removed, yielding 3D 
microchannels fully embedded within a collagen hydrogel positioned 400 μm away from PDMS 
and glass boundaries (Figure 6.1a). 
 
6.6.3 Collagen hydrogel formulation 
Type I rat tail collagen hydrogels (Corning, Corning, NY, United States) were prepared on 
ice with a reconstitution buffer (10 mM HEPES, 0.035% w/v sodium bicarbonate, 1 × M199), 
titrated to a pH of 7.6 with 1 M NaOH, and brought to a final concentration of 2, 3, or 6 mg ml–
1 collagen. Collagen hydrogels were cross-linked for 30 min at 37°C. All hydrogels were hydrated 
in EGM2 media after cross-linking. Fluorescently labeled collagen was prepared as in (Doyle, 
2016) and incorporated at 2 wt.% of the total collagen content (1:50 dilution in unlabeled 
collagen). 
 
6.6.4 Device cell seeding and culture 
Human umbilical vein ECs (HUVECs; Lonza, Switzerland) were cultured in endothelial 
growth media (EGM2; Lonza). HUVECs were passaged upon achieving confluency at a 1:4 ratio 
and used in studies from passages 4–9. A 20 μl solution of suspended HUVECs was added to one 
reservoir of the endothelial channel and inverted for 30 min to allow cell attachment to the top half 
of the channel, followed by a second seeding with the device upright for 30 min to allow cell 
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attachment to the bottom half of the channel. HUVEC solution density was varied with collagen 
density as attachment efficiency was dependent on collagen density (Wang et al., 2020). HUVEC 
seeding densities were determined experimentally to achieve parent vessels with consistent cell 
densities across each hydrogel formulation (1.5 M ml–1 for 2 mg ml–1, 2 M ml–1 for 3 mg ml–1, and 
5 M ml–1 for 6 mg ml–1). HUVECs reached confluency and self-assembled into stable parent 
vessels over 24 h. Media and chemokines were refreshed every 24 h, and devices were cultured 
with continual reciprocating flow utilizing hydrostatic pressure-driven flow on a seesaw rocker 
plate at 0.33 Hz. For pharmacological studies, 25 μM blebbistatin (Santa Cruz Biotechnology, 
Dallas, TX, United States), 50 ng ml–1 nocodazole, and 1 μM marimastat were added to both 
endothelial and chemokine channel media and refreshed every 24 h. 
 
6.6.5 Fluorescent staining 
Samples were fixed with 4% paraformaldehyde and permeabilized with a phosphate-
buffered saline (PBS) solution containing Triton X-100 (5% v/v), sucrose (10% w/v), and 
magnesium chloride (0.6% w/v) for 1 h each at room temperature. AlexaFluor 488 phalloidin 
(diluted 1:500; Life Technologies, Carlsbad, CA, United States) was utilized to visualize F-actin. 
In addition, 4′,6-diamidino-2-phenylindole (DAPI; 1 μg ml–1) was utilized to visualize cell nuclei. 
For proliferation studies, 5-ethynyl-2′-deoxyuridine (EdU) was applied for the final 24 h prior to 
fixation of each study. EdU fluorescent labeling was performed following the manufacturer’s 
protocol (ClickIT EdU, Life Technologies). DyLight 649 labeled Ulex Europaeus Agglutinin-1 
(UEA, 1:200, Vector Labs, Burlingame, CA, United States) was utilized to visualize EC 
morphology in samples stained with EdU due to the incompatibility of EdU ClickIT chemistry 
with phalloidin staining. To visualize α-tubulin, samples were sequentially blocked in bovine 
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serum albumin (0.3% w/v), incubated with primary mouse monoclonal anti-α-tubulin (1:200, 
Invitrogen), and incubated with secondary AlexaFluor 647 goat anti-mouse IgG (H+L) (1:1,000; 
Life Technologies) each for 8 h at room temperature. To visualize collagen degradation, collagen 
hybridizing peptide (5 μM; 3 Helix, Salt Lake City, Utah) was heated to 80°C for 5 min, then 
chilled in an ice-water bath for 30 s, and added to samples for 8 h. 
 
6.6.6 Microscopy and image analysis 
Fluorescent images were captured on a Zeiss LSM800 confocal microscope. Time-lapse 
imaging was performed on sprouts after 2 days of culture in an environmentally controlled 
chamber (37°C, 5% CO2, and 100% humidity) with images acquired every 20 min over 8 h. For 
time-lapse imaging with 24-h frame intervals, devices were cultured in the incubator and 
transported to the microscope stage for daily imaging in a custom stage holder such that specific 
regions of interest were maintained over the 5-day imaging period. EC density and proliferation 
(EdU-positive nuclei) within sprouts were quantified by counting DAPI and EdU-positive cell 
nuclei. Invasion depth was quantified as the distance from the parent vessel edge to each sprout’s 
tip cell and measured manually in FIJI at 100 μm intervals along the parent vessel. Sprout diameter 
measurements were taken orthogonal to the long axis of the sprout, 30–50 μm away from the parent 
vessel edge. Collagen compaction analyses were performed by acquiring intensity profiles along 
the sprout stalk region orthogonal to the long axis of the sprout, 30–50 μm away from the parent 
vessel edge (i.e., identical region to sprout diameter measurements). Given differences in 
fluorescent intensity as a function of initial collagen hydrogel density, images of acellular regions 
were used to determine baseline collagen intensity to normalize measurements following 
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remodeling. The intensity fold change of the compacted collagen area (sprout periphery) compared 
to the baseline collagen intensity was utilized as a relative measure of collagen compaction. 
 
6.6.7 Statistics 
Statistical significance was determined by one-way analysis of variance (ANOVA), two-
sided Student’s t-test, or Pearson’s correlation where appropriate, with significance indicated 
by P < 0.05. Pearson’s correlation was performed on sample mean values for each group without 
accounting for total sample size; a strong correlation was defined as R2 > 0.7. Sample size is 
indicated within corresponding figure legends, and all data are presented as mean ± standard 
deviation. 
 
6.7 Supplementary Material 
 
Supplementary Movie 6.1: Time-lapse imaging of sprout-ECM dynamics cultured in 250 nM 
S1P and 50 ng ml–1 PMA within 3 mg ml–1 fluorescently labeled collagen hydrogel. Time-lapse 
imaging was initiated after 48 h of sprouting. Transmitted light (top), fluorescent collagen 




Supplementary Movie 6.2: Time-lapse imaging of nocodazole treated sprouts. Sprouts were 
cultured in 250 nM S1P and 25 ng ml–1 PMA within 3 mg ml–1 collagen hydrogel. 50 ng ml–
1 nocodazole was first administered to sprouts along with the initiation of time-lapse imaging 




Supplementary Movie 6.3: Time-lapse imaging of podophyllotoxin treated sprouts. Sprouts 
were cultured in 250 nM S1P and 25 ng ml–1 PMA within 3 mg ml–1 collagen hydrogel. 100 nM 
podophyllotoxin was first administered to sprouts along with the initiation of time-lapse imaging 
after 48 h of sprouting. 
https://www.frontiersin.org/articles/10.3389/fbioe.2021.620128/full#supplementary-material
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Chapter 7:   Direct Comparison of Angiogenesis in Natural 
and Synthetic Biomaterials Reveals Matrix Porosity 




William Y. Wang, Robert N. Kent III, Stephanie A. Huang, Evan H. Jarman, Eve H. Shikanov, 
Christopher D. Davidson, Harrison L. Hiraki, Daphne Lin, Monica A. Wall, Jae-Won Shin, 
William J. Polacheck, Ariella Shikanov, Brendon M. Baker 
 
7.2 Abstract 
Vascularization of large, diffusion-hindered biomaterial implants requires an 
understanding of how extracellular matrix (ECM) properties regulate angiogenesis. Sundry 
biomaterials assessed across many disparate angiogenesis assays have highlighted ECM 
determinants that influence this complex multicellular process.  However, the abundance of 
material platforms, each with unique parameters to model endothelial cell (EC) sprouting presents 
additional challenges of interpretation and comparison between studies. In this work we directly 
compared the angiogenic potential of commonly utilized natural (collagen and fibrin) and synthetic 
dextran vinyl sulfone (DexVS) hydrogels in a multiplexed angiogenesis-on-a-chip platform. 
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Modulating matrix density of collagen and fibrin hydrogels confirmed prior findings that increases 
in matrix density correspond to increased EC invasion as connected, multicellular sprouts, but with 
decreased invasion speeds. Angiogenesis in synthetic DexVS hydrogels, however, resulted in 
fewer multicellular sprouts. Characterizing hydrogel Young’s modulus and permeability (a 
measure of matrix porosity), we identified matrix permeability to significantly correlate with EC 
invasion depth and sprout diameter. Although microporous collagen and fibrin hydrogels produced 
lumenized sprouts in vitro, they rapidly resorbed post-implantation into the murine epididymal fat 
pad. In contrast, DexVS hydrogels proved comparatively stable. To enhance angiogenesis within 
DexVS hydrogels, we incorporated sacrificial microgels to generate cell-scale pores throughout 
the hydrogel. Microporous DexVS hydrogels resulted in lumenized sprouts in vitro and enhanced 
cell invasion in vivo. Towards the design of vascularized biomaterials for long-term regenerative 
therapies, this work suggests that synthetic biomaterials offer improved size and shape control 
following implantation and that tuning matrix porosity may better support host angiogenesis. 
 
7.3 Introduction 
The vascularization challenge remains a major hurdle to the clinical translation of 
engineered tissue repair and organ replacement therapies (Novosel et al., 2011; Rouwkema et al., 
2009). A major focus has been placed on engineering microscale vessels within implantable 
biomaterials, as nearly all tissues in vivo are supplied with oxygen and nutrients by a hierarchical 
vascular network of larger diameter arterioles and venules bridged by dense microscale capillary 
beds (Pellegata et al., 2018). An emerging strategy to engineer microvasculature lies in the 
design of implantable biomaterials that support angiogenesis, the invasive biological process by 
which pre-existing microvasculature extends. Biomaterials capable of initiating angiogenesis 
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from the host vasculature and recruiting invasive microvessels could ensure circulation between 
the host and implant. Angiogenesis is generally accepted to be a multi-step process involving 1) 
chemokine gradients that promote tip cell formation, 2) collective migration of multicellular 
sprouts through a surrounding 3D extracellular matrix (ECM), and 3) subsequent microvessel 
maturation that commences with neovessel lumenization (Francavilla et al., 2009; Potente et al., 
2011). Although the timely formation of perfused host microvasculature should enhance the 
viability of cell-laden biomaterials (Cheng et al., 2011), the angiogenic process driven too 
rapidly or in a dysregulated fashion negatively impacts microvasculature quality and function 
(Siemann, 2011; Wang et al., 2020).  The informed design of biomaterials that support functional 
angiogenesis therefore critically requires an understanding of how specific soluble and physical 
microenvironmental cues regulate this complex process (Crosby and Zoldan, 2019; Wang et al., 
2020). 
In vitro models that can help extend our understanding of how the microenvironment 
regulates angiogenesis require two essential components: 1) the surrounding 3D material through 
which multicellular endothelial sprouts navigate, and 2) an appropriate culture platform that 
defines physical and soluble boundary conditions and enables facile assessment of the 
angiogenic process  (Caliari and Burdick, 2016; Li et al., 2017a; Nowak-Sliwinska et al., 2018). 
The first angiogenic biomaterial hydrogels were formed from reconstituted ECM proteins 
harvested and purified from animals. In particular, reconstituted type I collagen and fibrin 
hydrogels have long been used to model stromal and wound healing ECM, respectively 
(Levental et al., 2009; Scott, 1988; Tonnesen et al., 2000). To examine how matrix properties 
influence angiogenesis, a common perturbation for naturally-derived hydrogels (e.g. collagen 
and fibrin) is to modulate protein concentration. Across a variety of studies, increasing matrix 
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density results in decreased endothelial cell (EC) sprouting (Ghajar et al., 2008; Shamloo and 
Heilshorn, 2010; Vernon and Sage, 1999; Wang et al., 2020). However, increases in matrix 
density simultaneously decreases porosity, while increasing stiffness and ligand density. 
Towards understanding how individual matrix properties influence angiogenesis, numerous 
biomaterials have been designed to possess orthogonally tunable properties (Li et al., 2017a; 
Vining and Mooney, 2017). A wide range of synthetic and semi-synthetic hydrogel systems, 
including functionalized polyethylene glycol, hyaluronic acid, alginate, and dextran, have been 
created to examine the influence of matrix stiffness, porosity, degradability, viscoelasticity, and 
ligand engagement on cell behavior (Griffin et al., 2015; Li et al., 2017b; Martino et al., 2015; 
Sokic and Papavasiliou, 2012; Trappmann et al., 2017; Wei et al., 2020; Wisdom et al., 2018). 
Despite the wealth of available synthetic biomaterials, robust angiogenesis within synthetic 
hydrogels is lacking relative to angiogenesis observed in naturally-derived biomaterials such as 
collagen and fibrin. Identifying critical matrix properties that regulate angiogenesis in natural 
materials and imbuing synthetic hydrogels with these features will be critical to achieving 
engineering control over biomaterial implant vascularization. 
The second essential element is the culture platform used to drive the angiogenic process 
and quantitatively assess resulting microvasculature that forms. The culture platform houses the 
biomaterial and may define its architecture, dictates the cellular constituents and their initial 
positions, imposes external mechanical and soluble boundary conditions, and defines the 
directionality and imaging plane of formed vasculature, critical to robust quantitative 
morphometrics. An existing challenge to selecting an ideal angiogenic biomaterial stems from 
cross-comparison between studies employing distinct angiogenesis platforms (e.g. 2D scratch 
assays, 3D spheroid outgrowth, or microfluidics), each with unique parameters to model and 
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interpret EC sprouting morphogenesis (Nowak-Sliwinska et al., 2018). EC outgrowth assays 
from microcarrier beads or cell spheroids embedded within 3D ECM have been instrumental in 
recapitulating 3D sprouting morphogenesis (Boucher et al., 2017; Heiss et al., 2015). However, 
across studies, the methods to induce EC outgrowth has varied considerably as sprouting 
morphogenesis has been shown to be sensitive to the addition of exogenous chemokines and 
undefined cell-secreted factors from the addition of secondary support cells. Furthermore, the 
addition of secondary support cells have varied in cell identity (e.g. fibroblasts, mesenchymal 
stem cells, or cancer cells) as well as location as a 2D feeder layer, embedded in 3D, or 
intermixed with ECs in spheroids (Ghajar et al., 2008; Kosyakova et al., 2020; Margolis et al., 
2021; Turturro et al., 2013). More recently, advances in biomicrofluidics and efforts to develop 
tissue-on-a-chip platforms have generated models of human engineered microvessels fully 
embedded within user-defined ECM in which EC sprouting can be initiated with well-defined 
gradients of pro-angiogenic factors (Akbari et al., 2017; Nguyen et al., 2013; Polacheck et al., 
2017; Wang et al., 2020). While previous microfluidics-based angiogenesis assays suffer from 
complicated and low-throughput device assembly, our group has recently established a 
multiplexed, single-layer fabrication approach affording higher throughput investigation of large 
parameter spaces such as the wide range of available biomaterials (Wang et al., 2020).  
The following work serves to directly compare commonly utilized biomaterials in a microfluidics-
based platform that recapitulates key features of physiologic angiogenesis, namely a chemokine-
directed 3D invasion of ECs from a lumenized parent vessel into a surrounding, user-defined 
biomaterial. Employing type I collagen, fibrin, and synthetic dextran hydrogels, we directly 
compare 3D EC sprouting morphogenesis within these distinct biomaterials varying in material 
properties. As a quantitative measure of matrix porosity, we developed a fluorescent recovery after 
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photobleaching method to extract an intrinsic material property related to matrix pore size and 
structure, matrix permeability. Interestingly, we found that matrix permeability significantly 
correlates with EC invasion depth and sprout diameter. While the nanoscale pore size of dextran 
hydrogels restricted EC proliferation and sprout diameter resulting in non-lumenized sprouts in 
vitro, upon implantation we note better retention of the size and shape of synthetic hydrogel 
implants in the mouse epididymal fat pad as compared to collagen and fibrin grafts which rapidly 
resorb. To enhance pore size within synthetic dextran hydrogels, we employed a composite 
materials approach embedding pore-generating, sacrificial gelatin microgels. Synthetic hydrogels 
imbued with microporosity resulted in increased sprout diameter and the formation of lumenized, 
multicellular EC sprouts. Through the direct comparison of natural and synthetic hydrogels, we 
identified matrix permeability as a critical regulator of angiogenesis and introduce a new materials 
approach that tunes porosity to enhance the angiogenic potential of synthetic biomaterials. 
 
7.4 Results 
7.4.1 Generation of consistent parent vessels in collagen and fibrin hydrogels 
We employed a multiplexed, organotypic model that recapitulates 3D EC sprouting 
morphogenesis from a stable, quiescent endothelium to assess angiogenesis into commonly used 
natural biopolymer-based hydrogels as a function of matrix density (Figure 7.1a) (Wang et al., 
2020). Specifically, we investigated collagen and fibrin hydrogels over a range of matrix densities 
explored previously in various models of angiogenesis (Bordeleau et al., 2017; Ghajar et al., 2008). 
To fabricate patent arteriole-scale channels, hydrogel precursor solution was injected into 
micromolded silicone devices and polymerized around acupuncture needles (300 µm diameter) 
(Figure 7.1a). Needle removal yields hollow channels fully embedded within the user-defined 
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hydrogel, with each device containing a pair of channels connected to media reservoirs. One 
channel was seeded with a suspension of ECs that adhered and self-assembled into the parent 
vessel, with VE-cadherin localized to cell-cell junctions 24 hours after seeding (Figure 7.1b-c). 
The resultant parent vessels across collagen and fibrin hydrogel demonstrated no difference in 
vessel diameter and cell density (Figure 7.1b-d).  To isolate the interactions between ECs and the 
ECM, the parent vessels modeled in this work did not include supporting mural cells; however, 
these devices have the potential to incorporate mural cells outlining the endothelialized channel as 




Figure 7.1: Multiplexed angiogenesis-on-a-chip.  
a) Schematic of microfluidic-based device to study 3D endothelial cell sprouting from an 
endothelialized parent channel. Endothelial channel (ECh) and chemokine channel (CCh). b-c) 
Representative images of x-y projection (top) and x-z orthogonal slice (bottom) of parent channels 
formed within collagen (b) and fibrin (c) hydrogels of varying matrix density. F-actin (cyan), 
nuclei (magenta), VE-cadherin (yellow). d) Quantifications of diameter (n = 10) and cell density 
(n ≥ 28) of parent channels from conditions in (b-c). All data presented as mean ± s.d. 
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We next characterized properties of collagen and fibrin hydrogels as a function of matrix 
density (i.e. protein concentration of the gel precursor solution). Utilizing fluorescently labelled 
ECM proteins, we qualitatively observed increases in matrix density concurrent with decreases in 
pore size (Figure 7.2a-b). Image analysis approaches have been used to assess matrix porosity, 
but these methods rely on assumptions of equivalence in fluorophore conjugation efficiency and 
distribution between different ECM proteins. As such, we employed a fluorescent recovery after 
photobleaching method to assess matrix permeability as a measurable output of matrix porosity. 
Briefly, devices with each hydrogel composition were saturated with fluorescently labelled 70 kDa 
dextran overnight. Next, a hydraulic pressure head was applied across the two channels (ECh and 
CCh) and a region of interest (ROI) was photobleached using a confocal microscope and 
subsequently imaged to calculate the fluid velocity into the ROI. With a known hydraulic pressure 
difference and measured fluid velocity, permeability was calculated using Darcy’s law (Equation 
2). Employing this assay, we find that increasing matrix density results in decreased levels of 
permeability (Figure 7.2c). Additionally, performing nanoindentation with an atomic force 
microscope and assuming Hertzian contact, we found increases of matrix stiffness with matrix 
density confirming previous findings (Figure 7.2d) (Bordeleau et al., 2017; Duong et al., 2009). 
Having characterized two key matrix properties of fibrin and collagen hydrogels previously 
implicated in angiogenesis (Crosby and Zoldan, 2019), we next sought to directly compare 
angiogenic sprouting in these two biomaterials as a function of matrix density.  
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Figure 7.2: Matrix stiffness and pore size as a function of matrix density.  
a-b) Representative images (max intensity projection) of fluorescently labelled collagen (a) and 
fibrin (b) hydrogels of varying matrix density. c-d) Matrix permeability (c) and stiffness (d) as a 
function of matrix density for collagen and fibrin hydrogels; n ≥ 9 (c) and n ≥ 6 (d). All data 
presented as mean ± s.d.; * indicates a statistically significant comparison with P<0.05 (one-way 





To induce 3D EC invasion into each ECM composition, we utilized well-established pro-
angiogenic factors (250 nM sphingosine 1-phosphate (S1P) and 50 ng ml-1 phorbol 12-myristate 
13-acetate (PMA)) that promote EC migration and proliferation (Nguyen et al., 2013; Trappmann 
et al., 2017; Wang et al., 2020). S1P chemoattractant was added only to the CCh, thus generating 
a diffusive gradient to initiate EC invasion into the ECM, while pro-mitogenic PMA was 
supplemented to EGM2 media in both the ECh and CCh (Figure 7.1a). To confirm the generation 
of an increasing S1P gradient, we tracked FITC diffusion from the CCh through each hydrogel 
condition. Early timepoints of FITC diffusion displayed a logarithmic profile as the gradient was 
forming (5-90 seconds) (Supplementary Figure 7.1a-b). However, FITC diffusion profiles 
became more linear with time (60-685 seconds). Although the linear diffusion profile was achieved 
at varying timepoints across the hydrogel conditions, this timescale is orders of magnitude smaller 
than the duration of the cell invasion response (hours to days) (Supplementary Figure 7.1c-d). 
We tracked EC sprout invasion depth over 3 days across each ECM composition, and as expected, 
invasion depth increased incrementally with culture time (Figure 7.3a-d). Across both collagen 
and fibrin hydrogels, increases in matrix density resulted in decreased invasion depth by 3 days of 
culture (Figure 7.3c-d and Figure 7.4c). 
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Figure 7.3: EC sprouting time course.  
a-b) Representative time course images (brightfield) of invading endothelial cells into collagen (a) 
and fibrin (b) hydrogels with varying matrix densities as indicated. c-d) Quantifications of invasion 
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depth over 72 hours for collagen (c) and fibrin (d) hydrogels with varying matrix densities; n ≥ 16. 
All data presented as mean ± s.d. 
 
7.4.2 Endothelial cell sprout morphology in natural and synthetic biomaterials 
In addition to sprout invasion depth, we imaged sprouts at the final day 3 timepoint by 
confocal fluorescence microscopy (Figure 7.4a, c) and quantified EC proliferation and sprout 
morphometrics as a function of matrix density. We found that matrix density did not influence 
proliferation rates, as assayed by EdU incorporation, perhaps due to soluble PMA’s potent 
enhancement of proliferation in line with prior findings (Figure 7.4d) (Wang et al., 2020). 
However, invaded ECs were more proliferative in collagen compared to fibrin hydrogels (Figure 
7.4a, d). Prior work from our group has demonstrated that increasing sprout multicellularity 
produces functional angiogenesis, namely perfusable neovessels with appropriate barrier function 
(Wang et al., 2020). Performing similar morphologic analyses here, ECs were categorized as 
isolated single cells or multicellular sprouts, and the ratio of sprouts to single cells served as a 
metric of invasion multicellularity (Supplementary Figure 7.2a). Due to variations in invasion 
depth across conditions, we defined sprouts as contiguous multicellular structures with a length 
greater than half the max invasion depth. We quantified all invaded single cells, which were most 
abundant at the leading invasive front. Analyzing the morphology of invaded ECs, increasing 
matrix density in both collagen and fibrin hydrogels resulted in a decrease in the number of single 
cells, increase in multicellular sprouts, and therefore an increase in sprout:single ratio (Figure 
7.4a-b, e-g and Supplementary Figure 7.2b). Furthermore, increasing matrix density of both 
collagen and fibrin hydrogels resulted in decreased sprout diameters (Figure 7.4a-b, h and 
Supplementary Figure 7.2b). In general, sprouts formed in fibrin hydrogels were smaller in 
diameter compared to collagen, potentially due to less cell proliferation and thus reduced lateral 
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expansion of the sprout stalk. To assess whether sprouts in each condition were lumenized, we 
perfused a solution of 1 µm diameter fluorescent microspheres into the endothelial channel and 
analyzed whether microspheres flowed into invading sprouts. Interestingly, the number of 
lumenized sprouts increased with matrix density in collagen hydrogels, following the observed 
increase of multicellular sprouts (Figure 7.4f and Supplementary Figure 7.3a-b). However, in 
fibrin hydrogels, increasing matrix density resulted in less lumenized sprouts, despite having 
increased levels of multicellular sprouts (Figure 7.4f and Supplementary Figure 7.3a-b). As 
sprout diameter was found to be decreased in fibrin hydrogels, it is likely that despite matrix 
density promoting more collective EC invasion, these multicellular sprouts did not reach a 
sufficient diameter to lumenize (Figure 7.4f, h and Supplementary Figure 7.3a-b). 
Altering matrix density in collagen and fibrin hydrogels yields concurrent changes in 
stiffness, porosity, and adhesive ligand density. To further investigate how matrix density in 
natural hydrogels influences EC sprouting morphogenesis, we next employed synthetic hydrogels 
that provide orthogonal control over material properties. In previous work, we found that 
increasing matrix stiffness in synthetic dextran-based hydrogels reduces multicellular sprouting 
(Trappmann et al., 2017). Thus, here we generated synthetic dextran hydrogels on the lower end 
of matrix stiffness (while still affording robust hydrogel formation) and altered ligand presentation 
to probe its influence on EC sprouting morphogenesis. We functionalized dextran, a protein-
resistant polysaccharide, with pendant vinyl sulfone groups amenable to peptide conjugation via 
thiol-ene click chemistry (Matera et al., 2020). Unlike other synthetic hydrogel polymers (e.g. 
polyethylene glycol and hyaluronic acid), dextran-based hydrogels are non-swelling and afford 
integration with microfluidic devices to maintain the desired device geometries (Trappmann et al., 
2017). Dextran vinyl sulfone (DexVS) was crosslinked with an MMP-labile peptide, and 
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functionalized with cell adhesive RGD and heparin-binding peptide. Hydrogel functionalization 
with heparin-binding peptide enables the incorporation of heparin and subsequently, heparin-
binding proteins including collagen and fibrinogen (Martino et al., 2013). Parent vessels formed 
within DexVS hydrogels had equivalent cell density to pure collagen and fibrin hydrogels and was 
unaffected by enrichment with collagen or fibrin (Figure 7.1b-d and Figure 7.5a). Additionally, 
enrichment with collagen or fibrinogen did not influence the stiffness nor permeability of DexVS 
hydrogels (Figure 7.5b). The Young’s moduli of DexVS hydrogels was comparable to 6 mg/ml 
collagen and 15 mg/ml fibrinogen, however, permeability was more than 2 orders of magnitude 
lower than either natural material (Figure 7.2c-d and Figure 7.5b). Analyzing sprout 
morphometrics after 3 days of S1P- and PMA-driven sprouting, we found that the incorporation 
of collagen or fibrinogen into synthetic DexVS hydrogels did not influence invasion depth, 
proliferation, sprout multicellularity, or diameter (Figure 7.5c-j). Compared to sprouts in 6 mg/ml 
collagen or 15 mg/ml fibrin, sprouts in DexVS hydrogels infrequently contained proliferating ECs, 
possessed limited multicellularity and an abundance of single invading cells, and had smaller 




Figure 7.4: Sprout morphometrics in collagen and fibrin hydrogels.  
a) Representative images (max intensity projections) of invading endothelial cells into collagen 
and fibrin hydrogels with varying matrix densities as indicated. UEA (cyan), nucleus (magenta), 
EdU (yellow). b) Representative sprout outlines from conditions in (a). c-h) Quantifications of 
invasion depth (n ≥ 60), proliferation (n = 6), morphology of invading endothelial cells as single 
cells or multicellular sprouts (n = 6), and sprout diameter (n ≥ 100). All data presented as mean ± 




Figure 7.5: Sprout morphometrics in DexVS hydrogels.  
a) Representative images of x-y projection (top) and x-z orthogonal slice (bottom) of parent 
channels formed within DexVS hydrogels enriched with ECM proteins. F-actin (cyan), nuclei 
(magenta), VE-cadherin (yellow). b) Fluorescent images and quantifications of matrix stiffness 
and permeability. c) Representative images (max intensity projections) of invading endothelial 
cells into DexVS hydrogels enriched with ECM proteins as indicated. UEA (cyan), nucleus 
(magenta), EdU (yellow). d) Representative sprout outlines from conditions in (d). e-j) 
Quantifications of invasion depth (n ≥ 60), proliferation (n = 6), sprout diameter (n ≥ 33), and 
morphology of invading endothelial cells as single cells or multicellular sprouts (n = 6). Dashed 
lines in (b, e-j) indicate values from 6 mg/ml collagen and 15 mg/ml fibrin studies. All data 




7.4.3 Enhancing angiogenesis in synthetic DexVS hydrogels 
To examine relationships between key sprout morphometrics and matrix porosity or 
stiffness, we performed Pearson’s correlation analyses between matrix permeability and modulus 
with sprout invasion depth, diameter, multicellularity, and proliferation (Figure 7.6a-h). Of all 
analyses across collagen, fibrin and DexVS hydrogels, we found matrix permeability to 
significantly, positively correlate with both invasion depth and sprout diameter (Figure 7.6a-b).  
Young’s modulus significantly anti-correlated only with invasion depth (Figure 7.6e). This 
correlation is in line with the previous observations that matrix density and crosslinking (which 
both contribute to hydrogel stiffness) hamper angiogenic invasion. Performing these analyses with 
only natural-derived material conditions resulted in significant correlations between matrix 




Figure 7.6: Pearson’s correlations between matrix permeability and modulus with sprout 
morphometrics.  
a-d) Pearson’s correlations between matrix permeability and sprout morphometrics. e-h) 
Pearson’s correlations between matrix stiffness and sprout morphometrics. R2 and p-values 
indicated within each plot. 
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We next investigated whether matrix porosity would have a similar influence on cell 
invasion in an in vivo context. We implanted collagen, fibrin, and DexVS hydrogels into murine 
epididymal fat pads and assessed cell invasion into hydrogel implants retrieved after 7 days. 
Hydrogels of the highest matrix density explored in these studies were selected for implantation 
(collagen: 6 mg/ml, fibrin: 15mg/ml), as their moduli were most similar to DexVS hydrogels. After 
7 days of implantation, collagen and fibrin hydrogel implants contained numerous invading cells 
with a subset of isolectin B4 (IB4) positive ECs, while DexVS implants possessed cells exclusively 
restricted to the hydrogel periphery (Figure 7.7c-d and Supplementary Figure 7.6). Cell invasion 
is a requirement for angiogenesis, and these results support previous observations that both natural 
materials are angio-conductive. However, we found that even when formulated at high density, 
collagen and fibrin hydrogels rapidly resorbed in vivo, evident in a marked reduction in the 
projected area of initially cylindrical implants (Figure 7.7a-b).  In contrast, synthetic DexVS 
hydrogels resorbed more slowly and better maintained initial implant cross-sectional area and 
overall geometry (Figure 7.7a-b). As degradation mechanism and kinetics of synthetic hydrogels 
can be readily tuned, this class of biomaterials is attractive for applications that require longer-




Figure 7.7: In vivo cell migration response.  
a) Images of hydrogel explants after 7 days implantation into fat pad. b) Quantification of hydrogel 
resorption and final hydrogel area (n = 7). c) Quantification of cell migration into implanted 
hydrogels. d) Images of vibratome sections of whole implants (top row) and cell invasion (bottom 
row). Nuclei (blue), Actin (green), Isolectin B4 (red). All data presented as mean ± s.d.; * indicates 
a statistically significant comparison with P<0.05 (one-way analysis of variance). 
 
As the resorption rate of natural materials cannot be easily tuned without influencing 
properties that inhibit EC invasion, we instead focused on improving lumenized sprout formation 
in DexVS hydrogels by introducing microporosity into an otherwise nanoporous bulk hydrogel.  
We employed an established technique to generate gelatin microgels with defined diameter using 
a microfluidic droplet generator (Figure 7.8a) (Mao et al., 2017). 20 µm diameter gelatin 
microgels were generated and swelled to 27.85 ± 1.32 µm, upon equilibrium swelling in PBS after 
the liquid-oil emulsion phase was broken. This diameter was selected based on prior work utilizing 
photoablation of collagen hydrogels (Arakawa et al., 2020) and were of similar caliber to 
lumenized sprout diameters (Figure 7.8b-d). To incorporate gelatin microgels into DexVS 
hydrogels, we added a chilled solution of gelatin microgels into the precursor hydrogel to occupy 
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7.3% v/v space and subsequently melted the gelatin microgels upon incubation at 37°C, leading to 
micro-scale pore formation throughout the synthetic hydrogel (Figure 7.8e). Performing in vitro 
sprouting studies over 3 days, we found that DexVS hydrogels imbued with microporosity 
increased endothelial sprout diameter, but not invasion depth (Figure 7.8f-h). Larger sprout 
diameters in microporous DexVS coincided with sprout lumenization, as evidenced by the entry 
of fluorescent microspheres (Ø=1 µm) into sprouts upon addition to the parent vessel. In stark 
contrast, microspheres did not enter sprouts in nanoporous DexVS controls (Figure 7.8f).  Lastly, 
to assess the impact of gel porosity on endothelial invasion in vivo, we implanted control or 
microporous DexVS hydrogels for 7 days in murine epididymal fat pad. We noted no difference 
in the degree of resorption between control and porous DexVS hydrogels, with both maintaining 
overall implant shape and size (Figure 7.8i-j). However, cell invasion was enhanced in 
microporous DexVS hydrogels, with some cells positive for IB4 (Figure 7.8k-l, Supplementary 
Figure 7.6 and Supplementary Figure 7.7). Overall, utilizing a composite materials approach to 
enhance porosity of synthetic DexVS hydrogels with gelatin microgels increased sprout diameter 
and lumenization in vitro and cell invasion in vivo.  
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Figure 7.8: Sacrificial gelatin microgels to enhance microporosity increase sprout diameter 
in vitro and cell invasion in vivo.  
a) Schematic of microfluidic droplet generator with oil and aqueous inlets. b) Inset of oil and 
aqueous junction.  c) Histogram of gelatin microgel diameter. d-e) image of a solution of gelatin 
microgels (d) and encapsulated in 3D DexVS hydrogel (e). f) Images of endothelial cell invasion 
into control and microporous DexVS hydrogels in vitro after 3 days of sprouting. g-h) 
Quantifications of invasion depth (n ≥ 29) and sprout diameter (n ≥ 33) from conditions in (f). i) 
Images of hydrogel explants after 7 days implantation into fat pad. j) Quantification of hydrogel 
resorption and final hydrogel area (n = 7). k) Quantification of cell migration into implanted 
hydrogels. l) Images of vibratome sections of cell invasion. Nuclei (blue), Actin (green), Isolectin 
B4 (red). All data presented as mean ± s.d.; * indicates a statistically significant comparison with 






To identify physical properties of biomaterials that influence angiogenesis, we utilized a 
recently established multiplexed angiogenesis-on-a-chip platform to compare EC sprouting 
morphogenesis in natural and synthetic hydrogels. We measured the Young’s modulus and 
hydraulic permeability of type I collagen, fibrin, and DexVS hydrogels while also quantifying 
morphometrics of EC sprouting into these materials. We found that matrix permeability 
significantly positively correlated with EC invasion depth and sprout diameter, while hydrogel 
stiffness significantly anti-correlated with EC invasion depth. Nanoporous synthetic DexVS 
hydrogels with low permeability prevented sprout lumenization in vitro and cell infiltration in vivo, 
although implanted DexVS hydrogels maintained their initial shape better than natural materials – 
a critical feature for the long-term function of tissue engineered implants. To address the impaired 
sprouting and limited cell infiltration of this synthetic hydrogel, we developed a composite 
materials approach to generate microporosity using sacrificial gelatin microgels.  Incorporating 
microporosity into nanoporous DexVS hydrogels enhanced sprout diameter in our in vitro 
angiogenesis model and enhanced cell invasion upon hydrogel implantation in vivo. These studies 
highlight porosity as a critical physical feature of hydrogels required for the invasion of angiogenic 
sprouts and establish a promising approach that will extend the application space of synthetic 
hydrogels. These efforts add to the rapidly growing set of critical design features and strategies to 
tune synthetic hydrogel properties that can address the outstanding challenge of vascularizing 
implantable, engineered tissues and organs. 
 Natural biopolymers such as type I collagen and fibrin hydrogels have been extensively 
explored for supporting neovascularization (Bordeleau et al., 2017; Ghajar et al., 2008; Wang et 
al., 2020). These materials readily support the recruitment of cells that mediate wound repair (e.g. 
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mesenchymal, endothelial, and immune cells) followed by subsequent matrix resorption and 
remodeling that replaces the implanted material with cell-produced matrix. Rapid revision and 
replacement of the implant may be ideal in contexts such as wound repair, but these features are 
likely suboptimal for tissue or organ replacement therapies that require long-term persistence of 
the biomaterial-based implant. For example, recent advances in biomaterial and stem cell 
technologies indicate promise for engineering β-cell-containing, extra-pancreatic implants to treat 
type I diabetes (Headen et al., 2018; Weaver et al., 2018). However, the post-implantation survival, 
vascular integration, and long-term function of such implants requires careful balance between (1) 
hydrogel degradation to support host angiogenesis and (2) maintenance of mechanical stability to 
support incorporated parenchymal cells such as stem cell-derived β-cells or donor islets (Bowers 
et al., 2019).  By virtue of their tunable degradative mechanisms and kinetics, synthetic hydrogels 
provide a potential route to striking such a balance. However, angiogenesis within synthetic 
hydrogels has in general been limited due to the nanoscale pore size of this class of materials, 
which hampers cell migration. 
Towards the development of synthetic hydrogels that robustly support neovascularization, 
we employed a composite hydrogel approach to decouple hydrogel porosity from crosslinking and 
stiffness. We utilized cell-scale sacrificial gelatin microgels to produce hydrogel micropores (27 
µm diameter, 7.3 % v/v) within synthetic DexVS hydrogels. Microporous DexVS hydrogels 
supported sprout lumenization in our in vitro model of angiogenesis and promoted cell invasion 
following implantation to the mouse fat pad. Future studies exploring the large parameter space of 
porogen properties (e.g. size, shape, and volume fraction) will be essential to realizing the full 
potential of this approach. 
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 A variety of strategies have previously been implemented to enhance the porosity of 
synthetic hydrogels. Gas-foaming and salt-leaching techniques within PLGA scaffolds produce 
pore sizes on the larger length-scale (100-500 µm); such approaches have indicated heparin or 
growth factor functionalized PLGA scaffolds promotes localized angiogenesis (Chung et al., 2006; 
Elcin and Elcin, 2006). At smaller length-scales, microporous annealed particle (MAP) hydrogels 
consisting of annealed microgels with interconnected pore space have shown promise for 
enhancing angiogenesis during dermal wound repair (Griffin et al., 2015). With either of these 
techniques, the resulting pores are heterogenous. Salt-leaching or gas foaming result in 
heterogeneously sized pores while the pore space in MAP gels lying between microgels possess 
poorly defined shapes. An overall challenge in connecting porosity to angiogenesis lies in both 
consistently generating and accurately measuring porosity and pore properties. Aspects including 
pore size, volume fraction, connectivity, shape, and even orientation all likely converge to dictate 
the cell response (Dumont et al., 2019; Ilina et al., 2020; Kang et al., 2020; Tien et al., 2020). For 
example, consider the impact of equal volume fractions of disconnected larger diameter pores 
versus smaller, interconnected pores on cell invasion. Here, we developed an alternative approach 
to changing hydrogel porosity by quantifying matrix permeability, which incorporates both pore 
size and geometry to produce an effective resistance. Indeed, matrix permeability has been well-
characterized as a biologically significant parameter governing cartilage deformation, lymphatic 
drainage and cytoskeletal dynamics (Mitchison et al., 2008; Moeendarbary et al., 2013; Quinn et 
al., 2001; Swartz et al., 1999). In this work, matrix permeability significantly correlated with EC 
invasion depth and sprout diameter, and may be an additional matrix property to consider in the 
design of pro-angiogenic biomaterials to promote collective cell invasion, a process that has 
recently been linked to a fluid-like phase transition (Kang et al., 2020). 
 192 
Beyond matrix porosity, other matrix properties have been shown to influence cell behavior 
including during sprouting morphogenesis. This work also identified matrix stiffness to 
significantly anti-correlate with EC invasion depth (Fig. 6e), while previous work modulating 
collagen hydrogel stiffness has shown conflicting responses (Berger et al., 2017; Bordeleau et al., 
2017; Kuzuya et al., 1998; Lee et al., 2013). Increasing matrix stiffness via glutaraldehyde reduces 
sprout response while increasing matrix stiffness with ribose pre-glycation increases the sprout 
response. Underlying these methods to increase collagen stiffness are changes to the susceptibility 
of matrix degradation, where glutaraldehyde introduces non-enzymatically degradable crosslinks 
thus hampering cell-mediated proteolysis. Indeed, previous work from our group utilizing 
synthetic dextran-based hydrogels has parsed the roles of matrix stiffness and degradability 
highlighting that multicellular sprouting requires a balance between these two parameters 
(Trappmann et al., 2017). In addition to stiffness, viscoelastic and non-linear mechanical properties 
have recently been demonstrated to influence cell migration and vasculogenic self-assembly of EC 
networks (Davidson et al., 2020a; Wei et al., 2020).  
Lastly, one should take into account that most studies only define and characterize initial 
ECM properties; however, cell-mediated processes such as proteolysis, matrix synthesis, and 
contractility dynamically alter the biochemical and biophysical properties of ECM immediately 
upon contact between cells and material (Helvert et al., 2018). These dynamic changes to the ECM 
are likely accelerated and even more complex in vivo, where cell densities and the number of 
different cell populations are comparatively greater. Characterization of these dynamic ECM 
changes and their influence on angiogenesis requires the integration of recent enabling 
technologies such as metabolic labelling of secreted proteins to examine matrix deposition and 
ligand presentation (Loebel, C, Mauck, RL, Burdick, 2019), FRET-based protease microgels to 
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assess matrix proteolysis (Shin et al., 2018), magnetic bead microrheology to spatially map matrix 
stiffness (Juliar et al., 2018; Krajina et al., 2021), and acoustically responsive scaffolds to 
spatiotemporally control the generation of pores (Aliabouzar et al., 2020). Integrating such 
technologies with tunable synthetic biomaterials will elucidate new cell-matrix interactions that 
govern sprouting angiogenesis towards enhancing the vascularization of biomaterial implants for 
tissue engineering and regenerative medicine.  
 
7.6 Materials and methods 
7.6.1 Reagents 
All reagents were purchased from Sigma-Aldrich and used as received, unless otherwise stated. 
 
7.6.2 Microfluidic device fabrication 
3D printed moulds were designed in AutoCAD and printed via stereolithography from 
Protolabs (Maple Plain, MN). Polydimethylsiloxane (PDMS, 1:10 crosslinker:base ratio) devices 
were replica casted from 3D printed moulds, cleaned with isopropyl alcohol and ethanol, and 
bonded to glass coverslips with a plasma etcher. Devices were treated with 0.01% (w/v) poly-l-
lysine and 0.5% (w/v) L-glutaraldehyde sequentially for 1 hour each to promote ECM attachment 
to the PDMS housing, thus preventing potential hydrogel compaction from cell-generated forces. 
300 µm diameter stainless steel acupuncture needles (Lhasa OMS, Weymouth, MA) were dip-
coated with 1% (w/v) gelatin to reduce hydrogel fracture, inserted into each device, and sterilized. 
Hydrogel precursor solution was then injected into each device and polymerized around each set 
of needles. Hydrogels were hydrated in EGM2 media at 37℃ overnight (or greater than 12 hours) 
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to dissolve the gelatin layer and needles were removed to form 3D hollow channels fully embedded 
within a crosslinked hydrogel and positioned 400 µm away from PDMS and glass boundaries. 
 
7.6.3 Dextran vinyl sulfone polymer synthesis 
Dextran (molecular weight 86,000 Da, MP Biomedicals, Santa Ana, CA) was modified 
with vinyl sulfone groups as in (Matera et al., 2019, 2020; Yu and Chau, 2012). Dextran (5 g) was 
dissolved in 0.1 M sodium hydroxide solution (250 mL) at room temperature. Divinyl sulfone 
(3.875 ml, Thermo Fisher Scientific, Waltham, MA) was added and the reaction was carried out 
for 4 minutes with vigorous stirring (1500 RPM) at room temperature. The reaction was terminated 
by adjusting the pH to 5.0 with the addition of hydrochloric acid. The reaction product was 
dialyzed against milli-Q water for 3 days with two solvent exchanges daily. The dialyzed reaction 
product was then lyophilized for 3 days to obtain the pure product, which was then characterized 
by 1H-nuclear magnetic resonance spectroscopy in D2O. The degree of vinyl sulfone 
functionalization was calculated as the ratio of the proton integral (6.91 ppm) and the anomeric 
proton of the glucopyranosyl ring (5.166 and 4.923 ppm); here a vinyl sulfone/dextran repeat unit 
ratio of 0.16 was determined. 
 
7.6.4 Hydrogel formulations 
Dextran vinyl sulfone hydrogels were formed via a thiol-ene click reaction at 3.25 %w/v 
(pH 7.4, 37℃, 1 hour) solubilized in PBS containing 50 mM HEPES with 12.5 mM MMP-labile 
crosslinker (GCRDVPMS↓MRGGDRCG, Genscript, Piscataway, NJ) in the presence of 
argininyl-glycyl-aspartic acid (RGD, CGRGDS, 2 mM, Genscript), heparin-binding peptide 
(GCGAFAKLAARLYRKA, 1 mM, Genscript), and cysteine (0.5 mg ml-1). As indicated in 
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experiments, collagen (100 µg ml-1) or fibrinogen (100 µg ml-1) proteins were incorporated in the 
dextran vinyl sulfone precursor solution during crosslinking. For microporous DexVS hydrogels, 
31 µl of a gelatin microgel solution (22.8 x 106 microgels/ml density) were added for every 100 µl 
of total hydrogel volume resulting in a 7.3% volume occupied by microgels. Gelatin microgels 
were then melted at 37℃ with excess PBS over 24 hours. Type I rat tail collagen hydrogels 
(Corning, Corning, NY) were prepared on ice with a reconstitution buffer (10 mM HEPES, 0.035 
%w/v sodium bicarbonate), M199, and titrated to a pH of 7.6 with 1 M NaOH and brought to a 
final concentration of 2, 3, or 6 mg ml-1 collagen with Milli-Q water. Collagen hydrogels were 
crosslinked for 30 minutes at 37℃. Fibrin hydrogels were prepared with fibrinogen from bovine 
plasma dissolved in PBS at 50 mg ml-1 stock concentrations. Fibrinogen (2.5, 5, and 15 mg ml-1) 
was prepared on ice in PBS and crosslinked with thrombin (6 units per mg of fibrinogen) for 20 
minutes at 37℃. All hydrogels were hydrated in EGM2 media after crosslinking. 
 
7.6.5 Microfluidic droplet generator 
Gelatin microgels were generated from a droplet-based microfluidic device. The pattern 
was designed in AutoCAD, and a master mold was fabricated using a SU-8 negative photoresist 
(Kayaku, Westborough, MA). PDMS (1:10 crosslinker:base ratio) was cast, cleaned, and bonded 
to glass. An aqueous phase containing 2.5 %w/v gelatin was prepared in addition to an oil phase 
comprised of 1 %w/v perfluoropolyethylene (Ran Biotechnologies, Beverly, MA) in HFE-7500 
(3M, St. Paul, MN), a perfluorinated mineral oil. A syringe pump was used to flow the aqueous 
and oil phases through the microfluidic device at 0.5 and 1.0 mL/hr, respectively, to generate 
water-in-oil droplets with a high degree of monodispersity (Fig. 8a-d). During droplet generation, 
the syringe containing the aqueous phase was warmed with a heating lamp, and the microfluidic 
 196 
device was placed on a hotplate set to 75℃. The resulting emulsion was collected, refrigerated at 
4℃ for 30 minutes to ensure gelation of the aqueous phase, and then broken by the addition of 
PBS and 20 %v/v perfluorooctanol (PFO, Alfa Aesar, Haverhill, MA). Oil phase components and 
PFO were washed from the microgels via centrifugation for 3 minutes at 400 g and replaced with 
PBS. Microgels swelled from 20 µm to 27.85 µm diameter after the liquid-oil phase emulsion was 
broken and achieved equilibrium swelling in PBS. A 1:10 dilution of the resulting suspension was 
loaded onto a hemocytometer to count microgel density. 
 
7.6.6 Device cell seeding and culture 
Human umbilical vein endothelial cells (HUVECs; Lonza, Switzerland) were cultured in 
endothelial growth media (EGM2, Lonza). HUVECs were passaged upon achieving confluency at 
a 1:4 ratio and used in studies from passages 4 to 9. A 20 µl solution of suspended HUVECs was 
added to one reservoir of the endothelial channel and inverted for 30 minutes to allow cell 
attachment to the top half of the channel followed by a second seeding with the device upright for 
30 minutes to allow cell attachment to the bottom half of the channel. HUVEC solution density 
was varied with ECM composition as attachment efficiency was dependent on ECM composition. 
HUVEC seeding densities were determined experimentally to achieve parent vessels with 
consistent cell densities across each hydrogel formulation (Fig. 1). Collagen: 1.5 M ml-1 for 2 mg 
ml-1, 2M ml-1 for 3 mg ml-1, and 5 M ml-1 for 6 mg ml-1. Fibrin: 5 M ml-1 for 2.5 mg ml-1, 10 M 
ml-1 for 5 mg ml-1, and 15 M ml-1 for 15 mg ml-1. DexVS: 20 M ml-1. HUVECs reached confluency 
and self-assembled into stable parent vessels over 24 hours. Media and chemokines were refreshed 
every 24 hours and devices were cultured with continual reciprocating flow utilizing gravity-
driven flow on a seesaw rocker plate at 0.33 Hz. 
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7.6.7 Mechanical testing 
Young’s modulus of each hydrogel was measured using atomic force microscopy (AFM; 
Nanosurf, Liestal, Switzerland) in contact mode. Indentations were made at a loading rate of 2 
µm/s with silicon nitride cantilevers (AppNano, Mountain View, CA) with a nominal spring 
constant of 0.046 N/m and a 5 μm diameter spherical glass bead. Force-displacement curves were 
taken at a minimum of 3 regions on each hydrogel and fit to the Hertz model assuming a Poisson’s 
ratio of 0.5 to estimate the elastic modulus. 
 
7.6.8 Quantification of hydrogel permeability 
For fibrin and collagen hydrogels: Following fabrication of microfluidic devices and 
hydrogels as described above, 125 µg/ml 70 kDa conjugated with fluorescein isothiocyanate 
(FITC, ThermoFisher, Waltham, MA, D-1823) in PBS was added to each of the 4 ports on the 
device and incubated overnight at 37°C to allow the fluorescent dextran to permeate the gel. FITC-
dextran containing PBS was then removed from all ports, and glass reservoirs (4 mm inner 
diameter, 20 mm in height, Chemglass, Vineland, NJ, CG-700-05L) were inserted into the ports 
of the endothelial channel (ECh). A hydrostatic pressure gradient across the hydrogel was applied 
by adding fresh 70 kDa FITC dextran solution to the glass reservoirs and maintaining the 
chemokine channel (CCh) at atmospheric pressure. The pressure induced by a given height of fluid 
was calculated using the equation for hydrostatic pressure: 
 𝑃𝑃 = 𝜌𝜌𝜌𝜌ℎ (1) 
Where P is the hydrostatic pressure, ρ is the density of the fluid (assumed to be that of 
water, 103 kg/m3), g is the acceleration due to gravity, and h is the height of fluid in the reservoir. 
The fluid velocity between the two channels was measured using a modified fluorescence recovery 
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after photobleaching (FRAP) procedure (Bonvin et al., 2010). Using a laser scanning confocal 
microscope (Olympus FV3000), a 124 µm diameter circle of FITC-dextran was bleached for 2.161 
seconds in the interstitial region between the two channels using a 488 nm, 20 mW laser at 60% 
power at 20x magnification.  Immediately after bleaching, the bleached region and a surrounding 
region of interest (ROI) was imaged every second for a total of 30s. The velocity of the fluid was 
measured using a custom MATLAB (MathWorks, Natick, MA) script to measure displacement of 
the center of mass of the bleached circle as a function of time. With the known input pressure and 
measured fluid velocity, the permeability of the hydrogel was calculated using Darcy’s Law in one 
dimension (Deen, 1998): 
 
Where k is the permeability of the gel, µ is the viscosity of the fluid (assumed to be the 
viscosity of water at 37°C, 10-3 Pa s), L is the distance between the channels in the direction of 
flow (4 mm), v is the velocity of flow across the gel, and ΔP is the difference in pressure across 
the two channels calculated from (equation 1).  
For DexVS hydrogels: Given the low hydraulic permeability values of dextran hydrogels 
reported previously (Trappmann et al., 2017), the Peclet number for experimentally feasible 
pressure gradients is << 1, precluding the use of FRAP for determining fluid velocity magnitude. 
Therefore, we modified a mass flux-based approach we developed previously (Polacheck et al., 
2019) to measure the fluid velocity magnitude for a given pressure gradient and thus determine 
the hydraulic permeability. Briefly, the total mass flux of fluorescent dextran into a ROI bounded 






measuring the change in fluorescence intensity within the ROI and the fluorescence intensity of 
the source channel, as previously described (Polacheck et al., 2019). Therefore, to determine the 
flux due to convection and the fluid velocity magnitude, we first measured flux into the DexVS 
hydrogel with an imposed pressure gradient (Jtot = total flux), followed by measuring flux with 
uniform pressure (Jdiff = diffusive flux). Fluid velocity magnitude can then be determined from the 
definition of mass flux (Deen, 1998): 
where I0 is the total pixel intensity within the source channel (assumed to be constant, and verified 
experimentally as described below), L is the length of the source channel, D is the diameter of the 
channel, and z is the optical thickness as determined by the point spread function of optical setup.  
Two sequential flux measurements were made to determine Jtot and Jdiff. First, 125 µg/ml 
70 kDa dextran conjugated with Texas Red (TR, ThermoFisher, Waltham, MA, D-1830) in PBS 
was added to the glass reservoirs to induce a 400 Pa pressure drop across the hydrogel, as described 
above. The input channel was centered in the field of view and imaged at 4x magnification every 
5 minutes for 2 hours to determine Jtot. Subsequently, the glass reservoirs were removed, TR-
dextran was removed from all ports, and 50 µl of 125 µg/ml 70 kDa FITC-dextran in PBS was 
added to all ports to maintain constant pressure. The ROI was then re-imaged with the same 
parameters as the total flux measurement to determine diffusive flux. 
The two time-resolved image sets were then analyzed using ImageJ to determine total flux 
and diffusive flux, respectively. Briefly, a rectangular ROI along the length of the channel was 
drawn in the hydrogel adjacent to the source channel. The change in total pixel intensity within 







source channel (to justify the constant concentration assumption). With these measurements, Jtot 
and Jdiff were calculated as previously described (Polacheck et al., 2019), and equation 3 was used 
to determine fluid velocity magnitude. With the measured velocity magnitude and known input 
pressure gradient, equation 2 was used to determine the hydraulic permeability.  
 
7.6.9 Mouse implantation 
Hydrogels for mouse implantation were formed in 8 mm diameter PDMS gaskets with 100 
µl of hydrogel precursor solution resulting in cylindrical-shaped implants upon PDMS gasket 
removal. Hydrogels were hydrated for 16 hours in VEGF165 (100 ng ml-1, Peprotech, Rocky Hill, 
NJ) to promote EC invasion. The Institutional Animal Care and Use Committee (IACUC) 
guidelines for survival surgery in rodents and the IACUC Policy on Analgesic Use in Animals 
Undergoing Surgery were followed for all the procedures. Animal experiments for this work were 
performed in accordance with the protocol approved by the IACUC at the University of Michigan 
(PRO00007716). Male mice (F1 C57Bl/6XCBA) 12–16 weeks old were anesthetized by isoflurane 
and treated with Carprofen (5mg/kg, subcutaneously, Rimadyl, Zoetis) for analgesia. The 
intraperitoneal space and the epididymal fat pad were exposed through a midline incision and 
secured using an abdominal retractor.  The hydrogels (one on each side) were wrapped within fat 
tissue, sutured in place with 10-0 Nylon sutures, and returned to the abdominal cavity. The muscle 
and skin layers of the abdominal wall were closed with 5/0 absorbable sutures (AD Surgical). The 
mice recovered in a clean warmed cage and received another dose of Carprofen 24 hours post 
recovery or as needed. Hydrogels were retrieved after 7 days. Upon explant, isolated hydrogels 
were imaged and measured for their cross-sectional area and fixed with 4% paraformaldehyde 
solution. 
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7.6.10 Vibratome processing 
Vibratome sections were processed using a VF-310-0Z Compresstome (Precisionary 
Instruments, Natick, MA) per manufacturer’s protocol. In brief, hydrogel explant samples were 
affixed to a specimen column and embedded with 2% w/v agarose. Sections were taken at 200 µm 
thickness with a speed and oscillation setting of 3 and 4, respectively. 
 
7.6.11 Fluorescent staining 
Samples were fixed with 4% paraformaldehyde and permeabilized with a PBS solution 
containing Triton X-100 (5% v/v), sucrose (10% w/v), and magnesium chloride (0.6% w/v) for 1 
hour each at room temperature. AlexaFluor 488 phalloidin (Life Technologies, Carlsbad, CA) was 
utilized to visualize F-actin. 4’, 6-diamidino-2-phenylindole (DAPI, 1 µg ml-1) was utilized to 
visualize cell nucleus. For proliferation studies, EdU was applied for the final 24 hours prior to 
fixation for each study. EdU fluorescent labelling was performed following the manufacturer’s 
protocol (ClickIT EdU, Life Technologies). DyLight 649 labelled Ulex Europaeus Agglutinin-1 
(UEA, 1:200, Vector Labs, Burlingame, CA) was utilized to visualize endothelial cell morphology 
in samples stained with EdU due to EdU ClickIT incompatibility with phalloidin staining. To 
visualize VE-cadherin, samples were sequentially blocked in bovine serum albumin (0.3% w/v), 
incubated with primary mouse monoclonal anti-VE-cadherin (1:1000, Santa Cruz Biotechnology), 
and incubated with secondary AlexaFluor 647 goat anti-mouse IgG (H+L) (1:1000, Life 
Technologies) each for 1 hour at room temperature. To visualize mouse endothelial cells in explant 
hydrogels, samples were stained with Griffonia Simplicifolia Lectin I isolectin B4, DyLight 649 
(1:200, Vector Labs). 
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7.6.12 Microscopy and image analysis 
Fluorescent images were captured on a Zeiss LSM800 confocal microscope. Parent vessel 
endothelial cell density and EdU proliferation was quantified by counting DAPI and EdU positive 
cell nuclei. Invasion depth was quantified as the distance from the parent vessel edge to the tip cell 
and measured in FIJI. Invasion depth measurements were performed at 100 µm intervals along the 
parent vessel. Sprout diameter measurements were taken 50 µm away from the parent vessel edge.  
 
7.6.13 Single vs. multicellular sprout analysis 
Single cell and multicellular sprout analyses were performed manually in FIJI utilizing 
fluorescent markers of nuclei and UEA. This analysis was performed utilizing single z-slices 
within a 300 µm z-stack. Single cells were quantified as the number of isolated single cells without 
connections to other cells. Sprouts were quantified as the number of connected multicellular 
sprouts with UEA connections from the parent vessel edge to tip cell and a length greater than half 
the maximum invasion depth per condition. The parent vessel edge was clearly distinguished 
utilizing single z-slice views. 
 
7.6.14 FITC diffusion 
To model the diffusion profile of S1P (379 g/mol), fluorescein isothiocyanate (FITC; 389 
g/mol) was selected due to the similarity in molecular weight. 50 µl of PBS was first added to the 
right-hand channel of the angiogenesis-on-a-chip model and then 50 µl of FITC (20 µg/ml diluted 
in PBS) was added to the left-hand channel such that FITC diffusion flowed from left to right. 
Timelapse imaging was performed at 5 second intervals to capture fluorescent FITC diffusion 
through each hydrogel condition. 
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7.6.15 Fluorescent microsphere perfusion 
To assess sprout lumenization, a 50 µl solution of 1 µm diameter fluorescent microspheres 
(1:10,000, ThermoFisher) was added to the endothelial cell channel with 10 µl of PBS added to 
the chemokine channel to promote microsphere perfusion into sprouts. Sprouts that contained 
fluorescent microspheres were considered to be lumenized. 
 
7.6.16 Statistics 
Statistical significance was determined by one-way analysis of variance (ANOVA), two-
sided Student’s t-test, or Pearson’s Correlation where appropriate, with significance indicated by 
p<0.05. Pearson’s Correlation was performed on sample mean values for each group without 
accounting for total sample size. Sample size is indicated within corresponding figure legends and 
all data are presented as mean ± standard deviation. 
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7.7 Supplementary material 
 
Supplementary Figure 7.1: FITC diffusion within natural and synthetic hydrogels.  
a-b) Quantification and images of the forming FITC diffusion profile in 2.5, 5, and 15 mg/ml fibrin 
(2.5F, 5F, 15F), 2, 3, and 6 mg/ml collagen (2C, 3C, 6C), and dextran vinyl sulfone (DexVS) 
hydrogels at the indicated timepoints. c-d) Quantification and images of the linear FITC diffusion 
profile within indicated hydrogel conditions and timepoints. FITC (389 g/mol) was selected to 
model the diffusion profile of S1P (379 g/mol) due to their similar molecular weights. See methods 
section 7.2.15. for experimental details. 
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Supplementary Figure 7.2: Schematic of quantification metrics.  
a) To quantify EC invasion morphology, ECs were categorized morphologically as either single 
cells or multicellular sprouts. Single cells were quantified as the number of isolated single cells 
without connections to other cells. Sprouts were quantified as the number of connected 
multicellular structures with UEA connections from the parent vessel edge to the tip cell with an 
overall invasion depth grater than half the maximum invasion depth per condition. This analysis 
was performed on single z-slices within a 300 µm z-stack to better assess cellular connectivity. b) 
Sproutlines were generated by projecting only the z-range of a given sprout to produce images of 
isolated sprouts. These isolated sprout projections were imported into adobe illustrator and 
vectorized using the 16-color function. From here, the background was removed, and sprouts were 





Supplementary Figure 7.3: Fluorescent microsphere perfusion to assess sprout lumenization. 
a) Representative images (max intensity projections) of fluorescent 1 µm diameter microsphere 
perfusion into invading endothelial cells to assess lumenized sprouts. Microspheres (red), UEA 
(green), nuclei (blue), white dashed lines indicate parent vessel edge. b) Quantification of 
lumenized sprouts from conditions in (a). All data presented as mean ± s.d.; * indicates a 






Supplementary Figure 7.4: Direct comparison of matrix properties and endothelial cell 
invasion response across natural and synthetic hydrogels.  
a-h) Data generated from Figures 7.4 and 7.5 are reproduced here to provide direct comparisons. 
All data presented as mean ± s.d.; * indicates a statistically significant comparison to DexVS 





Supplementary Figure 7.5: Pearson’s correlations between matrix permeability and 
modulus with sprout morphometrics for collagen and fibrin hydrogels.  
a-d) Pearson’s correlations between matrix permeability and sprout morphometrics. e-h) 
Pearson’s correlations between matrix stiffness and sprout morphometrics. R2 and p-values 





Supplementary Figure 7.6: Direct comparison of in vivo cell invasion across natural and 
synthetic hydrogels.  
Quantification of cell migration into implanted hydrogels. Data is reproduced from Figures 7.7 
and 7.8 cell invasion histograms and presented here as mean ± s.d.; * indicates a statistically 






Supplementary Figure 7.7: Immunofluorescence of DexVS and DexVS + micropores 
implantation hydrogels.  
a) Single fluorescent channel images of vibratome sections of cell invasion. Nuclei (blue), Actin 
(green), Isolectin B4 (red), transmitted light (gray).
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Chapter 8:   Fiber Density Promotes Endothelial Tip Cell 
Formation via Mesenchymal Transition Pathways and 
Propagates Pro-Fibrotic Endothelial Cell Phenotypes  
 
Note: this chapter contains unpublished work in preparation for submission 
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Parent, Xudong Fan, Ariella Shikanov, Matthew L. Kutys, Brendon M. Baker 
 
8.2 Abstract 
Tip cell formation marks the onset of angiogenesis and while soluble biochemical factors 
have long been understood to regulate this process, the role of biophysical extracellular matrix 
cues are currently uncharacterized. As angiogenesis plays a critical role in both physiologic and 
pathologic processes, namely fibrosis, where fibrillar collagen type I proteins accumulate over 
time, an improved understanding of how fibrillar matrix properties regulate tip cell formation may 
help identify new drivers of fibrotic disease. Here, we model fibrotic matrix architecture utilizing 
tunable, synthetic fiber segments embedded within 3D hydrogels. Integrating this fibrotic matrix 
mimetic within microphysiologic devices that model sprouting angiogenesis, we explore how fiber 
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density activates endothelial cells into invasive tip cells via mesenchymal transition pathways 
towards a fibrosis propagating phenotype.  
 
8.3 Introduction 
Fibrotic diseases are often characterized as wounds that never heal. While the 
myofibroblast has been identified as the main cellular driver of fibrosis and primary focus of 
therapeutic targeting, accumulating evidence has highlighted the role of endothelial cells (ECs) as 
an additional cellular driver of fibrosis. Indeed, several in vivo lineage tracing studies in murine 
models of fibrotic disease (cardiac, cancer, lung, liver, kidney) have identified as many as 30% of 
myofibroblasts originate from endothelial cells that undergo endothelial to mesenchymal transition 
(EndMT) (Dejana et al., 2017; Hultgren et al., 2020; Jimenez and Piera-Velazquez, 2016; Piera-
Velazquez et al., 2011; Potenta et al., 2008; Welch-Reardon et al., 2015; Zeisberg et al., 2007). 
Additionally, angiocrine signaling from ECs have been shown to control tissue regeneration vs 
fibrotic progression in acute injury models of lung and liver fibrosis (Cao et al., 2016, 2017b; Ding 
et al., 2014). Thus, understanding how biophysical changes that occur over fibrotic progression 
(i.e. accumulation of fibrillar collagen proteins) influence EC function as disease-contributing cells 
may identify novel therapeutic targets to treat fibrotic diseases. 
In this work, we employ a microphysiologic model to recapitulate fibrotic matrix settings 
and affords investigation of matrix-vasculature interactions, specifically the quiescent to invasive 
transition of endothelial tip cells. We identify that fiber density destabilizes endothelium adherens 
junctions, decreases barrier function and increases tip cell formation via mesenchymal transition 
pathways. Transcriptomic and secretomic characterization of fiber-induced tip ECs reveal these 
cells transition towards a fibrosis propagating phenotype and source of TGFβ2. Lastly, we describe 
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a VE-cadherin dependent TGFβ receptor-2 signaling pathway that regulates the susceptibility of 
ECs to TGFβ2-induced apoptosis. 
 
8.4 Results 
8.4.1 In vitro platform to characterize fibrotic ECM properties on angiogenesis 
To better understand the underlying mechanisms that drive the co-evolution of matrix and 
microvasculature over fibrosis (Ehling et al., 2014), we adapted an in vitro model of angiogenesis 
and specifically investigated how fibrotic matrix signatures influence the initiation of angiogenesis 
(i.e. tip cell formation) (Wang et al., 2020). This model is composed of two parallel channels fully 
embedded within user-defined ECM (Figure 8.1a). Here, we utilized 10 mg/ml fibrin hydrogels, 
commonly employed to model wound healing ECM, as fibrosis is often associated as a chronic 
wound that fails to resolve (Tonnesen et al., 2000). One channel is seeded with ECs that self-
assemble into an arteriole-scale parent vessel overnight (16 hours post cell seeding) with a 150 µm 
diameter (Figure 8.1a and Supplementary Figure 8.1a-b). Chemokines can be added to the 
parallel channel to generate a diffusive chemoattractant gradient to drive tip cell formation via 
soluble factors (Figure 8.1a). To confirm this assay is amenable to assessing tip cell formation, 
we introduced a well-established chemoattractant, sphingosine-1-phosphate (S1P) (Paik et al., 
2001; Wang et al., 2020), to the chemokine channel at varying concentrations. Indeed, tip cell 
formation increased with S1P concentration as indicated by an increasing number of tip cells and 
their invasion distance (Figure 8.1b-d). 
As individual properties of fibrin hydrogels are challenging to decouple, namely fiber 
density and stiffness, we implemented a recently established composite materials technique that 
imbues hydrogels with defined fiber segments that have been recently shown to mimic collagen 
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fibrils in idiopathic pulmonary fibrosis settings (Matera et al., 2020). Fiber segments are generated 
via electrospinning of a synthetic polymer solution, dextran vinyl sulfone (DexVS), into fiber 
matrices. Fiber matrices are then photopatterned into defined lengths, collected in solution, and 
functionalized with cell adhesive RGD peptides. DexVS fiber segments are incorporated into 
hydrogel precursor solution at varying concentrations to tune the resultant hydrogel fiber density 
(0 - 2 vol%) and was found to be independent of the Young’s Modulus over this range (Figure 
8.1e-f). Decoupling fiber density with matrix stiffness affords improved mechanistic studies to 
identify how ECs respond to increases in matrix fibril density observed over fibrotic progression. 
Additionally, to model collagen alignment observed in fibrosis, we employed a flow-
induced fiber alignment methodology as previously performed with collagen fibrils (Gong et al., 
2020; Riching et al., 2015). To generate fiber alignment perpendicular to the long axis of the parent 
vessel (0° alignment), hydrogel precursor solution is injected across inserted acupuncture needles 
which generates a fluid flow profile that aligns fibers in the direction of flow. To generate fiber 
alignment parallel to the long axis of the parent vessel (90° alignment), hydrogel precursor solution 
is first injected into the device and subsequent insertion of acupuncture needles generates fluid 
flow profiles to align the fibers in the direction of needle insertion (Figure 8.1g). Prior to cell 
seeding, basement membrane proteins are coated along the channel’s surface, to promote more 
equivalent initial matrix topography cells adhere to within hydrogel conditions of varying fiber 
density. Indeed, 16 hours post cell seeding, parent vessels in control vs fibrous hydrogels possess 
no difference in vessel diameter, cell density, nor permeability (Supplementary Figure 8.1a-b, 
d). However, extending the culture duration an additional 3 days, parent vessels in fibrous 
hydrogels displayed a 5-fold increase in permeability compared to control (Supplementary 
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Figure 8.1c-d). As increased permeability has been associated with tip cell formation, we next 
more closely examined the influence of fiber density on tip cell formation. 
Without the addition of soluble S1P gradients, increasing fiber density resulted in increased 
tip cell formation as quantified by the number of tip cells and their invasion distance (Figure 8.1h-
j). However, fiber alignment parallel to the parent vessel axis (90° alignment), significantly 
reduced the influence of fiber density on tip cell formation (Figure 8.1h-j). Together, both the 
density and alignment of matrix fibrils regulate tip cell formation.  
We selected to use human umbilical vein ECs as our model EC due to their ubiquitous use 
in the literature. To assess whether other tissue-specific ECs respond to fiber-induced tip cell 
formation, we utilized human liver, lung and dermal ECs. Fibrous ECM increased tip cell 
formation in liver and lung specific ECs, however, dermal ECs did not invade in response to 
fibrous ECM (Supplementary Figure 8.2a-c). As a material control for the synthetic DexVS fiber 
segments utilized here, we adapted a recently established approach to generate larger collagen 
bundles that more closely mimic the length scale of native collagen fibrils compared to traditional 
collagen hydrogels (Gong et al., 2020; Matera et al., 2020). Collagen bundles were isolated and 
suspended within fibrin hydrogels and also produced fiber-induced tip cell formation 
(Supplementary Figure 8.3). Lastly, endothelial channels were coated with adipose-derived 
human mesenchymal stem cells (MSC) to model a mural cell-lined endothelium (Alimperti et al., 
2017). Again, fibrous hydrogels resulted in endothelial tip cell formation, in addition to increased 




Figure 8.1: Tunable biomaterial platform to assess fiber-induced tip cell formation.  
a) Schematic of tip cell formation assay. b) S1P-induced tip cell formation over 4-days within 10 
mg/ml fibrin hydrogels at indicated [S1P]. Nuclei (magenta), F-actin (cyan), yellow dashed lines 
indicate parent vessel edge.  c-d) Quantification of number of tip cells and tip cell invasion depth 
as a function of [S1P] from (b). e) 3D rendering of fiber-embedded fibrin hydrogels. Synthetic 
DexVS fiber segments (cyan), fluorescently-labelled fibrin hydrogel (magenta). f) Quantification 
of fiber density and Young’s modulus as a function of input fiber stock volume. g) Flow-induced 
fiber alignment perpendicular (0°) or parallel (90°) to the long axis of the parent vessel. h) Fiber-
induced tip cell formation (with no S1P added to the chemokine channel) over 4-days within 10 
mg/ml fibrin hydrogels and indicated fiber density. Nuclei (magenta), F-actin (cyan), fibers 
(white), yellow dashed lines indicate parent vessel edge. i-j) Quantification of number of tip cells 
and tip cell invasion depth as a function of fiber density. Blue indicates 90° fiber alignment. All 
data presented as mean ± std.; * indicates a statistically significant comparison with P<0.05 (one-
way analysis of variance).  
 
8.4.2 VE-cadherin destabilization decreases barrier function and promotes tip cell invasion 
As fibrous hydrogels resulted in a 5-fold increase of permeability by day 4 of culture, we 
next investigated whether fibrous topography influenced VE-cadherin, a major component of 
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adherens junctions known to regulate endothelium barrier function (Polacheck et al., 2017). To 
achieve sufficient cell quantity for protein isolation and western blot analysis, we first assessed 
VE-cadherin of EC monolayers cultured on ‘flat’ tissue culture plastic compared to fibrous 
matrices of electrospun DexVS (Davidson et al., 2020b; Depalma et al., 2021). In line with 
decreased barrier function as assessed with permeability measurements, EC monolayers cultured 
on fibrous topography resulted in decreased VE-cadherin levels (Figure. 8.2a-b). Additionally, 
immunofluorescence analysis confirmed western blotting results as EC monolayers cultured on 
fibrous matrices resulted in decreased VE-cadherin intensity and junctional thickness (Figure. 
8.2c-d, f). Furthermore, towards understanding the dynamics of VE-cadherin stability, we pulsed 
a fluorescently tagged anti-VE-cadherin antibody that binds to the extracellular domain, thus 
allowing for live cell labeling, and found that after 2-day culture, EC monolayers on fibrous 
matrices expressed decreased pulse VE-cadherin signal intensity (Figure. 8.2c, e). This suggests 
that the decreased VE-cadherin observed in EC monolayers on fibrous topography may be due in 
part to increased rates at which VE-cadherin is internalized and recycled at junctions. 
To further understand the role of VE-cadherin destabilization on tip cell formation, we 
utilized three well-accepted permeability agonists: VEGF, TNFα, and Thrombin (Huynh et al., 
2011; Mehta and Malik, 2006; Van Nieuw Amerongen et al., 2007). Indeed, VEGF, TNFα, and 
Thrombin resulted in decreased VE-cadherin protein levels assessed via western blotting, 
decreased VE-cadherin signal intensity, junctional width, and pulsed VE-cadherin signal intensity 
via immunofluorescence (Figure 8.2i-l). Employing the angiogenesis-on-a-chip platform, 
treatment of parent vessels within control or fibrous hydrogels with EGM2 control, or 
supplemented with VEGF, TNFα, or Thrombin resulted in increased diffusive permeability 
(Figure. 8.2m-n). Within fibrous hydrogels, treatment with these three permeability agonists that 
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destabilized VE-cadherin further increased fiber-induced tip cell formation (Figure. 8.2o-p). 
Furthermore, ECs treated with a VE-cadherin CRISPR-cas9 knockout (VECKO) resulted in 
increased fiber-induced tip cell formation (Figure 8.3a-d). Taken together, VE-cadherin 
destabilization, either through fibrous topography, soluble factors or genetic deletion, resulted in 






Figure 8.2: VE-cadherin destabilization increases vessel permeability and tip cell invasion. 
a-b) VE-cadherin western blot analysis from endothelial cell monolayers cultured on tissue culture 
plastic or electrospun DexVS fiber matrices for 2 days. c) Representative images of endothelial 
cell monolayers cultured for 2 days on glass coverslips or electrospun DexVS fiber matrices. 
Nuclei (blue), VE-cadherin (green), pulsed VE-cadherin (red), F-actin (white). d-f) 
Quantifications of VE-cadherin signal per cell (d), pulsed VE-cadherin signal per cell (e), and VE-
cadherin width (f). g, i) VE-cadherin western blot analysis from endothelial cell monolayers 
cultured on tissue culture plastic treated with EGM2 control media or EGM2 media supplemented 
with 50 ng/ml VEGF, 50 ng/ml TNFα, or 2 U/ml Thrombin for 2 days. h) Representative images 
of endothelial cell monolayers cultured for 2 days on glass coverslips treated with identical 
conditions as in (g). Nuclei (blue), VE-cadherin (green), pulsed VE-cadherin (red), F-actin (white). 
j-l) Quantifications of VE-cadherin signal per cell (j), pulsed VE-cadherin signal per cell (k), and 
VE-cadherin width (l) from conditions in (h). m-n) Diffusive permeability assessment within 
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parent vessels cultured for 4 days in control or fibrous hydrogels with EGM2 control, or EGM2 
supplemented with 50 ng/ml VEGF, 50 ng/ml TNFα, or 2 U/ml Thrombin. White dashed lines 
indicate parent vessel edge (m). o-p) Tip cell formation assessment within fibrous hydrogels with 
indicated treatment groups identical to (n). Nuclei (magenta), F-actin (Cyan), yellow dashed lines 
indicate parent vessel edge (o). All data presented as mean ± std.; * indicates a statistically 
significant comparison with P<0.05 (b, d-f, i: two-sided student’s t-test, j-l, n, p: one-way analysis 
of variance). 
 
8.4.3 Requirements of fiber induced tip cell formation crossover with EndMT processes 
The transition of quiescent vessel-lining ECs into invasive tip cells has previously been 
hypothesized to follow endothelial-mesenchymal transition (EndMT) programming (Hultgren et 
al., 2020; Welch-Reardon et al., 2014, 2015). Towards identifying key molecular regulators of 
fiber-induced tip endothelial cells (FIT-ECs), we utilized a panel of pharmacologic inhibitors 
targeting EndMT-associated pathways. Beyond destabilization or CRISPR-cas9 deletion of VE-
cadherin (Figure 8.2o-p and Figure 8.3a-d), we also investigated the requirements of proteolysis 
and actomyosin contractility. Treatment with marimastat, a broad-spectrum inhibitor of 
proteolysis, decreased both the number of tip cells and their invasion depth as ECs were unable to 
degrade matrix to generate sufficient space to invasion (Figure 8.3e-g). Treatment with a myosin 
II inhibitor (blebbistatin) or ROCK inhibitor (Y27) resulted in decreased tip cell formation as these 
are critical regulators of actomyosin contractility required for cell migration (Figure 8.3e-g). As 
protrusions of FIT-ECs were observed to track along ECM fibrils (contact guidance), we next 
tested whether adhesion to matrix fibers were critical. Indeed, removing RGD, the cell adhesive 
peptide functionalized to fiber segments, reduced tip cell formation (Figure 8.3h-j). Lastly, recent 
studies have highlighted the role of electrospun fiber matrices promoting YAP/TAZ signaling in 
EC monolayers to promote cell migration (Mascharak et al., 2016). To test whether YAP/TAZ 
signaling was at play, we treated ECs with dimethyl fumarate, an inhibitor of YAP/TAZ signaling 
pathway, and resulted in decreased tip cell formation (Figure 8.3h-j). Overall, these 
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pharmacologic inhibitor studies highlight that proteolysis, actomyosin contractility, cell-matrix 
adhesion, and YAP/TAZ signaling are all required for FIT-ECs. Additionally, immunofluorescent 
imaging of EndMT markers also support that mesenchymal transition pathways regulate tip cell 
formation as tip cells were observed to express decreased junctional VE-cadherin, and increased 
expression of YAP/TAZ, SNAI1, and vimentin (Figure 8.3k-m).   
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Figure 8.3: Requirements of fiber-induced tip cell formation crossover with EndMT 
processes.  
a) Western blot confirmation of VE-cadherin CRISPR knockout (VECKO) endothelial cells. b-d) 
Representative images (b) of control vs VECKO tip cell invasion in fibrous hydrogels over 4 days 
and quantification of number of tip cells (c) and invasion depth (d). Nuclei (magenta), F-actin 
(cyan), yellow dashed lines indicate parent vessel edge. e-g) Representative images (e) of control, 
marimastat, blebbistatin, or Y27 treated endothelial cells within fibrous hydrogels over 4 days and 
quantification of number of tip cells (f) and invasion depth (g). h-j) Representative images (h) of 
control, 0 mM RGD coupled fibers, and dimethyl fumarate treated endothelial cells within fibrous 
hydrogels over 4 days and quantification of number of tip cells (i) and invasion depth (j). k-m) 
Relative localization of VE-cadherin (k), YAP (l), and SNAI1 (m) in fiber-induced tip cells vs 
parent vessel within fibrous hydrogels cultured over 4 days. All data presented as mean ± std.; * 
indicates a statistically significant comparison with P<0.05 (two-sided student’s t-test compared 






8.4.4 Fiber-induced tip endothelial cells exhibit fibrosis propagating phenotype 
To further characterize potential changes in FIT-ECs, microarray analysis was utilized to 
characterize changes in gene expression in response to fibrous topography. To achieve sufficient 
cell specificity (isolating tip cells from parent vessel cells) and sample size for gene expression 
measurements, we employed a 3D encapsulation of isolated ECs in control vs fibrous hydrogels 
to model the more isolated tip cell compared to a cell-dense monolayer of cells that reside in the 
parent vessel. 3D encapsulated ECs cultured over 3 days were observed to increase in cell spread 
area and were more polarized, likely due to contact guidance cues provided by ECM fibers (Figure 
8.4a-b). Samples submitted for microarray analysis included confluent EC monolayers cultured 
on tissue culture plastic, confluent EC monolayers cultured within 10 mg/ml fibrin channels 
(vessel), 3D embedded ECs within 10 mg/ml fibrin and 3D embedded ECs within 10 mg/ml fibrin 
containing FD2% fibers (Figure 8.4c). All conditions were cultured for 3 days upon which 
nattokinase (a fibrinolytic enzyme) was utilized to digest fibrin hydrogels affording cell isolation. 
RNA lysates were extracted from each condition and submitted for microarray analysis (Figure 
8.4c).  
Compared to 2D EC monolayers, gene expression was largely unchanged in EC 
monolayers organized within a channel (parent vessel) (Figure 8.4d) while ECs cultured in 3D 
FD0% and FD2% hydrogels resulted in 294 and 1071 differentially expressed genes (Figure 8e-
f). For FD2% conditions modeling FIT-ECs, several Gene Ontology terms were significantly 
changed corresponding to the enhanced tip cell invasion observed in previous studies such as cell 
migration, cell adhesion, angiogenesis, and positive regulation of EMT (Figure 8.4g). Supporting 
the observed increase of SNAI1 expression in fiber-induced tip cells, SNAI1 was observed to also 
significantly increase at the transcriptomic level along with several other EndMT-associated genes 
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such as MMP14 and TGFβ-signaling associated genes (TGFβ2, BMP2, SMAD3) (Figure 8.4h 
and Supplementary Figure 8.5). However, microarray analysis also resulted in decreased genes 
associated with collagen secretion and periostin, two well-accepted markers of myofibroblasts, 
which may suggest FIT-ECs may only adopt a partial EndMT phenotype in lieu of the observed 
full EndMT differentiation into myofibroblasts that may require a defined cocktail of soluble 
factors not introduced in these studies (Medici et al., 2011; Welch-Reardon et al., 2015; Zeisberg 
et al., 2007). Interestingly, we observed TGFβ2 gene expression was uniquely upregulated in ECs 
cultured in FD 2% hydrogels (Figure 8.4h). As the family of TGFβ growth factors has been 
implicated as a main driver of fibrosis, we employed a microfluidic ELISA assay to quantitatively 
measure TGFβ2 secretion levels. Indeed, TGFβ2 secretion was observed to be elevated only in FD 
2% hydrogel conditions (Figure 8.4i). Furthermore, we utilized a cytokine antibody membrane 
array to detect whether other fiber-induced cell secreted cytokines were elevated. An 
inflammation-based cytokine membrane array identified elevated levels of MCP1 (CCL2) and IL8 
(CXCL8) to be increased in FD2% hydrogels compared to ECs cultured as parent vessels (Figure 
8.4j and Supplementary Figure 8.6a-b). Additionally, both CCL2 and CXCL8 were observed to 
be significantly upregulated at the transcriptomic level supporting the findings of the upregulated 
cytokine secretion (Figure 8.4h). Taken together, our data demonstrates fiber-induced tip cells 
present accepted EndMT markers, express differential changes at the gene expression level, and 
increase secretion of pro-fibrotic cytokines leading us to believe FIT-ECs have transitioned 
towards a disease propagating phenotype, but not into bona fide myofibroblasts. 
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Figure 8.4: Transcriptomic and secretomic analyses of fiber-induced tip cells.  
a) 3D embedded ECs within control or fibrous hydrogels cultured over 3 days to model isolated 
tip cells. b) Quantification of projected cell spread area in conditions from (a). c) Microarray study 
schematic. d-f) Volcano plots to visualize differentially expressed genes of RNA lysates collected 
from ECs culture for 3 days as a vessel (d), 3D embedded within FD 0% hydrogels (e), or 3D 
embedded within FD 2% hydrogels (f). g) Significant Gene Ontology terms for FD 2% vs 
monolayer. h) Curated genes of interest differentially expressed in FD 2% vs monolayer 
conditions. i) Microfluidic ELISA quantification of TGFβ2 secretion. h) Cytokine antibody 
 226 
membrane array detection of MCP1 (CCL2) and IL8 (CXCL8). b, i: Data presented as mean ± std; 
* indicates statistically significant comparison with P<0.05 (b: two-sided student’s t-test. i: one-
way analysis of variance).  
 
8.4.5 VE-cadherin dependent TGFβ2-induced apoptosis underlies microvasculature 
rarefaction in late-stage fibrosis 
Our transcriptomic and secretomic analyses implicate FIT-ECs as a fibrosis propagating 
phenotype and a source of TGFβ2 which may promote MF differentiation of other tissue resident 
cells (i.e. fibroblasts) and subsequent increases of TGFβ2 over the course of fibrosis. To 
understand how increased TGFβ2 may influence arteriole-scale vasculature, we treated parent 
vessels in control and fibrous hydrogels with 10 ng/ml TGFβ2. We found that TGFβ2 treatment 
significantly reduced vessel cell density in both control and fibrous conditions compared to 
untreated vessels through TGFβ2-induced apoptosis (Figure 8.5a-b) (Leight et al., 2012). 
However, TGFβ2-induced apoptosis was observed to be more potent in parent vessels within 
fibrous conditions, with increased cells expressing cleaved-caspase-3 (Figure 8.5a-b). As our 
previous studies demonstrated fibrous topography destabilizes VE-cadherin, and because VE-
cadherin stability has previously been shown to regulate downstream signaling and cell response 
to growth factors (e.g. VEGF and VEGFR2 on cell proliferation vs survival) (Dejana, 2004), we 
hypothesized that  TGFβ2 signaling may be influenced in a VE-cadherin dependent manner.  
To test the hypothesis that TGFβ2 signaling is altered by VE-cadherin stability, we first 
modulated VE-cadherin levels of EC monolayers seeded on 10 mg/ml fibrin hydrogels with 
varying cell density where confluent monolayers possessed high levels of VE-cadherin and 
decreased with cell density (Figure 8.5c-d). To assess TGFβ2 signaling, we dosed these conditions 
with TGFβ2 and measured nuclear SMAD3 localization as TGFβ2 binding to TGFβ receptor 
(TGFβR) -1 and TGFβR-2 leads to downstream nuclear translocation of SMAD transcription 
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factor complexes (Weiss and Attisano, 2013). Indeed, lower cell density conditions with decreased 
VE-cadherin resulted in increased SMAD3 nuclear localization (Figure 8.5c-d). Combining all 
cell density conditions together, Pearson’s correlation analyses result in a significant, negative 
correlation between VE-cadherin and nuclear SMAD3 (Figure 8.5e). As varying cell density may 
lead to confounding factors, such as variable paracrine signaling, we next performed mosaic 
studies with control and VECKO ECs at varying ratios as a method to control VE-cadherin stability 
independent of cell density. Increased ratios of VECKO:control ECs resulted in decreased VE-
cadherin and increased nuclear SMAD3 falling in line with our variable cell density results 
(Supplementary Figure 8.7a-c). Additionally, we employed a scratch wound assay to achieve 
variable VE-cadherin stability within the same samples. In scratched regions of the sample, 
invading cells were less dense with decreased VE-cadherin and increased nuclear SMAD3 
compared to regions distanced from the scratch which were more cell dense with increased VE-
cadherin and decreased nuclear SMAD3 (Supplementary Figure 8.8a-c). Lastly, we performed 
these studies comparing control hydrogels with fibrous hydrogels and found that fibrous 
topography without addition of TGFβ2 led to increased nuclear SMAD3 expression and was 
further increased with TGFβ2 treatment (Figure 8.5g-i).  
Towards identifying how VE-cadherin may be influencing TGFβ signaling, we utilized a 
protein-proximity labeling technique (BioID) to identify protein-protein interactions with VE-
cadherin (data not included in current version). Protein lysates from ECs containing VE-cadherin-
BIRA-HA (VE-BioID) were collected and biotinylated VE-cadherin protein complexes were 
extracted with streptavidin. Interestingly, TGFβR2 was identified as a top 15 most abundant 
binding partner with VE-cadherin. This finding may suggest that VE-cadherin inactivates 
downstream TGFβ signaling by directly binding to TGFβR2 therefor offering a protective effect 
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from TGFβ2-induced apoptosis. Overall, these studies demonstrate that high levels of VE-cadherin 
inhibit downstream TGFβ2 signaling, resulting in decreased nuclear SMAD3 expression. Fibrous 
topography destabilizes VE-cadherin, rendering ECs to be more susceptible to TGFβ2-induced 
apoptosis. A common observation in various animal models of fibrosis is microvasculature 
rarefaction towards the late-stage of the disease where both fiber density and TGFβ are heightened 
(Goligorsky, 2010; Magro et al., 2006; Mohammed et al., 2015). Although more studies at the 
proteomic level are required, the identification that VE-cadherin confers protective shielding from 
TGFβ-induced apoptosis may offer a promising therapeutic approach to prevent microvasculature 





Figure 8.5: VE-cadherin dependent TGFβ2 signaling.  
a) Parent vessels in control or fibrous hydrogels treated with 10 ng/ml TGFβ2 for 4 days. Nuclei 
(blue), F-actin (green), cleaved-caspase-3 (red). b) Quantification of vessel cell density within 
control or fibrous hydrogels treated with or without 10 ng/ml TGFβ2. c) Variable EC monolayer 
seeding density on 10 mg/ml fibrin hydrogels treated with 10 ng/ml TGFβ2 for 2 days on VE-
cadherin and SMAD3. Nuclei (blue), SMAD3 (red), VE-cadherin (green), F-actin (white). d-f) 
Quantifications of VE-cadherin intensity (d), nuclear SMAD3 (e), and correlation between VE-
cadherin and SMAD3 (f) for conditions in (c) with or without 10 ng/ml TGFβ2. g) EC monolayers 
cultured on 10 mg/ml fibrin hydrogels with or without an overlying fibrous matrix and with or 
without 10 ng/ml TGFβ2 for 2 days. h-i) Quantifications of VE-cadherin (h) and SMAD3 (i) for 
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conditions in (g). All data presented as mean ± std.; * indicates a statistically significant 




While myriad soluble factors have been identified to activate and direct endothelial tip cell 
invasion (Potente et al., 2011), the role of physical cues presented by the ECM has not been well-
characterized. As tip cell activation and changes in ECM properties, such as fibrillar collagen 
density and organization, have been observed to occur concurrently over physiologic and 
pathologic processes such as fibrosis, this work establishes how specific physical ECM cues may 
regulate tip cell activation. We integrated a recently established microphysiologic model of 
sprouting angiogenesis with a materials fabrication technique to imbue collagen fibril mimetic 
synthetic fibers within 3D hydrogels and identified fiber density destabilizes VE-cadherin cell-cell 
junctions, decreases endothelium barrier function, and increases tip cell activation and invasion 
via mesenchymal transition pathways.  Performing microarray and cytokine detection assays, we 
identified that fibrous topography transition endothelial tip cells towards a fibrosis propagating 
phenotype serving as a source of TGFβ2 and inflammatory cytokines. Lastly, this work identified 
how endothelium responds to excessive TGFβ2 in a VE-cadherin dependent manner, where 
increased VE-cadherin stability offers a protective effect from TGFβ2-induced apoptosis by 
directly binding to TGFβR2. In late-stage fibrosis settings, where TGFβ2 and fibrillar collagen 
density are elevated, these studies provide insight to the molecular mechanisms that underlie the 
common observation of microvasculature rarefaction where fibrous topography of perivascular 
ECM disrupt protective VE-cadherin in endothelium allowing for the release of VE-cadherin-
TGFβR2 complexes and increased TGFβ2-induced endothelial cell apoptosis.  
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8.6 Materials and Methods 
8.6.1 Reagents 
All reagents were purchased from Sigma-Aldrich and used as received, unless otherwise stated. 
 
8.6.2 Microfluidic device fabrication 
3D printed moulds were designed in AutoCAD and printed via stereolithography from 
Protolabs (Maple Plain, MN). Polydimethylsiloxane (PDMS, 1:10 crosslinker:base ratio) devices 
were replica casted from 3D printed moulds, cleaned with isopropyl alcohol and ethanol, and 
bonded to glass coverslips with a plasma etcher. Devices were treated with 0.01% (w/v) poly-l-
lysine and 0.5% (w/v) L-glutaraldehyde sequentially for 1 hour each to promote ECM attachment 
to the PDMS housing, thus preventing potential hydrogel compaction from cell-generated forces. 
160 µm stainless steel acupuncture needles (Lhasa OMS, Weymouth, MA) were dip-coated with 
1% (w/v) gelatin to reduce hydrogel fracture, inserted into each device and sterilized. Hydrogel 
precursor solution was then injected into each device and polymerized around each set of needles. 
Hydrogels were hydrated in EGM2 media at 37℃ overnight (or greater than 12 hours) to dissolve 
the gelatin layer and needles were removed to form 3D hollow channels fully embedded within a 
crosslinked hydrogel and positioned 500 µm away from PDMS and glass boundaries. A chilled 
solution of 100 µg/ml matrigel diluted in PBS was added to endothelial channels and allowed to 
adsorb onto the hydrogel channel surface at 4°C overnight. Matrigel solution was then rinsed with 
PBS twice followed by incubation in EGM2 media.  
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8.6.3 Dextran vinyl sulfone polymer synthesis 
Dextran (molecular weight 86,000 Da, MP Biomedicals, Santa Ana, CA) was modified 
with vinyl sulfone groups as in (Matera et al., 2019, 2020; Yu and Chau, 2012). Dextran (5 g) was 
dissolved in 0.1 M sodium hydroxide solution (250 mL) at room temperature. Divinyl sulfone 
(3.875 ml, Thermo Fisher Scientific, Waltham, MA) was added and the reaction was carried out 
for 4 minutes with vigorous stirring (1500 RPM) at room temperature. The reaction was terminated 
by adjusting the pH to 5.0 with the addition of hydrochloric acid. The reaction product was 
dialyzed against milli-Q water for 3 days with two solvent exchanges daily. The dialyzed reaction 
product was the lyophilized for 3 days to obtain the pure product, which was then characterized 
by 1H-nuclear magnetic resonance spectroscopy in D2O. The degree of vinyl sulfone 
functionalization was calculated as the ratio of the proton integral (6.91 ppm) and the anomeric 
proton of the glucopyranosyl ring (5.166 and 4.923 ppm); here a vinyl sulfone/dextran repeat unit 
ratio of 0.16 was determined. 
 
8.6.4 Fiber segment fabrication 
DexVS fiber segments were generated as in (Matera et al., 2020). DexVS was dissolved at 
0.6 g ml−1 in a 1:1 mixture of Milli-Q water and dimethylformamide with 0.015% Irgacure 2959 
photoinitiator and 0.5 mM methacrylated rhodamine (Polysciences Inc., Warrington, PA). This 
polymer solution was utilized for electrospinning within an environment-controlled glovebox held 
at 21°C and 30% relative humidity. Electrospinning was performed at a flow rate of 0.3 ml hour−1, 
gap distance of 5 cm, and voltage of −10.0 kV onto a grounded collecting surface attached to a 
linear actuator. Fiber layers were collected on glass slabs and primary cross-linked under 
ultraviolet light (100 mW cm−2). After polymerization, fiber segments were resuspended in a 
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known volume of phosphate-buffered saline (PBS) (3 ml). The total volume of fibers was then 
calculated via a conservation of volume equation: total resulting solution volume = volume of 
fibers + volume of PBS. After calculating total fiber volume, solutions were re-centrifuged, 
supernatant was removed, and fiber pellets were resuspended to create a 10 volume % fiber 
solution, which were then aliquoted and stored at 4°C. To support cell adhesion, 2 mM 
arginylglycylaspartic acid (RGD, CGRGDS; GenScript, George Town, KY) was coupled to vinyl 
sulfone groups along the DexVS backbone via Michael-type addition chemistry for 30 min, 
followed by quenching of excess VS groups in a 300 mM cysteine solution for 30 min. 
 
8.6.5 Hydrogel formulations 
Fibrin hydrogels were prepared with fibrinogen from bovine plasma dissolved in PBS at 
50 mg ml-1 stock concentrations. 10 mg ml-1 fibrinogen was prepared in PBS and crosslinked with 
thrombin (6 units per mg of fibrinogen) for 20 minutes at 37℃. For fibrous hydrogels, DexVS 
fiber segments were incorporated within the fibrin hydrogel precursor solution over a 0-2% v/v 
density. To generate fiber alignment perpendicular to the long axis of the parent vessel (0° 
alignment), fibrin precursor solution containing fibers were injected such that flow across 
acupuncture needles (rigid cylinder) generated a flow profile that aligned fibrils in the direction of 
flow. To generate fiber alignment parallel to the long axis of the parent vessel (90° alignment), 
fibrin precursor solution containing fibers were first injected into the device. Subsequent insertion 
of acupuncture needles generated flow profiles to align fibers in the direction of needle insertion. 
To generate collagen bundle-embedded fibrin hydrogels, type I collagen rat tail (4.8 mg ml-1) was 
adjusted to a pH of 7.4 with sodium hydroxide and PBS on ice. Next, 80°C MQ water was added 
in a 1:1 ratio (2.4 mg ml-1 final concentration) and immediately vortexed for 30 seconds. Collagen 
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bundles form immediately during vortexing and were isolated via centrifugation (500 g for 4 
minutes). 
 
8.6.6 Mechanical testing 
Young’s modulus of each hydrogel condition was measured using atomic force microscopy 
(AFM; Nanosurf, Liestal, Switzerland) in contact mode. Indentations were made at a loading rate 
of 2 µm/s with silicon nitride cantilevers (AppNano, Mountain View, CA) with a nominal spring 
constant of 0.046 N/m and a 5 μm diameter spherical glass bead. Force-displacement curves were 
taken at a minimum of 3 regions on each hydrogel and fit to the Hertz model assuming a Poisson’s 
ratio of 0.5 to estimate the elastic modulus. 
 
8.6.7 Device cell seeding and culture 
Human umbilical vein, liver, lung, and dermal endothelial cells (Lonza, Switzerland) were 
cultured in endothelial growth media (EGM2, Lonza). HUVECs were passaged upon achieving 
confluency at a 1:4 ratio and used in studies from passages 4 to 9. Liver, lung, and dermal ECs 
were passaged at a 1:4 ratio and used in studies from passages 2 to 6. A 10 µl solution of suspended 
ECs (10 million cells ml-1 density) was added to one reservoir of the endothelial channel and 
inverted for 30 minutes to allow cell attachment to the top half of the channel, followed by a second 
seeding with the device upright for 30 minutes to allow cell attachment to the bottom half of the 
channel. ECs reached confluency and self-assembled into stable parent vessels over 24 hours. 
Media and chemokines were refreshed every 24 hours and devices were cultured with continual 
reciprocating flow utilizing gravity-driven flow on a seesaw rocker plate at 0.33 Hz. S1P-induced 
tip cell formation was performed with 0-50 nM S1P diluted in EGM2 media and was added only 
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to the chemokine channel for 3 days after 16 hours post cell seeding. Fiber-induced tip cell 
formation studies were cultured in EGM2 media alone for 3 days after 16 hours post cell seeding. 
Agents for permeability agonist and pharmacologic dosing studies were incorporated into EGM2 
media and added to both the endothelial and chemokine channels for 3 days after 16 hours post 
cell seeding. Human mesenchymal stem cells were cultured in high-glucose DMEM containing 
5% fetal bovine serum and 1% P/S and were passaged upon achieving confluency at a 1:3 ratio 
and used from passages 3-6. hMSCs were first seeded into device channels as described above, at 
a 10 µl solution of 1.5 million cells ml-1. Endothelial cells were seeded as described above 1 hour 
after hMSCs seeding and attachment.  
 
8.6.8 Diffusive permeability measurements 
Diffusive permeability was quantified as in (Polacheck et al., 2017, 2019). Briefly, 
fluorescent dextran (70 kDa Texas Red, Thermo Fisher) was incorporated into EGm2 media at 
12.5 µg ml-1 and dextran diffusion was imaged at 1 second intervals to measure flux of dextran 
from endothelium into the ECM. The resulting diffusion profile was fitted to a dynamic mass-
conservation equation as in (Adamson et al., 1994) with the diffusive-permeability coefficient (PD) 
defined by J = PD(cvessel − cECM), where J is the mass flux of dextran, cvessel is the concentration of 
dextran in the vessel, and cECM is the concentration of dextran in the perivascular ECM. 
 
8.6.9 Western blotting 
Samples for western blotting were collected from confluent EC monolayers cultured on 
tissue culture plastic or electrospun fiber matrices for 2 days after cell seeding and were treated 
with either EGM2 media, or EGM2 media containing 50 ng ml-1 VEGF (peprotech), 50 ng ml-1 
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TNFα, or 2 U ml-1 Thrombin. To collect protein lysates, cells were collected with a cell scraper in 
chilled PBS solution and centrifuged to generate cell pellet. PBS supernatant was removed and 
replaced with RIPA buffer containing protease and phosphatase inhibitors. Following freeze 
fracture of cell membranes (10 minutes at -80°C), samples were centrifuged for 10 minutes at 
20,000 g, and the supernatant was collected containg the purified protein lysate. Protein lysate 
concentrations were measured using a BCA assay, and 30 µg ml-1 protein was loaded into a 4-20% 
Tris-Glycine Novex wedge well. Proteins were separated with electrophoresis for 90 minutes at 
120V in running buffer. Protein gels were then transferred to a PVDF membrane for 60 minutes 
at 20V in transfer buffer at 4°C. PVDF membranes were then blocked in 5% w/v blocking grade 
milk buffer, and stained with primary antibodies [VE-cadherin (1:1,000, santa crux biotechnology) 
and β-tubulin (1:10,000, Proteintech)] overnight on an orbital shaker at 4°C. Membranes were then 
rinsed in TBST and stained with HRP and imaged on a blot dock. 
 
8.6.10 Transcriptomic analysis 
Samples for microarray analysis included 1) confluent EC monolayers cultured on tissue 
culture plastic, 2) confluent EC monolayers cultured within 10 mg ml-1 fibrin hydrogel channels 
within the angiogenesis-on-a-chip device, 3) single, 3D embedded ECs within FD 0% 10 mg ml-1 
fibrin hydrogels and 4) single, 3D embedded ECs within FD 2% 10 mg ml-1 fibrin hydrogels. All 
conditions were cultured for 3 days upon which nattokinase (100 fibrinolytic units ml-1) was 
incorporated into EGM2 media for 15 minutes to digest the surrounding fibrin hydrogel. ECs were 
pelleted and RNA isolation was performed via RNeasy mini kit per manufacturer’s protocol. 
Purified RNA samples were submitted to the University of Michigan Sequencing Core for 
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microarray analysis. Gene expression data was analyzed utilizing Advaita Bioinformatics 
software. 
 
8.6.11 Secretomic analysis 
To assess how fibrous topography influenced EC cytokine secretion, we employed a 
recently established microfluidic ELISA and an antibody cytokine detection array membrane. For 
both assays, samples were cultured for 7 days, with supernatant media refreshed every 2 days. 
Thus, conditioned media collected for analysis contained 2 days of cell secreted factors (i.e. days 
5-7). As cell-secreted factors, such as TGFβ2 may secreted and bound to the extracellular matrix 
(i.e. latent TGFβ complexes), the fibrin hydrogel was digested utilizing nattokinase as described 
above. To stabilize TGFβ2 cytokines, hydrochloric acid was added to conditioned media to pH5 
only for TGFβ2 measurements. All samples were stored at -80°C and thawed immediately prior 
to cytokine detection assays. Microfluidic ELISA was performed as previously described in detail 
in (Tan et al., 2017). Antibody cytokine detection array membrane was performed per 
manufacturer protocol.  
 
8.6.12 VE-cadherin dependent TGFB2 signaling studies 
 For all SMAD3 studies ECs were first treated with mitomycin C (20 µg ml-1 for 2 hours) 
to inhibit cell proliferation and control cell density. For variable cell density SMAD3 studies, ECs 
were seeded onto 2D 10 mg ml-1 fibrin hydrogels (18 mm coverslips treated with poly-l-lysine and 
l-glutaraldehyde) at a low (25 K cells cm-2), medium (50 K cells cm-2) and high (100 K cells cm-
2) cell density. The following day, samples were treated with 0 or 10 ng ml-1 TGFβ2 (Peprotech) 
in EGM2 media (without serum or fibroblast growth factor (FGF) as FGF has previously been 
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shown to inhibit TGFβ signaling) for two days with media refreshed daily. For mosaic SMAD3 
studies, control and VECKO ECs were seeded at varying ratios (0, 50, 75, and 100% VECKOs) at 
a constant 100 K cells cm-2 density on 2D 10 mg ml-1 fibrin hydrogels. TGFβ2 treatment was 
identical as described above. For fibrin hydrogel vs fibrin hydrogel + fibers studies, fibrin hydrogel 
+ fibers conditions were generated by electrospinning DexVS fiber matrices onto a dried gelatin-
coated coverslip. A solution of fibrin hydrogel was then added to the DexVS fiber matrix with a 
second glutaraldehyde treated coverslip placed on top. After fibrin polymerization and hydration, 
the dried-gelatin coverslip was removed, resulting in a DexVS fiber matrix adhered on top of a 
fibrin hydrogel-coated glutaraldehyde coverslip. ECs were seeded on to fibrin and fibrin+fibers 
hydrogels at a 100 K cells cm-2 density and dosed with TGFβ2 identical as described above. For 
scratch wound studies, glass coverslips were seeded with ECs at 100 K cells cm-2 density and 
scratched with a P1000 tip the following day and dosed with TGFβ2 identical as described above 
except only for 1 day as at longer timepoints ECs were observed to close the scratch region.  
 
8.6.13 Fluorescent staining 
Samples were fixed with 4% paraformaldehyde and permeabilized with a PBS solution 
containing Triton X-100 (5% v/v), sucrose (10% w/v), and magnesium chloride (0.6% w/v) for 1 
hour each at room temperature. AlexaFluor 488 phalloidin (Life Technologies, Carlsbad, CA) was 
utilized to visualize F-actin. 4’, 6-diamidino-2-phenylindole (DAPI, 1 µg ml-1) was utilized to 
visualize cell nucleus. To visualize VE-cadherin, YAP, SNAI1, vimentin, or SMAD3, samples 
were sequentially blocked in bovine serum albumin (0.3% w/v), incubated with primary antibody 
[mouse monoclonal anti-VE-cadherin (1:500, Santa Cruz Biotechnology), mouse monoclonal anti-
YAP (1:500, Santa Cruz Biotechnology), rabbit monoclonal anti-SNAI1 (1:500, Cell Signaling 
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Technologies), mouse monoclonal anti-vimentin (1:500) rabbit monoclonal anti-SMAD3 (1:500, 
Cell Signaling Technologies)], and incubated with secondary AlexaFluor 647 goat anti-mouse or 
anti-rabbit IgG (H+L) (1:1000, Life Technologies) each for 1 hour at room temperature. For VE-
cadherin pulse studies, a mouse monoclonal anti-VE-cadherin antibody (55-7H1 clone) pre-
conjugated with AlexaFluor 647 was added to cell culture media (1:500) for 30 minutes followed 
by media rinses as described in (Neto et al., 2018).  
 
8.6.14 Microscopy and image analysis 
Fluorescent images were captured on a Zeiss LSM800 confocal microscope. To quantify 
tip cell formation, the number and distance of tip cells were measured in FIJI. Tip cells were 
defined morphologically as the leading cell of an invading strand or as a single invading cell. VE-
cadherin signal intensity was quantified by summing the total VE-cadherin signal and normalizing 
to the number of cells in each field of view. Nuclear SMAD3 intensity was quantified by first 
masking the SMAD3 signal with a nuclear mask, then summing SMAD3 intensity and normalizing 
to the number of cells in each field of view. Performing these analyses on a field of view basis 
allowed for Pearson’s correlation analysis between nuclear SMAD3 and VE-cadherin. 
Measurements of VE-cadherin junctional width was performed as described previously (Bordeleau 
et al., 2017; Huynh et al., 2011; Van Nieuw Amerongen et al., 2007). Briefly, high resolution 
images of VE-cadherin were acquired on a confocal microscope. Images across conditions were 
thresholded under the same parameters. A line orthogonal to the long axis of the junction was 




Statistical significance was determined by one-way analysis of variance (ANOVA) or two-
sided student’s t-test where appropriate, with significance indicated by p<0.05. Sample size is 
indicated within corresponding figure legends and all data are presented as mean ± standard 
deviation. 
 
8.6.16 Data availability 
The data that support the findings of this study are available from the corresponding author 
upon reasonable request. 
 
8.7 Supplementary Material 
 
Supplementary Figure 8.1: Consistent parent vessels in control vs fibrous ECM after 16 
hours of cell seeding.  
a) Representative images (max intensity projection) of parent vessels cultured in control vs FD 2% 
hydrogels with channels coated in basement membrane proteins. b) Quantification of vessel cell 
density and diameter. c) Fluorescent dextran diffusion in control vs FD 2% hydrogels on Day 4 
culture. d) Quantification of diffusive permeability of control and FD 2% hydrogels on Day 1 and 
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4.  All data presented as mean ± std.; * indicates a statistically significant comparison with P<0.05. 
n.s. indicates a non-statistically significant comparison (b: two-sided student’s t-test and d: one-
way analysis of variance). 
 
 
Supplementary Figure 8.2: Fiber density promotes tip cell formation in liver and lung, but 
not dermal endothelial cells.  
a) Representative images (max intensity projection) of liver, lung, and dermal endothelial cells 
cultured over 4-days in control or FD 2% hydrogels. Nuclei (magenta), F-actin (cyan). b-c) 
Quantification of number of tip cells and tip cell invasion depth for conditions in (a). All data 







Supplementary Figure 8.3: Isolated collagen bundles embedded within fibrin hydrogels.  
a) Collagen bundles were generated as in (Gong et al., 2020), isolated with centrifugation and 
embedded within 10 mg/ml fibrin hydrogels. Endothelial cells were cultured for 6 days. Nuclei 




Supplementary Figure 8.4: Fiber density promote tip cell formation with hMSC-coated 
endothelium.  
Representative images (max intensity projection) of hMSCs and endothelial cells cultured over 4-




Supplementary Figure 8.5: Differentially expressed genes under “positive regulation of 




Supplementary Figure 8.6: Human inflammation antibody membrane array.  
a) Membrane array cytokine map. b) Intensity-based response of captured antibodies from media 
control, or conditioned media collected from cells cultured as a parent vessel, 3D embedded within 




Supplementary Figure 8.7: Mosaic EC monolayers to modulate VE-cadherin stability.  
a) High cell density EC monolayers of control and VECKO ECs at varying ratios (indicated as % 
VECKOs) treated with 10 ng/ml TGFβ2 for 2 days and seeded on 10 mg/ml fibrin hydrogels. 
Nuclei (blue), SMAD3 (red), VE-cadherin (green), F-actin (white). b-c) Quantification of VE-
cadherin and nuclear SMAD3 expression for mosaic control and VECKO monolayers treated with 
or without 10 ng/ml TGFβ2. All data presented as mean ± std.; * indicates a statistically significant 





Supplementary Figure 8.8: Scratch wound assay to modulate VE-cadherin stability.  
a) Monolayer vs scratch regions within the same sample treated with 10 ng/ml TGFβ2 for 1 day. 
Nuclei (blue), SMAD3 (red), VE-cadherin (green), F-actin (white). b-c) Quantification of VE-
cadherin and nuclear SMAD3 expression in monolayer vs scratch regions treated with or without 
10 ng/ml TGFβ2. All data presented as mean ± std.; * indicates a statistically significant 
comparison with P<0.05 (one-way analysis of variance).
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Chapter 9:   Conclusions and Future Directions 
 
9.1 Summary of findings 
Cell migration is an iterative and adaptive process that involves intimate interactions with 
dynamically changing extracellular matrix (ECM) microenvironments. Chapter 2 highlighted the 
diversity of both cell migration modes and native tissue structures and their interdependency 
observed in in vivo contexts. As controlling cell migration and ECM properties is challenging in 
vivo, the cell migration field has turned towards a long history of in vitro cell migration platforms 
that have iteratively increased in complexity to better recapitulate cell migration in physiologic 
contexts. A critical missing ingredient in previous standard cell migration assays has been the lack 
of tunable biomaterials that incorporate the fibrous architecture of native tissues. As fibrillar matrix 
proteins, such as collagen type I, are the predominant ECM component in native tissues, this thesis 
focused on designing biomimetic microsystems that incorporated this key matrix feature. 
This thesis employed various microsystems that ranged in complexity from 2D 
micropatterned lines, 3D synthetic fiber matrices, and microphysiologic devices of sprouting 
angiogenesis composed of natural-derived hydrogels (collagen and fibrin), synthetic DexVS 
hydrogels with tunable micropores, and synthetic fibrous hydrogel composites (electrospun fiber 
segments embedded within 3D hydrogels). Overall, using such microsystems, this thesis examined 
cell migration mechanoreciprocity over various timescales. Over shorter timescales (minutes to 
hours), Chapters 3-4 examined cell migration mechanoreciprocity of fibroblasts and cancer cells 
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(Wang et al., 2018, 2019). Over intermediate timescales (hours to days), Chapters 5-7 examined 
cell migration mechanoreciprocity of collective endothelial cell migration during angiogenesis 
(Wang et al., 2021a, 2020, 2021b). Over longer timescales (days to months), Chapter 8 examined 
how changes in fibrotic matrix signatures influence the activation of endothelial tip cell formation 
and their transition towards a fibrosis propagating phenotype. Overall, with improved 
understanding of how cell and matrix states spatiotemporally coevolve during cell migration will 
provide new insights to promote fibroblasts to repair wound sites, direct endothelial cell sprouts to 
vascularize ischemic or engineered tissue grafts and inform new therapeutic strategies to confine 
otherwise metastatic cancer cells to the primary tumor.  
 
9.2 Future directions 
9.2.1 3D printing approaches to engineer microvasculature 
The vascularization challenge remains an outstanding hurdle for the clinical translation of 
large, engineered tissue replacement therapies (Kim et al., 2021; Novosel et al., 2011). With 
increasing size (>500 µm thickness), engineered tissue grafts are diffusion-limited resulting in 
hypoxic microenvironments unsuitable for cell survival and function. Through Chapters 5-7, this 
thesis employed a cell migration and biomaterials approach to address the vascularization 
challenge by identifying critical ECM design criteria that promote functional angiogenesis. 
However, a key finding from these chapters is that vascularization via sprouting angiogenesis 
requires a slow and steady approach to generate perfusable, anastomosed neovessels (around 100-
150 micron invasion per day) (Wang et al., 2020). Thus, the time required to vascularize large 
tissue engineered constructs relying solely on host angiogenesis may bypass the time window to 
rescue cell viability upon implantation. 
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Recent advances in 3D printing approaches have demonstrated that the incorporation of 
perfusable channels within cell-dense tissue constructs can rescue cell viability (Grigoryan et al., 
2019; Miller et al., 2012; Skylar-Scott et al., 2019). Approaches such as Sacrificial Writing Into 
Functional Tissue (SWIFT) utilize sacrificial ink to 3D print various channel architectures such as 
straight, helical, or branched channels with a minimum channel diameter resolution of 400 µm 
(Skylar-Scott et al., 2019). However, a major limitation of current 3D printing approaches is the 
lack of micron-scale resolution as the majority of nutrient/waste exchange occurs most efficiently 
at the microvascular length scale (Huxley and Rumbaut, 2000). Thus, an approach that integrates 
angiogenesis from 3D printed arteriole-scale parent vessels, similar to the length scale modeled in 
Chapters 5-7 (300 µm diameter), may be a suitable future approach to rapidly generating 
microvasculature in large tissue grafts. For example, an array of arteriole-scale channels printed at 
defined distances with alternating endothelial and chemokine source channels to drive 
angiogenesis and microvascular formation within stromal spaces in between and could be scaled 
to achieve large, microvascularized tissue constructs. 
Another current limitation of many 3D printing approaches is the biomaterial. Most 3D 
printing materials employ natural-derived materials that are more susceptible to resorption upon 
in vivo implantation as identified in Chapter 7. While this rapid resorption may be desirable in 
some applications, for example in wound healing contexts where the implanted material is 
eventually replaced by cell-derived matrix, in other contexts such as the design of β-cell 
containing, extra-pancreatic implants to treat type I diabetes, longer term implant stability is 
required (Headen et al., 2018; Weaver et al., 2018). Thus, a major next step in 3D printing 




9.2.2 Advancing pro-angiogenic synthetic biomaterials 
Synthetic hydrogels with sets of orthogonally tunable properties have driven the 
mechanobiology field forward by affording mechanistic studies on how specific matrix properties 
regulate cell function (Li et al., 2017a; Vining and Mooney, 2017). However, many current 
synthetic biomaterials fail to accurately recapitulate the fibrous and microporous architecture of 
native tissues (Weigelin et al., 2012). As highlighted in this thesis, matrix fibrils critically influence 
how cells sense, polarize, exert forces, remodel matrix, alter gene expression, and directionally 
migrate within ECM. Continued advancement of composite, synthetic hydrogels that incorporate 
fibrillar and/or microporous properties will help inform how cells interact with ECM in more 
physiologic contexts. In this thesis, composite hydrogels containing either fibrillar ECM or 
micropores (sacrificial microgels) were employed. An immediate next step is incorporating both 
fibrillar and micropore features towards enhancing functional angiogenesis in synthetic hydrogels. 
Chapter 8 identified that fibrous cues promote the activation of quiescent endothelial cells into 
more invasive, tip cells via endothelial-mesenchymal transition. While this work focused on how 
matrix fibers induce a fibrosis propagating phenotype, further alterations of microenvironmental 
cues may maintain a partial EndMT tip cell state in lieu of a full EndMT transition into fibrosis 
propagating phenotypes. In combination (fibers + micropores), fibers may provide persistent 
contact guidance cues to direct tip cell formation and EC sprouting while micropores provide 
sufficient space in 3D to allow for sprout lumenization. 
Matrix porosity encompasses a wide parameter space, yet to be carefully explored. The 
individual pore size and shape, and overall density or interconnectivity of pores all likely influence 
angiogenesis. Indeed, recent studies employing microporous annealed particles (MAP) hydrogels, 
where the pores lie in between microgels, thus yielding high interconnectivity, has demonstrated 
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enhanced angiogenesis and even hair neogenesis in dermal wound healing settings (Griffin et al., 
2015, 2021). Overall, the continued advancement of tunable synthetic hydrogels with increasing 




9.2.3 Dynamic characterization of cell and matrix states 
To continue advancing our understanding of how cell and matrix states coevolve will 
require integration of multidisciplinary characterization techniques that probe cell-matrix 
interactions. In this thesis, lentiviral-based transduction of live-cell reporters and timelapse 
imaging was performed to characterize dynamic morphologic changes. However, cells also 
dynamically respond to matrix properties at the transcriptional level. The incorporation of methods 
such as Transcriptional Activity Cell aRray (TRACER) could provide dynamic assessment of 
transcription factor activity in response to changes in matrix state (Aguado et al., 2015). 
Additionally, advances in FRET-based molecular tension sensors have enabled the measurement 
of forces across cytoskeletal proteins and have provided key insights into mechanotransduction 
(Grashoff et al., 2010; Ham et al., 2019). However, both TRACER and molecular tension sensor 
approaches rely on relative fluorescent intensity to a baseline and, thus far, have been restricted to 
2D culture studies. Employing these approaches in 3D settings will require improvements in 
imaging capabilities or z-dependent references due to fluorescent imaging attenuation in 3D.  
In parallel to developing and integrating dynamic characterization tools of cell states, 
advances in characterizing matrix states are also a key future direction. In this thesis we tracked 
fluorescently-labelled matrix to identify morphologic changes (e.g. alignment, density), embedded 
bead deformations (e.g. fiber stretch), and collagen hybridizing peptides to assess relative matrix 
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degradation. While many mechanobiology-focused studies carefully characterize initial matrix 
states, several matrix properties are altered by cell-mediated processes. To characterize these 
dynamic changes, recent technologies should be integrated such as 1) metabolic labeling of 
secreted proteins to examine matrix deposition (Loebel, C, Mauck, RL, Burdick, 2019), 2) FRET-
based protease microgels to assess protease activity (Leight et al., 2013; Shin et al., 2018), 3) 
magnetic bead microrheology to spatially characterize matrix stiffness at cell-relevant length 
scales (Juliar et al., 2018; Krajina et al., 2021), or 4) acoustically responsive scaffolds to 
spatiotemporally control matrix porosity (Aliabouzar et al., 2020; Huang et al., 2021). Overall, the 
continued development and deployment of such techniques will be essential in further elucidating 
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